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Abstract 
 

This study evaluates the benchmarking and applicability of the CASA method for the analysis of fibrous 
plants, such as flax, hemp, and jute. Lignin, a phenolic biopolymer present in plant cell walls, is 
composed of three primary monomeric units, designated as G, S, and H. Various factors, including 
genetic variability, influence the relative proportions of these units in plant samples. Recently, the CASA 
(Cysteine-Assisted Sulfuric Acid) method has been introduced as a rapid method for the quantification 
of lignin in wood samples. This study aims to establish a suitable molar absorption coefficient (ε, 
L·g⁻¹·cm⁻¹) to adapt the CASA method for use with annual plant fibers. The investigation was motivated 
by the technical advantages of the CASA method, including higher throughput, lower reaction 
temperatures, and ecological benefits due to the absence of CMR (carcinogenic, mutagenic, or 
reprotoxic) substances, as well as the requirement for minimal sample quantities. In this method, lignin 
solubilization is facilitated by cysteine, an amino acid that enhances the reaction kinetics, allowing for 
a one-hour incubation period. However, as with any spectrophotometric technique, CASA depends on 
a molar absorption coefficient (ε) that varies according to the ratio of aromatic units within the polymer. 
To evaluate the suitability of CASA for quantifying lignin in economically significant plant fibers, we 
investigate the impact of unit ratios on the accuracy of ε. The results are compared with two widely 
recognized lignin analytical methods: the Klason method, a gravimetric reference method, and the 
Acetyl Bromide Soluble Lignin method, the currently most commonly used spectrophotometric 
approach. The final ε obtained in this study reveals a relative difference in lignin content ranging from 
-8% to +9% when comparing CASA with the Klason method across different industrial hemp varieties. 
Based on known G:S ratios in annual fibrous plants, ε can be estimated from our results. 
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Annual plants are botanical species that complete their life cycle within a single growing season. 
The stem fibers of these plants serve a dual purpose – they facilitate nutrient storage [1,2] and support 
the plant’s structural integrity, allowing for an upright growth habit. To achieve this, the fibers must 
provide stiffness, strength, and elasticity to the stems. The cell walls of these fibers primarily consist of 
crystalline cellulose, with accompanying components such as amorphous lignin, pectin, and 
hemicellulose, along with minimal amounts of protein [1,3-6]. Lignin, a hydrophobic phenolic polymer, 
significantly influences the hydrophobicity and mechanical strength of plant fibers. It is composed of 
three types of phenylpropanoid units, guaiacyl (G), syringyl (S), and p-hydroxyphenyl (H) units that are 
derived from the hydroxycinnamyl alcohols coniferyl, sinapyl, and p-coumaryl alcohols, respectively 
[7]. The relative proportions of these units can vary widely among different species, plant organs, 
tissues, and even within specific fractions of the cell wall [1,8].  

Among annual plants, industrial hemp (Cannabis sativa L.) is a versatile crop cultivated globally, 
including on marginal lands [9]. The seeds are harvested for food and feed [10] and for lipids production 
[11]. The stems are also of considerable interest. The central portion, referred to as “hurds” or “shives,” 
[12], provides material reinforcement and is commonly utilized as animal bedding [13,14]. Bast fibers 
derived from the phloem tissue are employed in the production of composite materials and textiles [15-
17]. These fibers can be classified into primary bast fibers, originating from the procambium, and 
secondary bast fibers, generated by the vascular cambium [2,18]. Primary and secondary fibers exhibit 
significant differences in dimensions and physical properties [19]. The technical product obtained 
through mechanical extraction results in long fiber bundles that consist of groups of individual cells or 
single fibers adhered by components of the middle lamella [1,20,21]. Other annual plants enriched in 
fibers, such as flax (Linum usitatissimum L.) [16], jute (Corchorus capsularis L.) [22], nettle (Urtica 
dioica L.) [23], or sisal (Agave sisalana PER.) [24] have been investigated for the same purposes. These 
fibers possess varying mechanical, thermal, as well as end-use properties, and are increasingly 
recognized as sustainable alternatives to industrially-made fibers [19,25,26] and for producing bio-based 
composites with desirable properties [27].   

In order to predict the properties of natural fibers, research has been conducted to identify 
correlations between biochemical markers and the intrinsic characteristics of these fibers [4,28-30]. 
Studies have established connections between the chemical composition of fibers and their hygroscopic 
or thermal properties [31-33], as well as between lignin content and the mechanical properties of the 
fibers [19,34,35]. A high Pearson correlation coefficient has been observed in nanoindentation 
measurements of individual hemp fibers [36]. Lignin also influences fiber yield and post-extraction 
properties, including variations in tensile or compressive stiffness as measured by Young’s modulus 
[37,38]. It is therefore imperative to accurately measure the composition of the fibers and, by extension, 
the fiber bundles to optimize the properties of the resultant biobased composite materials. 

 
Several analytical methods are available to quantify the lignin content in samples (Table 1). The 

standard method is the Klason method [39,40], a gravimetric technique that requires a substantial 
quantity of material, typically in the gram range. This method involves the hydrolysis of cell wall 
polysaccharides using sulfuric acid (H₂SO₄) and subsequent gravimetric determination of the insoluble 
lignin residue. However, the Klason Lignin (KL) method is time-consuming, requiring approximately 
two days to complete, and necessitates specialized laboratory glassware for each analysis, limiting the 
number of samples that can be processed simultaneously. Other methods commonly used are the Acetyl 
Bromide Soluble lignin (ABSL) [41,42] and the Acid Detergent Lignin (ADL) methods [39]. The ABSL 
method utilizes a spectrophotometric approach wherein the sample is dissolved through acetylation of 
hydroxyl groups and bromination at benzylic positions. Following this, additional reagents are applied 
to terminate the reaction, and the absorbance of the hydrolyzed sample is measured at 280 nm [41]. The 
ADL method was developed by Van Soest [43] as an alternative to Klason Lignin and is optimized 
specifically for herbaceous samples and typically for ruminant nutrition studies. It also employs H₂SO₄ 
for hydrolysis, but adds detergent for penetrability and protein removal, and operates under different 
acid concentration and temperature conditions. The thioglycolic acid (TGA) method estimates lignin 
content by forming thioethers with the alcohol groups in lignin, producing modified lignins that are 
soluble under alkaline conditions but insoluble under acidic conditions [44]. Although this method has 
seen improvements that reduce experimental duration, it still requires a significant sample size of around 



3 
 

80 mg [45]. Moreover, results from the ABSL method are generally considered more accurate than those 
from TGA [41], although ABSL can suffer from interference from the production of UV-absorbing 
components, particularly pentoses [46]. Other non-destructive methods, such as Nuclear Magnetic 
Resonance [47,48], have been investigated. Although NMR provides benefits for structural 
characterization, it is costly and time-consuming, necessitating specialized procedures for quantitative 
analysis [48]. Non-destructive methods can be integrated with chemical techniques to gain a deeper 
understanding of the inherent structure of lignin prior to its dissolution. This approach would allow for 
the determination of the monomeric composition of lignin and improve the accuracy of subsequent 
lignin content analyses. 

Key parameters, including procedure duration, sample mass requirements, and the generation of 
ecotoxic byproducts, are crucial for the rapid and systematic quantification of lignin content, particularly 
in phenotyping campaigns. The recently developed CASA (Cysteine-Assisted Sulfuric Acid, 2021) 
method addresses many of these technical limitations [49]. Like the ABSL method, CASA is a 
spectrophotometric technique but utilizes greener chemical reagents and achieves shorter reaction times 
due to the improved kinetic dissolution of lignins in sulfuric acid facilitated by cysteine, an amino acid. 
Molar absorption coefficients have been determined for woody samples containing significantly higher 
lignin levels than fibrous annual plants. Further validation is needed to confirm the suitability of CASA 
for quantifying lignin in low-lignin-content plant biomass, particularly considering that the proportion 
of the H monomer is often negligible in trees [49], potentially introducing bias in measurements. We 
therefore first compared the efficiency of CASA, KL, and ABSL methods using six different annual 
fibrous plants [flax, hemp, jute, nettle, sisal, and Brachypodium (Brachypodium distachyon L.)]. 
Secondly, we estimated a coefficient of molar absorption to be applied to the hemp material. We end 
this work by constructing an easy-to-use Abaqus simulation model that links the unit ratios and the 
molar absorption coefficient of lignin at 283 nm for other sample sources. 
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Table 1. Comparative table of analytical techniques to determine the lignin content in biomass. 

 
Materials and Methods  

 
Chemical products  

All the chemical products were supplied by Sigma-Aldrich (Saint Louis, Missouri, USA) except for 
the sulfuric acid supplied by VWR (Radnor, Pennsylvania, USA).  

 

Plant Materials 

Five fiber-enriched plants and five Hemp industrial varieties have been studied in this work (Table 2). 
The five different industrial varieties of Hemp were cultivated at the Wehnen trial site of the Weser-
Ems Chamber of Agriculture in Oldenburg, Germany, under fertilization conditions of 100 kg N/ha and 
a sowing density of 200 seeds/m². The stems were manually harvested without being subjected to retting, 
and the leaves were removed by hand. The harvested stems were dried indoors at 18 °C and 45% 
humidity before being processed. The decortication of hemp stems was carried out with a laboratory 
breaker [51]. After the decortication, the fiber bundles were refined with a coarse separator [37]. 
Brachypodium distachyon L. was grown in a growth cabinet with 18 h of light at 21 °C as described in 
[52] 

 

Method Reference Type 
Quantity of 

sample 
needed 

Procedure 
duration 

Other limits or 
sensitivity 

Supposed 
ecological 

impact 

Relative 
difference 

from Klason 

Klason Lignin 
(KL) [39] Gravimetric High 

(> 1 g) 
Long 

(>2 days) 
Sensitive to 

proteins High / 

Thioglycolic 
Acid Lignin 

(TGA) 
[39] Absorbance 

Spectroscopy 
Medium 
(80 mg) 

Medium 
(1 day) 

β-O-4 linkage-
specific Medium -15 % 

Acetyl 
Bromide 
Soluble 
Lignin 

(ABSL) 

[41] Absorbance 
Spectroscopy 

Low 
(30 mg) 

Medium 
(1 day) 

Sensitive to 
polyphenols 
(as Tannins) 

or cell 
residues 

High +15 % 

Acid 
Detergent 

Lignin (ADL) 
[39] Gravimetric High 

(> 1 g) 
Long 

(>2 days) 
Sensitive to 

proteins High ±20 % 

FTIR [50] Spectroscopy 

Medium 
(1 g) and 

non-
destructive 

Quick 
(Half-day) 

Not diagnostic 
or quantitative Low N/A 

Solution- or 
Solid-state 

NMR 
[50] 

Nuclear 
Magnetic 

Resonance 

Medium 
(100 mg) 
and non-

destructive 

Quick 
(Half-day) 

Advanced data 
refining Low N/A 

Cysteine-
Assisted 

Sulfuric Acid 
Lignin 

(CASA) 

[49] Absorbance 
Spectroscopy 

Low 
(30 mg) 

Quick 
(Half-day) 

Tested only on 
woody 
samples 

Low 8 % 
This work 
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Table 2. Overview of the samples analyzed in this study 

 

Microscopy 

Using a scanning electron microscope Phenom Pure G6 Desktop (Thermo-Fischer Scientific, 
Waltham, MA, USA), images of each sample were captured at an acceleration voltage of 10 kV and a 
pressure of 1 Pa using the LV detector. Fiber bundles were cut and pasted to carbon pellets before being 
placed on a sample holder. The various fibrous plant samples were imaged prior to analysis (Fig. 1a and 
1b).  

 

Botanic Species Origin Washed (AIR)  
Not washed (RAW) Sample name Reference 

Flax 
(Linum 

usitatissimum) 

Bolchoï Variety, 2017, 
France 

AIR F-AIR 
[53] 

RAW F-RAW 

Hemp 
(Cannabis sativa) 

Fedora 17 Variety, 
France, 2016 

AIR H-AIR 
[54] 

RAW H-RAW 

Jute 
(Corchorus 
capsularis) 

Tossa Variety, Bengal 
AIR J-AIR 

[55] 
RAW J-RAW 

Nettle 
(Urtica doica L.) 

Stinging nettle of Roville 
clone, Doncières, France 

AIR N-AIR 
[56] 

RAW N-RAW 

Brachypodium 
(Brachypodium 

distachyon) 
Bd21-3 

AIR B-AIR 
[52] 

RAW B-RAW 

Sisal 
(Agave sisalana) 

Provided by PUC-Rio, 
Brazil, and cultivated in 
Valente, Bahia, North of 
Brazil by the company 

APAEB 

AIR S-AIR 
[56] 

RAW S-RAW 

Hemp  
(Fasamo) 

Industrial Hemp 
(details below) 

RAW Fasamo 

Details 
below 

Hemp  
(Fedrina 74) RAW Fedrina 

Hemp  
(USO 31) RAW USO 

Hemp 
(Fedora 17) RAW Fedora 

Hemp 
(Felina 34) RAW Felina 
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Fig. 1b. SEM images cross-section of fiber bundles extracted from samples. a) Brachypodium, b) flax, c) hemp, d) jute, e) 
nettle, f) sisal. 

 

1. Sample preparation for lignin analysis  

Approximately 600 mg of each raw sample of flax, hemp, jute, sisal and nettle were ground using a 
freezer/mill 6770 SPEX SamplePrep, a small cryogenic mill (Horiba Scientific, Kyoto, Japan), and 
termed X-RAW, in which X is the initial of the botanic specie (B: Brachypodium; F: flax; H: hemp; J: 
jute; S: sisal; N: nettle).  

 Prior to the analysis, a solvent-extraction step may be necessary to isolate the cell wall material. 
Soluble compounds were extracted from 200 mg of raw samples with 40 mL of absolute ethanol in a 
water bath at 60 °C for 1 h before being centrifuged for 10 min at 1459 × g. The liquid phase was 
removed, and three additional washes were performed similarly. A colorimetric test was performed to 
verify the absence of free sugars [57,58]. The washed samples were called Alcohol-Insoluble Residues 
(AIR). 

ABSL and CASA methods were performed on batches X-Raw and X-AIR (Table 2) to determine 
the usefulness of this step on lignin quantification by spectroscopy. We assessed the relative difference 

Fig. 1a : SEM images of fiber bundles extracted from samples. a) Brachypodium, b) flax, c) hemp, d) jute, e) nettle, f) sisal. 
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induced by this solvent-extraction step and the possible interference of soluble compounds. The 
uncertainty arising from this step is calculated by: 

  

EQ 1: Calculation of the uncertainty arising from the Alcohol-Insoluble washing step 

𝑀𝑖𝑛𝑖𝑚𝑢𝑚	𝑡𝑜𝑡𝑎𝑙	𝑢𝑛𝑐𝑒𝑟𝑡𝑎𝑖𝑛𝑡𝑦	𝑜𝑛	𝑡ℎ𝑒	𝑓𝑖𝑛𝑎𝑙	𝑣𝑎𝑙𝑢𝑒 =
∆𝑚
𝑚

+ 5	3	 × (
∆𝑣
𝑣
+ 0.01)	= × 100 = 3.8% 

With Δm = uncertainty of the balance (0.1 mg), m = mass weighed (200.0 mg), “3” = number 
of washing steps, Δv = uncertainty of the volume delivered by the pipette (0.1 mL), v = volume selected 
(40.0 mL), “0.01” is the fraction – or percentage 1% – of lignin dissolved in absolute ethanol that we 
set arbitrarily according to the most optimistic scenario for solubilization of the lignin in absolute 
ethanol, in which only 1% of the lignin was dissolved in this organic solvent. This last value reflects the 
Hildebrand solubility parameter (δ = 26.5 MPa1/2), the Hansen solubility parameter (δ = 15.8 MPa1/2) of 
absolute ethanol, the results of published studies [59,60], and lastly on recommendations from the thesis 
of Bouxin [61].  

 

2. Klason lignin (KL) content 

Total KL determination has been performed following the “Acid-insoluble lignin in wood and pulp” 
TAPPI 222 om-02 normalized method with slight modifications [62,63]. Ground powder (300 mg) of 
the X-Raw sample was hydrolyzed by 5 mL of 72% sulfuric acid solution for 1 h at room temperature 
under agitation with glass beads. The sample was then diluted with 193.5 g of ultrapure water to reduce 
the sulfuric acid concentration to 3% prior to autoclaving for 1 h at 120 °C. After cooling, the hydrolysate 
was filtered through a 48 mm sintered glass funnel filter with porosity 3. The residue is washed twice 
using 800 mL ultrapure water to achieve a neutral pH. The funnel with acid-insoluble residue was dried 
at 105 °C for 16 h and then cooled in a desiccator. The dried insoluble residue, representing the KL 
content, was determined by weighing. Each sample was assayed in duplicate. 

 

3. Acetyl Bromide Soluble Lignin method (ABSL) 

An adaptation of the ABSL method [42] was utilized wherein 7 mg of each sample were dissolved 
in 1.5 mL of glacial acetic acid (HOAc) and 0.5 mL of AcBr. The mixture was heated for 2 h and 30 
min at 55 °C with a stirring of 500 rpm using an MB-102 thermomixer (Bioer, Potsdam, Germany). 
After cooling to room temperature for 10 min, 200 µL of the sample was added to 3 mL of a 
NaOH/HOAc solution (250 mL glacial HOAc and 45 mL of 2 M NaOH). Hydroxylamine hydrochloride 
(500 µL) was quickly added, and the mixture was homogenized. The absorbance was measured at 280 
nm after precisely 1 h using a UV 3100 PC spectrophotometer (VWR, Radnor, Pennsylvania, USA). 
Based on Beer-Lambert’s law, the lignin content was calculated from:  

EQ 2: Beer-Lambert’s Law applied to the AcBr method 

 C = !
"	.%

 

With A = Absorbance measured at 280 nm, ε = extinction coefficient (20 L.g-1.cm-1), l = length of 
the light path = 1 cm, and C = lignin content (g.L-1) 

 

4. Cysteine-Assisted Sulfuric Acid method (CASA) 

The method presented in [49] was adapted to measure the lignin content. Approximately 10 (±0.1) 
mg of previously ground powder of X-Raw samples were weighed for the experiment. The powder was 
dissolved in 1 mL of a mixture at 1 g/L L-cysteine in 72% sulfuric acid for 1 h, at 24 °C with a stirring 
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at 500 rpm using an MB-102 thermomixer (Bioer, Potsdam, Germany). Samples were diluted 10× with 
distilled water before absorbance measurement and diluted 10× if the absorbance was greater than 1.000 
u.a. (resulting in a total dilution factor of 100, as has been used for Brachypodium and jute). Absorbance 
was measured at 283 nm with a UV 3100 PC spectrophotometer (VWR, Radnor, Pennsylvania, USA). 
The same process was applied to samples X-AIR in order to measure the effect of the washing step on 
the result. The total lignin content was calculated with the EQ 2, with an absorption coefficient based 
on the results of the KL and the ABSL techniques.  

 

5. Thioacidolysis for the aromatic lignin unit distribution 

This method is adapted from [64] and [65]. Briefly, 10 mg of alcohol-insoluble cell wall residue (AIR) 
were incubated in 3 mL of dioxane with ethanethiol (10%) and BF3-etherate (2.5%) and 0.1 mL of 
internal standard solution (heneicosane C21, 2.5 mg/mL, diluted in CH2Cl2) at 100 °C for 4 h. NaHCO3 
(0.2 M, 3 mL) was added after cooling and mixed before adding 0.1 mL of HCl (6 M). The tubes were 
vortexed after adding 3 mL of dichloromethane, and the lower organic phase was collected in a new 
tube before concentration under a nitrogen atmosphere to approximately 0.5 mL. A 10 μL aliquot was 
then trimethylsilylated (TMS) with 100 μL of N,O-bis(trimethylsilyl) trifluoroacetamide, and 10 μL of 
ACS-grade pyridine. Aliquots (1 μL) of the trimethylsilylated samples were injected into an Agilent 
5973 Gas Chromatography-Mass Spectrometry system. Selected-ion chromatograms reconstructed at 
m/z 239, 269, and 299 were used to quantify H, G, and S lignin monomers, respectively, and compared 
to the internal standard at m/z 57, 71, 85. 

 

6. Calculation of the Pearson Correlation Coefficient (PCC) 

The PCC (Fig. 2) examines the relationship between two variables and determines the influence of 
one on the other. This coefficient varies from -1 to +1 and corresponds to the “r” of the linear regression 
curve f(x)=y, where x and y are the two variables. If the PCC is equal to -1 or +1, there is a strong 
correlation between the two sets of data; conversely, if the PCC is close to 0, there is no correlation. 

EQ 3: Pearson’s correlation coefficient equation 

𝑟 = 	
𝑛 ∑𝑥𝑦 − (∑𝑥 ∑𝑦)

D𝑛∑𝑥& − (∑𝑥)&D𝑛∑𝑦& − (∑𝑦)&
 

Where n = number of values x and y  

 

Fig. 2. Graphical representation of the Pearson Correlation. 

 

 

 

r = -1 r = +1 r = 0 
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Results and discussion 
 

1. Alcohol-Insoluble Residue (AIR): Necessity of the washing step 

For KL, ABSL, and CASA methods, the determination has historically been carried out on the 
isolated cell wall material, commonly termed the Alcohol-Insoluble Residue (AIR). The solvent 
extraction step is necessary before performing the lignin quantification to remove cellular metabolism 
artifacts and some polyphenols not attached to the fiber cell wall that can lead to an overestimation of 
the total lignin content in the sample [66]. Because some researchers choose to circumvent this step, we 
examined the ramifications of not extracting and using the whole biomass versus using the AIR. 

The necessity of this step was assessed by comparing the relative differences between the results 
obtained on pre-extracted samples (X-AIR) vs. unextracted biomass (X-RAW) (Fig. 3). Fiber bundles 
from fibrous plants do not contain high levels of soluble compounds compared to other plant biomass. 
Lignin content consequently varies only slightly between non-extracted and extracted samples, 
regardless of the technique. We calculated a mean relative difference of 0.91% with specific values 
ranging from 0.3% for sisal to 2.1% for flax when the ABSL method was used. When CASA was used, 
the mean relative difference was slightly higher (1.24%), with values ranging from 0.37% for hemp to 
2.7% for jute; the difference was 0.42% for jute and less than 0.1% for all the other annual fibrous plants, 
including flax.  

Fig 3. Relative difference in lignin content (%) between samples according to an Insoluble-Alcohol Residues washing step or 
not, using the “Acetyl Bromide Soluble Lignin” and the “Cysteine-Assisted Sulfuric Assisted” methods. 

The impact of solvent-extracting the stem on lignin quantification for annual plant fibers was 
therefore determined to be very low. According to EQ1, it even causes more inaccuracy (at least 3.8% 
relative difference) than with the improvements in estimating the lignin content for these materials. 

 
2. Determination of the UV absorption coefficient ε and its relationship to aromatic lignin unit 

ratio G:S:H 

We obtained contrasting results between the KL and the ABSL methods (Fig. 4). The KL method 
is a gravimetric method, the ABSL is spectrophotometric, and a mean relative difference of 15% has 
already been determined [41]. For flax, the KL method led to higher values than ABSL, whereas we 
obtained the opposite for sisal and Brachypodium, with an overestimation of lignin by the ABSL method 

0.91%

1.24%
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compared to Klason. For hemp, jute, and nettle, lignin contents were almost equivalent between all 
methods, and there was no significant difference using a T-Test (95% confidence level). 

Fig. 4. Lignin content (%) measured by KL and ABSL methods on different botanical species. 

Lignin structure and composition may impact the dissolution under acidic conditions. Indeed, the 
monomers are bonded by different inter-unit linkages, requiring distinctly different energies to break 
and/or solubilize. Each type of aromatic unit has a slightly different molar absorption coefficient at a 
given wavelength. To determine the most appropriate absorption coefficient, a CASA experiment on the 
X-Raw samples was performed using six replicates. Then, the CASA ε was calculated based on KL or 
ABSL contents (Table 3).   

Table 3. Monomer content, ratios, calculated molar absorption coefficients, and Pearson correlations for each annual plant. 

 

The outcomes established a range of ε from 7.14 L.g-1.cm-1 (sisal) to 22.68 L.g-1.cm-1 (flax). We 
linked these values to the lignin unit ratio determined from the distribution of monomers used in 
lignification in the samples. Monomer composition was assessed by thioacidolysis (Table 3), and from 

Sample %G %S %H S/G H/S H/G 
ε (L .g-1.cm-1) 

calculated based 
on ABSL method 

calculated based 
on KL method 

Flax 93% 2% 5% 0.02 2.22 0.05 22.6 11.0 

Nettle 65% 35% 1% 0.53 0.02 0.01 17.4 14.5 

Hemp 62% 38% 0% 0.61 0.00 0.00 15.5 11.4 

Jute 26% 73% 0% 2.77 0.01 0.01 11.8 11.3 

Brachypodium 29% 67% 5% 2.31 0.07 0.16 11.4 13.2 

Sisal 25% 75% 0% 3.02 0.00 0.00 7.1 10.0 

PCC ε based on 
ABSL method (r²) 0.96 -0.96 0.46 -0.93 0.75 -0.04 1.00 0.26 

PCC ε based on 
KL method (r²) 0.12 -0.13 0.15 -0.31 -0.25 0.33 0.26 1.00 
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the %G, %S, and %H values, we determined the ratio S/G, H/S, and H/G ratios. Thioacidolysis degrades 
lignin by cleaving β-O-4 bonds. Only the non-condensed units are therefore analyzed, and the monomer 
distribution represents only a fraction of the total lignin [64,65,67]. The results obtained (Table 3) reflect 
various distributions in the ratio of the monomers G:S:H among the different phylogenetic species; 
samples having mainly G-lignin included hemp (93%), flax (93%), and nettle (69%), whereas jute and 
sisal had primarily S-lignin (73% and 83%, respectively). H-lignin is always minor, with a ratio varying 
from <1% (jute, sisal, and nettle) to 6% in hemp. We surmised that the molar absorption coefficient ε 
relied on the aromatic unit distribution. It can, therefore, fit into a full equation, including the absorption 
contributed by each monomer:  

EQ 4: Relation between molar absorption coefficient and monolignol ratio, derived from EQ 2 : 

For lignin content, with l . C = %Lignin in the sample 

A = ε	.%Lignin 

 

Via the CASA method, lignin may be cleaved into small pieces. The overall absorbance is contributed from 
the three types of aromatic units derived from the three monolignols, with various efficiencies  

A&'()* = Kε	+,-./).)	&'()* . GM + Kε	0,-./).)	&'()* . S	M + (	ε	1,-./).)	&'()* . H	) 

 

By replacing the various espilons by x, y, and z to simplify the equation, and adding interaction coefficients, 
we can write the following: 

A&'()* = ε	23)34./)345	&'()* 	× 	%Lignin  

ε	23)34./)345	&'()* = [	𝒙	 × 	 (𝑮) 	+ 	𝒚	 × 	 (𝑺) 	+ 	𝒛	 × 	 (𝑯)] 	+ [	𝒖	 × 	 (𝑺 𝑮⁄ ) 	+ 	𝒗	 × 	 (𝑯 𝑺⁄ ) 	+ 	𝒘	 ×	(𝑯/𝑮)] 

With: 

• ε	23)34./)345	&'()*  = total molar absorption coefficient (L.g-1.cm-1);  
• G, S, and H = proportion of G-Lignin, S-Lignin, and H-Lignin (in %); 
• G + H + S = 1;  
• x, y, and z = molar absorption coefficients (respectively from G-lignin, S-lignin, and H-lignin) 

(L.mol-1.cm-1);  
• u, v, and w = overlapping coefficients between two absorbance peaks (respectively S/G, H/S, 

and H/G). 

The Pearson Correlation Coefficient (PCC) was calculated (EQ3) to verify that monomer percentage 
and ratios were relevant (Table 3). For calculations based on ABSL results, the G-lignin ratio, S-lignin 
ratio, and S/G are the most pertinent factors for calculating ε, with an R2 above 0.90. The H/S ratio also 
seemed to have an influence (R2 = 0.75). However, based on KL results, no factor was decisive for the 
calculation of the applicable ε. Indeed, each absolute value of PCC was lower than 0.35, meaning there 
was no correlation between the ε based on Klason results and the monomer ratio. Finally, there was a 
low correlation between the KL or ABSL related to the calculated ε (R2 = 0.26), meaning that there was 
a significant difference when using one of the other methods.  

 

3. Verification of the accuracy of the previously determined ε and optimization of this coefficient 
on five hemp industrial varieties 

As described in the previous paragraph, we determined two absorption coefficients for hemp: one 
calculated from the results of Klason (εhemp,KL = 11.47 L.g-1.cm-1) and one from ABSL (εhemp,ABSL = 15.55 
L.mol⁻¹.cm⁻¹). In order to determine which absorption coefficient is the most accurate compared to the 



12 
 

KL reference method, we calculated the relative difference (%) with the EQ4 between KL and CASA 
on five industrial hemp varieties (Fig. 5).  

 

Fig. 5. Comparison of lignin content in industrial hemp varieties obtained by KL and CASA methods, with Epsilon calculated 
based on KL and ASBL content of annual plant fibers. (a) significative difference (T-Test 95% with Klason). (b) no significative 
difference (T-Test 95% with Klason). 

 

EQ 5: Calculation of the relative difference (%) between results obtain with Klason and CASA 

Relative	difference	(%) = 1 −	
Lignin	content	obtained	with	CASA	method

Lignin	content	obtained	with	Klason	reference	method
 

 

Utilizing εhemp,ABSL lead to a lower relative difference between CASA and Klason for the industrial 
hemp varieties than the results obtained via εhemp,KL of 11.47 L.mol-1.cm-1. Specifically, with the 
calculated εhemp,ABSL of 15.55 L·mol⁻¹·cm⁻¹, three out of five industrial hemp species exhibited a relative 
difference of less than 5% when compared to KL (Table 4), as calculated using EQ4. Only Fedora 17 
demonstrated a relative difference exceeding 15%, specifically 16.5%, which represents a significant 
difference between KL and ABSL for the same variety mentioned in the literature [41]. Using εhemp,KL 
of 11.47 L.mol-1.cm-1 led to an overestimation of the lignin content in every industrial hemp with the 
CASA method. None of the results are in the confidence zone with a Student’s T-Test with a 95% degree 
(Fig. 5). This significant difference can likely be attributed to the distinct methodologies employed in 
each technique to determine εhemp,ABSL and εhemp,KL. KL utilizes a thermogravimetric approach. Lignin is 
condensed during the process and depends less on the chemical structure of lignins, so the result itself 
is not impacted by the monomeric distribution. On the other hand, ABSL solubilizes the whole wall 
material and, in principle, measures all aromatics by spectrophotometry, as does CASA. These two 
methods also exhibit the same high sensitivity to the structural variations in aromatic lignin unit 
distributions, as well as to the precise chemical composition of the samples. Small chemical structural 
changes involving phenolic groups can induce notable shifts in the absorbance spectra, impacting the 
measurement of lignin content. Unsaturated side-chains associated with phenolic structures can further 
influence the optimal wavelength for aromatic absorption, thereby affecting the accuracy of the results 
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[49]. From these results, the εhemp,ABSL of 15.55 L·mol⁻¹·cm⁻¹, has been selected as the most suitable 
molar absorption coefficient (ε) for lignin analysis of hemp fibers with the CASA method.  

 
There are slight variations in the accuracy of CASA depending on the hemp variety. To elucidate 

the relative differences observed (Fig 5.), thioacidolysis was conducted on the same hemp cultivars. The 
results are presented in Table 4 and are compared to the hemp H-Raw sample, which have been utilized 
to determine the extinction coefficient εhemp,ABSL of 15.55 L.mol⁻¹.cm⁻¹. The absolute value of the relative 
difference in the syringyl-to-guaiacyl (S/G) ratio between industrial hemp and H-Raw aligns with the 
relative difference in lignin content as measured by KL and CASA (Fig. 6). Specifically, H-Raw 
exhibited a lower S/G ratio of 0.608, in contrast to the industrial hemp varieties that had an average S/G 
ratio of 0.745 ± 0.036. 

Table 4. Relative difference (%) of lignin content in industrial hemp varieties measured by KL and CASA using the previously 
determined ε = 15.55 L.g-1.cm-1, and the relative composition of monomers released by thioacidolysis. 

 

Fig. 6. Relative difference in lignin content between KL and CASA methods, and in S/G, between H-Raw and the five industrial 
hemp varieties. 
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 Thioacidolysis has elucidated the relationship between the absorption molar coefficient (ε) and the ratio 
of aromatic lignin units, specifically guaiacyl (G), syringyl (S), and p-hydroxyphenyl (H) units. The 
kinetics of hydrolysis are influenced by the lignin composition. Monolignols are interconnected through 
various chemical bonds, with the β-O-4 ether bond being particularly significant in the dissolution 
kinetics [68]. The hemp used for the previous calculation doesn’t have a ratio representative of the hemp 
diversity, leading to a high difference in lignin content between KL and CASA. Further calculation led 
to an optimized ε	6789	&'(:8 = 17.03	 ± 1.30	L. g,;. cm,;	as a mean value. The relative difference varies 
from +9% to -8% (Fig. 7), with a mean relative difference of zero (0%).  

 
Fig. 7. Lignin content in industrial hemp varieties measured by KL (reference) and CASA, using an ε of 17.03 L.g-1.cm-1 

4. Mathematical correlation between ε and the ratios of aromatic lignin units ratio G:S:H  

The existence of a correlation between the aromatic unit ratio and the ε has been highlighted in this 
study. In order to simplify the future use of the CASA method to analyze lignin content in biomass, 
linear correlations have been plotted (Fig. 8). These allow researchers to quickly estimate the ε to use 
depending on the monomer content. As shown in Table 3, G-lignin and S-lignin contents are the most 
relevant factors to estimate ε. S/G is also a suitable candidate for plotting correlation curves with ε. H-
lignin contents were too low to accurately conclude anything about their impact on the molar absorption 
coefficient. ε	23)34./)345	&'()*  can be calculated with the equations for the various linear regression (Fig. 8):  

 

EQ5 :  ε	23)34./)345	&'()* =
(%𝐆−𝐥𝐢𝐠𝐧𝐢𝐧	+	𝟎.𝟐𝟎𝟐𝟏)

𝟎.𝟎𝟒𝟖𝟗
 

EQ6 :  ε	23)34./)345	&'()* =
(%𝐒−𝐥𝐢𝐠𝐧𝐢𝐧	−	𝟏.𝟐𝟏𝟏𝟗)

−𝟎.𝟎𝟓𝟎𝟖
 

EQ7 :  ε	23)34./)345	&'()* = 	f%𝐒−𝐥𝐢𝐠𝐧𝐢𝐧	
%𝑮−𝒍𝒊𝒈𝒏𝒊𝒏

− 𝟒. 𝟕𝟓𝟏𝟒g ÷ (−𝟎. 𝟐𝟐𝟑𝟒) 
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EQ5 and EQ6 are highly accurate, with an R2 correlation factor of 0.9150 and 0.9254, whereas using 
S/G (EQ7) is slightly less so, with an R2 = 0.8636.  

 

Fig. 8. Abaqus of molar absorption coefficient and different monomer ratios and percentages to determine the most suitable ε 
to apply to the CASA experiment. 

 

Conclusion  
This study demonstrated that the CASA method is a readily applicable technique for measuring 

lignin content in annual fibrous plants and low-lignin biomass. This method is faster than the Klason 
reference method and allows for the simultaneous analysis of multiple samples. CASA offers several 
advantages, including a lower reaction temperature for lignin dissolution and the use of standard 
reagents instead of carcinogenic, mutagenic, and reprotoxic (CMR) substances. It also requires less 
sample mass. 

However, the CASA method relies on a molar absorption coefficient (ε) that is affected by the 
monomer ratio of the analyzed sample. In the annual plant fiber bundles studied, ε varied from 7.14 to 
22.68 L·g⁻¹·cm⁻¹. Compared to the widely used ABSL spectrophotometric method, the results obtained 
through CASA are more accurate, showing a relative difference of -8% to +9% when compared to the 
Klason reference across a batch of five industrial hemp varieties. To achieve these results, an optimized 
ε for hemp was calculated to be 17.03 L·g⁻¹·cm⁻¹. 

To facilitate the application of these results in other studies, linear correlations have been established 
to quickly determine the appropriate molar extinction coefficient at 283 nm based on the monomer ratio 
of the analyzed sample. It is important to note that the guaiacyl:syringyl (G:S) ratios were obtained 
through thioacidolysis, which quantifies the monomers released after the cleavage of labile linkages. It 
could be interesting to investigate the monomer ratio with a non-destructive method, such as quantitative 
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NMR [48,69], before quantifying the lignin content with the CASA method to determine the most 
suitable ε for the experiment.  
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