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Abstract 
 
Nanoparticles (NPs) hold tremendous promise for diverse applications in fields such as imaging, sensing, 
nanorobotics, and for optical and electronic materials. These applications often require precisely controlled 
interactions between multiple NPs or between NPs and other components. Hence, the organization of NPs 
into composite materials has been an active area of research. DNA origami nanotechnology offers a 
promising path forward with unparalleled control over complex nanoscale geometry and functionalization, 
programmed dynamic and mechanical properties, stimulus response to local or externally applied triggers, 
and capability of assembly into higher-order 1D, 2D, or 3D materials. Furthermore, DNA origami self-
assembly is rapid and scalable, overcoming limitations of top-down NP organization methods. In this 
review, we outline the challenges, recent advances, and opportunities for NP-DNA origami composites. 
We go into depth on aspects of DNA origami that enhance materials function, such as dynamic actuation, 
and we discuss practical aspects involved in making NP-DNA composites. Whereas the vast majority of 
research in NP-DNA origami composite synthesis focuses on gold NPs, these methods can be generalized 
to other DNA-coated NPs, and therefore more broadly establish a path towards functional NP-DNA origami 
composites. We envision this review will serve as a guide to materials science and engineering researchers 
to pursue new materials based on NP-DNA composites. 
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1 Introduction 
Whereas the last 20 years have yielded a variety of methods to synthesize and characterize individual 
nanoparticles (NPs) comprised of a wide variety of materials [1-4], their organization and integration into 
larger structures remains a significant challenge [5]. Careful arrangement of NPs at the nanoscale is a task 
more easily envisioned than executed [6, 7], and further advancement in these materials must follow from 
an advancement in the methods for arranging nanoscale components into functional composites with 
emergent properties. Traditionally, methods for forming NP arrays and lattices have been broadly divided 
into top-down or bottom-up assembly. Although technological breakthroughs have provided remarkable 
advances in existing techniques for top-down NP assembly, these approaches are time and energy intensive 
with limited reliability below ~100 nanometer length scales [8, 9]. In contrast, bottom-up, self-assembly 
approaches driven by molecular interactions can overcome energy limitations of top-down assembly, but 
may lack fidelity [10, 11]. Despite development and optimization of a variety of self-assembly strategies 
[12, 13], precise control over the spatial and directional arrangement of NPs into complex 3D architectures 
has been difficult to achieve with current techniques. New assembly strategies for the controlled 
organization of NPs and the resulting metamaterials are crucial for generating advanced, dynamic 
nanomaterials that leverage and control the emergent behaviors of NPs. 
 
Deoxyribonucleic acid (DNA) nanotechnology offers a potential path forward. DNA nanotechnology has 
provided a novel approach to self-assemble materials for a variety of applications [14-21]. Whereas DNA 
has been extensively studied for its ability to encode genetic information, structural DNA nanotechnology 
does not focus on the biological functions of DNA, but instead utilizes DNA as a structural building block 
for addressable, bottom-up fabrication with nanometer or even sub-nanometer precision [22]. In particular, 
specific Watson-Crick interactions [23] between complementary base pairs (bps) of DNA are utilized to 
engineer complex 1D, 2D, and 3D nanostructures via sequence dependent oligonucleotide binding. This 
combination of nanoscale geometric precision and complexity with addressability allows DNA 
nanostructures to serve as programmable templates for the organization of a wide range of inorganic and 
organic NPs [24]. NP assembly and integration with higher-order structures permits effective utilization of 
the emergent properties of NPs for practical applications in electronics [25], photonics [26], biosensors 
[27], and medicine [28]. Individual NP-DNA composite units can be designed to interact with each other 
to form higher-order structures for the development of materials with properties programmed from the 
bottom-up. 
 
The integration of DNA nanotechnology with NPs can be divided into several sub-areas, ranging from the 
use of simple DNA duplexes to assemble NPs [29] to assemblies where the DNA itself is folded into a 
nanostructure to provide greater geometric control over NP positioning. The most widely used methods to 
make DNA nanostructures include the method of DNA tiles (i.e., repeating unit with secondary structure) 
[30, 31] and DNA origami methods. DNA origami structures are comprised of a circular DNA unit, 
typically derived from M13mp18 bacteriophage, that is folded into a larger 2D or 3D structure using 
“staples”, short single-stranded DNA oligonucleotides (ssDNA) with sequences complementary to portions 
of the circular scaffold [32]. To date, there have been remarkable advances in DNA origami designs, beyond 
standard scaffolded architectures, such as tile- and wireframe- based designs, which have been extensively 
reviewed elsewhere [33]. Additionally, DNA origami nanostructures have been employed as scaffolds for 
the organization of a vast range of organic moieties, such as proteins [16, 34], vesicles [35, 36], and 
aptamers [37], also discussed elsewhere [20, 33, 38-42]. Thus, the primary focus of this review will be 
DNA nanostructures modified with inorganic NPs, with an emphasis on origami scaffolds (Figure 1). 



 
Figure 1. Various evolutions of DNA origami in combination with dynamic, nanoparticle binding, and 
higher-order assembly capabilities. (Top Left) Recreated. Inspired by [32]. (Top middle) Adapted with 
permission from [43]. Copyright (2015) National Academy of Sciences. (Left middle) Adapted with 
permission from Springer Nature: Nature [44] copyright (2017). (Center middle)Adapted with permission 
from [45]. Copyright (2018) American Chemical Society. (Right middle) Adapted with permission from 
Springer Nature: Nature Materials [46], copyright (2014). (Bottom middle) Adapted with permission from 
Springer Nature: Nature Materials [47], copyright (2016). (Bottom right) Adapted with permission from 
[48]. Copyright (2018) American Chemical Society. 
 



DNA nanostructures have been used to organize a number of inorganic moieties, such as plasmonic NPs 
[46, 49, 50] and quantum dots [51] to yield functional DNA origami-NP composites with enhanced 
biological [52], optical [46, 50, 53], and electronic [54] properties. In addition, many studies have focused 
on the strengthened physical properties of DNA origami-NP composites [55]. These studies have 
demonstrated the presence of emergent properties, such as switchable circular dichroism [56, 57], beyond 
those achievable with individual NPs or bulk NP solutions. DNA origami nanostructures have been used to 
organize NPs into both static and dynamic assemblies [24, 58-63], which help to elucidate synergistic 
properties between NPs. Advances in the design of dynamic DNA origami constructs [64], in particular, 
provide possibilities for the creation of materials and devices with real-time control over material properties, 
stimuli responsive configurations, and controllable motion. Consequently, recent efforts to develop 
functional and dynamic DNA origami-NP composites have captured significant interest. Dynamic DNA 
origami constructs with controllable motion can be triggered by various methods, such as the utilization of 
DNA “fuel” strands [43, 46, 64, 65], aptamers [19, 41, 66-68], or external stimuli (e.g., ions [69, 70], light 
[71, 72], temperature [73, 74], and electric [75] or magnetic [76] fields).  
 
However, despite significant progress, challenges remain in understanding the interactions between DNA 
and NPs, in developing the design principles for leveraging and controlling NP-DNA and NP-NP 
interactions in large scale hybrid assemblies, and understanding the parameters that regulate material 
properties and response rates in dynamic composites. Specific challenges within the field, including limited 
efficiencies of various steps during synthesis and assembly of DNA origami-NP composites, incomplete 
understanding of factors that influence the rates and successes of state changes in dynamic systems, and 
insufficient investigations of enhanced material properties, have inhibited the use of DNA origami-NP 
devices and materials in practical applications. As the field progresses, overcoming these challenges will 
be critical for the design of next-generation smart NP-DNA composite materials.  
  
Here, we focus on investigations motivated by these existing challenges, specifically on optimization of 
factors necessary for achieving higher yields and efficiencies of NP-DNA composite synthesis, including 
NP functionalization and modification of DNA origami scaffolds. We also focus on the materials aspects 
of recent advances in functional DNA origami-NP composites for emerging applications. Specifically, we 
compare material properties of composites resulting from different design strategies in an attempt to 
identify general design principles. Our aim is to guide the reader in understanding how to design, fabricate, 
and characterize dynamic materials with desired properties and triggers. Greater emphasis will be given to 
defining and discussing key parameters towards applications of dynamic composites, including yield, 
scalability, transformation rates, and dramatic changes in material properties between states. We also 
compare DNA nanostructure scaffolds with alternative NP organization strategies. Finally, we offer 
perspectives on how dynamic, DNA origami-based function materials can be realized for future 
applications.  

2 Fundamentals of DNA 
2.1 Molecular geometry of DNA 

Deoxyribonucleic acid (DNA) is a polymer consisting of two strands that wind around each other to make 
a helix. Each strand contains a backbone of alternating sugar groups and negatively charged phosphate 
groups. Each ribose sugar subunit has a side group comprising one of four nitrogenous bases: adenine, 
thymine, cytosine, and guanine abbreviated as A, T, C, G, respectively. DNA is most often double-stranded 
(dsDNA), where the two strands are bound together through hybridization of complementary A-T or G-C 
bps [23], as illustrated in Figure 2a. Base pairing is highly specific because of the number and location of 
hydrogen bonds formed between correct pairs, as well as the physical size of each base. Each nitrogenous 
base contains one (pyrimidines, C and T) or two (purines, G and A) aromatic rings, which form the 



hydrogen bonds in base-pairs and allow for pi-stacking interactions between adjacent bases, referred to as 
base-stacking [77, 78]. These nucleobases are also hydrophobic and in aqueous conditions prefer to face 
inward towards each other rather than interface with surrounding water molecules [79]. Additionally, the 
negative charge of the DNA backbone creates electrostatic repulsion between strands that are screened by 
positive ions in solution. These factors all contribute to the ability of DNA to self-assemble into stable 
helices and govern DNA properties such as geometry, melting temperature, and stiffness. In addition, 
mismatched bases destabilize dsDNA duplexes and result in a change in properties, such as lower melting 
temperature or reduced local stiffness [80, 81]. 
 
DNA is usually depicted in its B-form (Figure 2a, left), also known as B-DNA, which is its primary form 
in aqueous environments. The B-DNA helix exhibits a right-handed twist with 10.5 bps per turn, a diameter 
of 2 nm, and a length of 0.34nm/bp [82]. The slight difference in size and shape of base pairs can also affect 
the local structure of DNA [78], which can play a role in interaction with proteins in biological systems 
[83]. DNA can exhibit other geometric forms such as A-DNA and Z-DNA (Figure 2a, middle and right). 
The A-DNA form, which is slightly overwound with 11 bp per turn and bp tilted with respect to the lateral 
direction, occurs when a DNA strand pairs with an RNA strand or in double-stranded RNA duplexes [84]; 
and Z-DNA is a left-handed form of DNA with 12 bps per turn in which strand backbones follow a zig-zag 
path around the helix [85]. Z-DNA tends to form in regions with tracks of alternating CG sequences under 
high salt conditions [86]. A-form DNA has been used in nanotechnology, primarily via assembly of RNA 
nanostructures [87], and transitions from B- to Z-form DNA have been used to actuate DNA nanostructures 
[88]. In all forms, base pairs are not exactly opposite of one another along the helical axis and this results 
in asymmetry. B-DNA has a major and minor groove that leads to anisotropic groove bending [89]. 
Preferential bending toward the major or minor groove is dependent on the tilt and rotational angles between 
base pairs as shown in Figure 2b. Because of its chiral nature, dsDNA exhibits inherent coupling between 
twisting and stretching deformation modes [90]. In addition, ssDNA is widely used in structural DNA 
nanotechnology, particularly when local flexibility in devices or materials is desired. Here, we focus on B-
DNA and ssDNA since they are the most widely used forms in DNA nanostructures.  



 
Figure 2. DNA molecular geometry. (a) Comparison between the standard form B-DNA and slightly 
overwound A-DNA. Image of 1BNA [82] and 5MVT [91] created with UCSF Chimera [92]. (b) Examples 
of bending anisotropy in DNA resulting from the difference in backbone spacing between the major and 
minor grooves. Adapted with permission from [89]. Copyright (2016) American Chemical Society. 
 

2.2 Basic material properties 

2.2.1 Mechanical properties 

Characterization of the mechanical properties of DNA is critical for understanding its role in biological 
processes, such as the deformation of DNA that occurs when it is organized into a chromosome [93] or 
compacted into a viral particle [94]. The bending stiffness of DNA is typically reported in terms of 
persistence length, LP, which is a measure of bending stiffness that describes the length over which a 
polymer remains approximately straight under thermal fluctuations. It is directly related the bending 
stiffness as Lp = Kb/kbT, where Kb is the bending stiffness, kb is Boltzmann’s constant, and T is temperature. 
Lp can also be described as the tangent angle correlation length of a thermally fluctuating polymer. ssDNA 
is very flexible with a persistence length of only 1-2 nm [95], whereas dsDNA has a persistence length of 
~50 nm [96]. Further, force spectroscopy allows direct axial stretching after extending dsDNA or ssDNA, 



which has enabled determination of extensional stiffness, which was found to be1000 pN and 800 pN, 
respectively [97]. The stiffness can be related to the elastic modulus, E, through a materials persistence 
length: 

𝐿𝐿𝑝𝑝 = 𝐸𝐸𝐸𝐸 𝑘𝑘𝑏𝑏𝑇𝑇⁄        (Equation 1) 
 
where I is the moment of inertia. Assuming a circular cross-section with a 2 nm diameter, reported values 
for the persistence length of dsDNA translate to an elastic modulus of ~250-300 MPa for dsDNA [98], 
which is similar to materials such as low density polyethylene [99].  
 
The order-of-magnitude difference in persistence length (or bending stiffness) is a critical feature for 
designing dynamic DNA devices, since ssDNA can be used to design flexible components and dsDNA can 
be used for relatively stiff components. In addition, bundling many dsDNA helices into a compact cross-
section can further increase the stiffness by several orders of magnitude, to the ~10-100 μm scale [65]. 
Similar to bending stiffness, the torsional stiffness can be characterized in terms of a twist persistence 
length, which was originally derived from DNA cyclization experiments [100]. More recent measurements 
using magnetic tweezers have shown that the torsional rigidity of DNA is highly dependent on the extension 
forces used during measurement, and as such, torsional persistence lengths can range from ~100 nm at high 
extension forces to ~40 nm at low extension forces [101]. Additionally, the bending and torsional rigidity 
of DNA can vary as a function of base sequence [102], temperature [103], and the ionic strength of the 
surrounding solution [104]. 
 

2.2.2 Characterization techniques for mechanical properties  

  
Whereas these mechanical properties provide insight into the stiffness of DNA, the full force-extension 
behavior of DNA is highly non-linear and is typically characterized in terms of entropic polymer models. 
The force required to extend a polymer to its end-to-end distance results from the entropy reduction required 
to reduce the number of accessible configurations as the end-to-end distance increases. This entropic 
resistance to stretching is referred to as entropic elasticity. The freely jointed chain (FJC), which is a random 
walk model, is the simplest model that captures entropic elasticity by approximating the polymer as a chain 
composed of segments of equal length that rotate freely with respect to each other to follow a random 
trajectory. These segments, called Kuhn segments, effectively describe the length over which the direction 
of the polymer is no longer correlated. Hence, the length of a Kuhn segment, or Kuhn length, is effectively 
a measure of the stiffness of the polymer in which longer segments indicate a stiffer polymer [105, 106]. 
The Kuhn length, LK, can be correlated to the persistence length for flexible polymers (i.e., persistence 
length is much shorter than the contour length) as LK = 2LP [105, 107].  
 
The force-extension behavior in the FJC model is given by: [97, 108, 109] 
 

< 𝑥𝑥 > = 𝐿𝐿 �coth �𝐹𝐹𝐿𝐿𝑘𝑘
𝑘𝑘𝑏𝑏𝑇𝑇

� − 𝑘𝑘𝑏𝑏𝑇𝑇
𝐹𝐹𝐿𝐿𝑘𝑘

�     (Equation 2) 
  
Where <x> is the end to end distance, L is the contour length of the polymer, F is the applied force, Lk is 
the Kuhn segment length, and kbT is the thermal energy. The FJC model has been shown to accurately 
describe the force-extension behavior of ssDNA and has been implemented to model the role of ssDNA 
components within DNA origami constructs [110]. However, it only fits to force extension data in the low 
force regime for dsDNA (at ~ 0.1pN the model starts to deviate heavily from experimental data) [105, 107]. 
  
The most common model used to describe the force-extension behavior of dsDNA is the worm-like chain 
model (WLC). This model assumes a semi-flexible continuous polymer with a persistence length, LP [111]. 
Although there are several formulations of this model based on the Kratky-Porod expression [112], one of 



the most convenient and commonly used formulations to describe DNA is the Marko-Siggia WLC model 
for flexible polymers, in which the persistence length is assumed to be much smaller than the contour length 
of the polymer:  
 

𝐹𝐹 =  𝑘𝑘𝑏𝑏𝑇𝑇
𝐿𝐿𝑝𝑝
� 1

4�1−𝑥𝑥𝐿𝐿�
2 + 𝑥𝑥

𝐿𝐿
− 1

4
�   (Equation 3) 

 
The Marko-Siggia WLC model has also been used to describe the force-extension behavior of components 
within DNA origami structures [113]. Whereas the FJC and WLC models are the most commonly used 
models to describe the entropic elasticity of DNA, recently, more detailed models have also been developed 
to relate the mechanical properties to the underlying DNA microstructure [114, 115]. 
 

2.2.3 Electrical properties 

The characterization of electrical properties, such as conductance, for DNA has proven to be very 
challenging and has resulted in controversy, which has been discussed in other reviews [116, 117]. 
However, advances in characterization methods of charge transfer within DNA have revealed very 
interesting electrical properties that change depending geometric configuration [118-120], ambient 
conditions [117, 121], and sequence [122, 123], with a wide range of reported values from 1 to 107 M Ω 
[124-126]. In addition to recent literature, which has shown that charge transfer mechanisms in DNA are 
also relevant for understanding DNA repair and other signaling mechanisms [127], these properties make 
DNA an interesting material for electrical sensing applications. There is a substantial amount of work on 
developing methods for metallization of DNA, allowing DNA to serve as a template for nanowire growth. 
Although not a focus of this review, the electrical properties of DNA and methods of their modification are 
of great interest and have been more extensively reviewed elsewhere [128-130]. 
 

2.2.4 Thermal properties  

The thermal properties of DNA in various forms have been extensively explored, including conductivity of 
duplexes, fibers, films, and NP-DNA composites (Table 1). Furthermore, a significant amount of research 
has focused on modeling experimentally measured melting temperatures (Tm) to better understand the 
thermodynamic parameters that affect it. In general, the thermal stability of duplexes is well understood 
using a nearest-neighbor model that takes into account not only the free energy differences in base-pair 
binding, but also base stacking interactions between dinucleotide segments [131]. The Tm of short DNA 
duplexes (~8-20 bps) ranges from ~ 25°C to 60°C, increasing with bp number and G-C fraction. Most often 
these parameters are measured at 1 M NaCl [132, 133], but empirical models have been developed to 
account for significant dependence of melting temperatures on cation concentrations [134-136]. At much 
higher temperatures, the covalent linkages between bases can be broken, and the DNA can be altogether 
degraded [137]. Aside from melting temperature, other properties, such as thermal conductivity (σ), which 
defines how rapidly Tm can be achieved given external heat inputs, have been investigated (Table 1) [138, 
139]. DNA σ increases with bp number and helix alignment when measured in crystalline films and 
microfibers [139].  
 
Table 1. Thermal conductivity of DNA 

Structure (σ) W/m•K Refs. 

DNA Duplex (Theor.) 0.002-0.3 [138, 
139] 



DNA Fibers 0.3-0.6 [140] 

DNA Films 2-20 [140] 

 

2.2.5 Stability 
 
In terms of DNA stability over longer timescales, DNA is commonly degraded via nuclease enzymes that 
are present and essential in any biological context [141]. DNA can be digested on the timescale of minutes 
by enzymes present in biological solutions, which may limit the applications of DNA-based materials in 
biological systems. However, as discussed later, DNA origami structures are typically significantly more 
stable against enzymatic degradation, and a number of modification strategies have been developed to 
improve the stability of DNA [142]. For example, locked nucleic acids (LNAs), which are RNA derivatives, 
have additional covalent bonds within the ribose backbone that limit the flexibility of single strands and 
therefore increase stability when bound to complementary DNA or RNA [143]. Peptide nucleic acids (PNA) 
substitute the phosphate sugar backbone of DNA with a peptide backbone [144]. PNAs are more thermally 
stable than equivalent DNA or RNA sequences and are not recognized by nucleases, which make them 
resistant to degradation [145, 146]. The stability and thermal properties of DNA are critical parameters for 
developing better design principles to tune DNA nanostructures [20].  

3 Fundamentals of DNA origami 
3.1 Origins of DNA origami 

The foundation of structural DNA nanotechnology relies on using DNA to form structures more complex 
than linear dsDNA duplexes. Although RNA is more commonly used in nature to form complex higher-
order structures, such as those in tRNAs, DNA also forms distinct structures, including Holliday junctions, 
which occur as an intermediate during genetic recombination [147, 148]. Holliday junctions consist of four 
strands of DNA that meet at a central point and hybridize with adjacent branches to cause the four arms to 
be interlocked (Figure 3a). In nature, these junctions are mobile, meaning the sequences in neighboring 
branches exhibit a symmetry that allows the junction to migrate [149]. The concept of designing immobile 
Holliday junctions, where branch sequences are distinct and do not allow migration as a basis for building 
higher-order structures, was first envisioned by Nadrian Seeman [150]. Original work was focused on 
making 3D crystals that could potentially host other molecules. These crystals could be formed by variants 
of Holliday junctions that could be joined together through ssDNA overhangs, or sticky-ends, that extended 
out from each arm of the junction (Figure 3b, c) [151]. By combining two Holliday junctions to form a 
double crossover (DX) motif, two aligned helical stacking domains could be held stably in place [152].  



 
Figure 3. Holliday junctions as fundamental units in DNA nanotechnology. (a) Simple 2D and 3D 
representations of a single Holliday junction in a parallel configuration typically found in most DNA 
origami structures. (b) Holliday junctions used to form a triangular construct as a basis for 3D DNA 
crystals. Made available under the terms of the Creative Commons Attribution-NonCommercial 3.0 
Unported License, creativecommons.org/licenses/by-nc/3.0/. Reproduced from Reference [153]. (c) Design 
scheme and resulting crystals for the same triangular construct. Reprinted with permission from Springer 
Nature: Nature [151], copyright (2009). 
 

3.2 Scaffolded DNA origami 
In 2004, Shih et al., introduced the concept of folding a long strand of DNA into a compact structure, 
specifically an octahedron, through the use of a few helper strands [154]. Two years later Paul Rothemund 
made a major breakthrough in demonstrating a general framework for folding a long (7,249 nt) ssDNA 
“scaffold” into a compact structure that could adopt an expansive variety of shapes through base-pairing 
interactions with many shorter “staple” strands [32]. This approach, referred to as scaffolded DNA origami, 
has the DX motif as its underlying structural basis. Scaffolded DNA origami is distinct from other types of 
DNA self-assembly in that a circular piece of ssDNA, typically derived from m13mp18 bacteriophage, is 
folded into a desired shape by synthetic ssDNA strands on the order of 30-50 bases in length. These shorter 
stands, referred to as staples, are designed to be piecewise complementary to the scaffold, such that they 
drive folding of the scaffold into a predefined shape. These shapes consist of parallel dsDNA helices that 
are held together at regular intervals, where staple strands or the scaffold, more often the staples, cross from 
one helix to its neighbor, forming a connection similar to a Holliday junction. Helices are held together at 
regular intervals along their length by these DX connections. Although the term DNA origami is sometimes 
used to describe various forms of programmed DNA self-assembly, here we will use the term DNA origami 
to refer specifically to scaffolded DNA origami [32, 155]. 
 
Initial DNA origami structure designs consisted of planar arrays of helices that formed flat shapes, such as 
triangles, rectangles, and the iconic disk with three holes (e.g., smiley face) [32] (Figure 4). These flat 
structures were modified to function as molecular breadboards by including staple strands with hairpins 



that could be detected clearly in AFM images. These hairpins, which served as binding sites for other 
molecules, could be arranged precisely along the surface to form any desired pattern. Later work extended 
these base designs to add additional features. Douglas et al. showed that DNA origami could be used to 
make custom 3D structures with helices aligned in a honeycomb cross-section lattice [156], whereas work 
by Ke et al. demonstrated 3D structures with helices aligned in a square cross-section lattice [157]. These 
lattices are illustrated in Figure 5. 

 
Figure 4. Fundamentals of Scaffolded DNA origami. (a) Self-assembly of a flat DNA origami in which the 
desired folding pattern of a viral genome is determined by synthetic staple strands to form a ‘disk with three 
holes’. Reprinted by permission from Springer Nature: Nature News [158] Copyright 2010. (b) AFM image 
of corresponding DNA origami. (c) Design and AFM images of a rectangular DNA origami used as a 
molecular breadboard in which DNA hairpins are arranged to create a variety of patterns. (b, c) Reprinted 
by permission from Springer Nature: Nature [32] Copyright 2006. Scale bars are 100nm. 
 
The DNA origami design process is facilitated by a number of software programs [159]. The most widely 
used tool for general DNA origami design is the open source software caDNAno [160]; although automated 
design software is beginning to emerge for certain types of DNA structures [161-165]. A standard design 
workflow, illustrated in Figure 5, starts with approximating a desired structure as a series of parallel DNA 
helices that can be idealized as cylinders with diameters equal to that of duplex DNA (~ 2 nm) and length 
determined by the number of base-pairs along the helix. DNA helices usually pack (in cross-section) into 
either a honeycomb or square lattices, in which each helix can have either three or four neighboring helices, 
respectively. Since the scaffold strand must be routed continuously through the entire structure, origami 
structures are usually designed with internal scaffold crossovers that form a central seam (Figure 5). 
However, this is not necessary, and other scaffold routing strategies have been explored which vary the 
amount of scaffold crossovers [166]. Furthermore, scaffold routing for multi-component structures can 
become significantly more complicated [65], but here we focus on introducing the design workflow for 
relatively simple, static structures.  
 
Once the desired scaffold routing that weaves through the entire structure is determined, staples are then 
introduced to the scaffold to form dsDNA helices, and crossovers can be added at points along the helical 



axis where the staple backbones between two adjacent helices are aligned. Since B-DNA has a helical pitch 
of 10.5bp/turn, crossovers between adjacent strands can only occur once every 21 bp without creating 
internal strain. Honeycomb lattice structures have three neighboring helices where crossovers to one of 
these three neighbors occurs every 7 bases. The 7-bp units between cross-overs constitute a ‘token’ or 
double-stranded domain of the structure, although helices that are only connected to one or two neighbors 
will have longer stretches of continuously base-paired double-stranded domains. Typically, a single staple 
will be 30 to 50 bases long, and therefore comprise multiple domains and weave through multiple helices.  
 

 
Figure 5. Example of a basic scaffolded DNA origami design workflow in which a target shape is 
approximated as a series of rigid cylinders. A long scaffold strand is routed throughout the entire geometry 



and then populated with staples that form crossovers to maintain the desired shape. For square lattice 
structures, a tendency for global twisting is typically corrected, but twist as well as curvature can be added 
as part of the desired geometry. Functionalization of structures or added dynamic capability can be 
included in more advanced design processes. (Top) Reprinted by permission from Springer Nature: Nature 
Methods [155] Copyright 2011. (Bottom) From [167]. Reprinted with permission from AAAS. 
 
Square lattice structures typically use 8 base tokens to cover 270o, which results in slight underwinding of 
helices from 10.5 to 10.67 bp/turn to create repeating crossovers between two neighboring helices every 32 
bp. This underwinding results in a torsional strain within helices that accumulates throughout the structure, 
leading to a right-handed torque and corresponding twist. To avoid this inherent twist, shortened tokens for 
which a bp is omitted between cross-overs must be included periodically within the structure to effectively 
cancel out right-handed torques by locally introducing a left-handed torque. In general, insertions, or added 
base pairs in a token, combined with deletions, can also be used intentionally to program internal strain, 
resulting in a desired global twist or curvature within a structure [167]. Notably, more complex 3D curvature 
can be achieved using concentrically organized ring structures where modification to the crossover pattern 
leads to additional out of plane curvature [168]. Additionally, staple routing can be altered to skip crossovers 
periodically, resulting in longer double-stranded domains that can affect nanostructure properties such as 
stiffness, thermodynamic stability, or melting temperature [110, 166, 169]. Figure 6 illustrates how 
decreasing the average crossover density from one crossover every 21 bp, which is standard for honeycomb 
lattices, to one crossover every 42, 63, and 84 bp results in increasingly more flexible beam-like structures. 
 

 
Figure 6. Examples of various scaffold DNA origami designs. Examples of the caDNAno, CANDO finite-
element analysis and TEM images of (a) DNA origami robot and (b) half-gear with designed curvature.  
Adapted from [155] with permission from Springer Nature, copyright (2011). (c) DNA origami beam with 
decreasing staple crossover densities which correlate with increasing flexibility in TEM images. Made 
available under the terms of the Creative Commons Attribution-NonCommercial 3.0 Unported License, 
creativecommons.org/licenses/by-nc/3.0/. Reproduced from Reference [110]. Scale bars are 20 nm. 
 



This design approach leads to structures with unprecedented geometric complexity with typical dimensions 
on the ~1-100 nm scale (Figure 6a, b) [155]. Varying the number of crossovers can change the flexibility 
and mechanical properties of the construct (Figure 6c) [110]. In addition to precise geometry, a major 
benefit of DNA origami structures is the spatial registry of all the component strands, since they are all 
unique sequences that bind at specific locations within the overall structure. This spatial registry can be 
leveraged to functionalize a single DNA origami structure at many site-specific locations. Binding sites for 
functionalization are typically incorporated either by placing a chemical group directly on the end of a 
staple located at the structure surface, usually extended out of the structure by one or a few bases [170], or 
by appending sequences to staples along the DNA origami exterior that are non-complementary to the 
scaffold, providing binding sites for other DNA-conjugated molecules or NPs. These binding sites can be 
used for any desired conjugate as long as it can be attached to a DNA sequence that is complementary to 
the overhang. These overhangs can also be used to coordinate binding between multiple origami structures 
to form polymeric origami or to bridge two distant regions of the same origami to drive reconfiguration 
[43, 170, 171]. Depending on the application, overhang sequence and length design can be critical. For 
instance, low-affinity transient binding of fluorescently-labeled DNA for super-resolution microscopy 
requires overhangs that are shorter (typically 7-9 bp) [172], whereas more stable connections, such as those 
required for NP binding typically, require at least 15 bp [173-176].  
 

3.3 Brick/Tile-based DNA Structures 

 
Figure 7. Design of brick/tile-based DNA structures. (a) Each strand can be considered as a stackable 
block. (b) Using a large set of unique strands a large variety of different structures can be designed for 
which each strand determines the occupancy of a particular voxel in a 3D canvas. (c) Designs and TEM 
images of many example of the possible subsets of a 3D canvas. From [177]. Adapted with permission from 
AAAS. 
 
Although the scaffolded DNA origami approach enables precise design of geometry, a key limitation is the 
need for a large number of custom synthesized staple strands, which can be costly (~$1000 per structure). 
Further, a new set of staple strands is required for each new structure. In contrast, tile-based DNA self-



assembly methods have been developed to facilitate design with fewer strands or the design of many 
structures from a larger pool of strands. Tile-based structures more directly originates from earlier efforts 
in structural DNA nanotechnology to create repeating DNA lattices [178]. Using only a small number of 
unique synthetic strands, it is possible to create extended 1D nanotubes [179] and barcoded 2D lattices of 
different types [180]. In more recent work, larger pools of unique DNA strands have been used as pixels or 
voxels on 2D [178] or 3D canvases [177, 181], with, in the 3D approach, the strands referred to as bricks. 
In this manner, each strand represents a tile, analogous to a Lego brick, which binds to only one location of 
a predefined lattice of finite size. Unique shapes can be created by selectively including specific subsets of 
tiles. Figure 7 illustrates the brick concept for a 3D canvas that can be used to create many distinct 3D 
structures [177]. This method allows full programmability of nanoscale pixels or voxels with a predefined 
pool of DNA, which eliminates the need to redesign an entire structure when a new shape is desired, but 
also can suffer from low fabrication yields (<44%) [177, 181] compared to optimized scaffolded DNA 
origami (>90%) [182].  
 

3.4 Wireframe DNA origami 

 
Figure 8. A comparison of tile-based and wireframe DNA structures. (a) Tile-based designs are entirely 
composed of a small set of short strands that self-associate via sticky ends, which can be tuned to form 
closed geometries. Reprinted from [31] with permission from Springer Nature, copyright (2008). (b) 
Scaffolded wireframe DNA origami using a long genomic strand of DNA that is routed throughout the 
entire structure and then populated with staples to form a triangle mesh. Scale bars are 5 nm. Adapted with 
permission from [162]. Copyright (2019) American Chemical Society. 
 
Wireframe DNA architectures are distinct in that they approximate triangulated meshes where nodes of the 
mesh are composed of multi-arm junctions and line segments of the mesh are composed of one or a bundle 



of a small number (2-6) of DNA helices [183]. This results in structures that are less dense and typically 
more flexible compared to the style of DNA origami with tightly packed parallel helices. Wireframe DNA 
structures evolved from efforts in DNA nanotechnology developed prior to scaffolded DNA origami. For 
example, early works include the development of a DNA cube [184], tetrahedron [185], octahedron [154], 
and other polyhedra [31, 186, 187] (Figure 8a). Many of these wireframe designs used DNA tile-based 
assembly, but in more recent years the field has adopted the use of scaffold-based assembly with wireframe 
architectures (Figure 8b) [162, 164, 165, 183, 188, 189]. This approach has been used to develop higher 
aspect ratio, rod-like structures with tunable mechanical properties [190] and dynamic behavior [191]. A 
primary advantage of wireframe DNA origami is its greater material efficiency and high tolerance for low 
salt concentrations, both of which result from its less densely-packed structure [165]. Whereas the design 
process for wireframe origamis, particularly, the scaffold routing process, is more complex, a major recent 
push in the field has been the development of automated workflows to simplify the design process for 
wireframe nanostructures [162, 163, 165, 192, 193]. Although wireframe DNA origami is a useful variant 
of DNA origami, this review will focus primarily on compact, square or honeycomb lattice-type 
nanostructures and refer to them simply as DNA origami. 

3.5 Mechanical properties of DNA origami 
In addition to forming precise and complex nanoscale geometries, the structural control afforded by DNA 
origami also enables designing components with a wide range of mechanical properties. Since most 
nanostructures are composed of bundles of aligned DNA helices, their stiffness is generally significantly 
higher than that of dsDNA helices. In general, the mechanical properties of DNA origami structures can be 
modulated over a large range by controlling the cross-section of individual bundle components, the length 
of individual components, the overall geometry of the structure, and the underlying DNA strand routing. 
The accessible properties range from highly flexible ssDNA up to bundles of several tens of dsDNA helices 
that are many order of magnitude stiffer. In addition to their geometry, the properties of DNA origami 
structures, especially single-layer DNA origami, are governed by the stiffness of their cross-over 
connections [194, 195].  
 
Single layer DNA origamis have been shown to be quite flexible in solution, primarily as a result of the 
low rigidity of crossovers between helices. This allows single-layer structures to be rolled so that they form 
a tube shape as illustrated in Figure 9a, which revealed that the flexibility of crossovers is very close to that 
of one-base-long ssDNA (effective torsional stiffness of 6.8 pN*nm/rad) [194]. The flexibility of multilayer 
nanostructures is not only highly dependent on the cross-section orthogonal to the helical direction, but is 
also dependent on the lattice arrangement and crossover spacing [110, 155, 196]. As for DNA and other 
biopolymers, the stiffness of DNA origami is often characterized in terms of persistence length. The 
persistence length of many types of DNA origami filaments has been measured, including 4-helix bundles 
with a square lattice cross-section that have a persistence length of 740 nm [197] and 6-helix bundles with 
a honeycomb lattice cross-section that have a persistence length of 1.88 - 2.7 µm[197, 198]. Similarly, the 
persistence length of hollow DNA nanotubes have been reported with values ranging from 2 µm to 16.8 
µm for tubes from 5 to 10 helices in circumference (Figure 9b, black circles) [199]. A comparison of 
persistence lengths for DNA origami filaments of various designs was compiled by Castro et al. (Figure 
9b), who showed that the persistence length for most structures follows an Lp ~ N2 power law, but, 
depending on cross-sectional geometry, has an upper limit of Lp ~ N2.42 [65] because of the cross-section 
architecture, assuming helices are rigidly connected in the bundle.  
 
More recently, longer filaments have been made with linear arrays of DNA origami structures with larger 
cross-sections. In particular, Zhu et al. used a 24-helix single-layer origami cyclized to create nanotubes 
that could then be polymerized and reported a persistence length of approximately 88 µm [200]. In a 
comparison between different methods of measuring persistence length for a 56-helix bundle hollow 
nanostructure, Lauback et al. reported values of 22 µm and 50 µm when quantified from TEM images of 



structures deposited on a grid versus fluorescence quantification of thermal fluctuations in solution, 
respectively [76]. This discrepancy was thought to result from deposition effects in TEM. Nevertheless, 
this demonstrates the ability to design nanostructures over a wide range of mechanical properties. 
 
In addition to varying cross-sectional geometry, the properties of polymeric DNA origami filaments can be 
further tuned by changing the affinity and configuration of interfaces between individual origamis [201]. 
The mechanical properties of components within DNA origami constructs have been further modified 
through the incorporation of DNA binding proteins. In particular, Schiffels et al. demonstrated the growth 
of RecA protein filaments on dsDNA helix portions of DNA origamis, resulting in an approximately seven-
fold increase in the persistence length of those components [202].  
 

 
Figure 9. Mechanical properties of various DNA origami nanostructures. (a) Single-layer DNA origami 
that can be folded into nanotubes as a result of low stiffness between crossovers. Reprinted with permission 
from [194]. Copyright 2014 American Chemical Society. (b) Persistence length of various DNA origami 
filaments with different cross-sectional geometries (data in black) in comparison with the persistence 
lengths of various forms of actin bundles (data in red). The limits for theoretically uncoupled and rigidly 
coupled bundles are indicated by the red lines for actin filaments and by the shaded grey area for DNA 
filaments. Adapted from [65] with permission from The Royal Society of Chemistry. 
 
Wireframe origamis have very different material properties because of their low density, triangulated, mesh 
designs. It is difficult to compare these with properties for compact, square or honeycomb lattice DNA 
origami since most wireframe origamis are designed to resemble polyhedra [163, 203] rather than filaments 
with easily quantifiable persistence lengths. Nonetheless, Benson et al. have recently addressed this in a 
study of how various designs effect the persistence length of wireframe DNA origami rods, which ranged 
from ~100 nm to ~450 nm in persistence length [190]. 
 
Only a few measurements of the torsional persistence lengths of DNA origami have been reported. 
Specifically, Kauert et al. measured torsional persistence lengths of 390 and 530 nm for a 4 and 6 helix 
DNA origami filaments, respectively [197]. Generally speaking, stiffness is one of the only mechanical 
properties that can be practically measured at the current stage of development in DNA origami 
nanotechnology. Other mechanical properties, such as hardness and toughness, that would be useful in the 
context of materials with macro-scale dimensions, are yet to be measured. However, as we will discuss in 
the following section, breakthroughs in scaling up the production of DNA origami could enable improved 
quantification at a material scale. 
 



Beyond the bending and torsional stiffness, recent work has studied some aspects of the strength of DNA 
origami constructs in terms of the force required to denature them. Specifically, Engel et al. [204] recently 
performed both AFM force spectroscopy and coarse-grained molecular dynamics studies of force induced 
unfolding of a 2D DNA origami rectangle. This study found that these structures denature through large 
structural transitions in which sub-domains of the structure unravel. These unraveling events occurred at 
forces on the scale of ~10-50 pN. These results are consistent with prior studies using DNA origami 
constructs as mechanochemical sensors in which large unfolding events at forces on the scale of 30-50 pN 
were attributed to disintegration of DNA origami tiles [205]. These studies both focused on 2D DNA 
origami structures, and the strength of more complex 3D structures is likely higher, but is yet to be 
quantified. In addition, some strategies that have focused on improving stability at high temperatures and 
low ion concentrations [206] could also provide a means to improve the mechanical stability or enhance 
general mechanical properties.  
 

3.6 DNA origami production 

Practical fabrication of DNA origami utilizes relatively simple self-assembly protocols [206]. These 
protocols are robust and can lead to excellent yields for simple structures, but may require optimization for 
more complex designs. Fabrication protocols and optimization approaches have been detailed elsewhere 
[155, 207]. Briefly, an excess of staple strands are mixed with scaffold strands (2-10x staple strands relative 
to the scaffold) in a folding buffer containing 1 mM EDTA, 5 mM NaCl, 5 mM Tris base, and a 
concentration of MgCl2 in the range of ~10-30 mM. These folding reactions are then subjected to a thermal 
annealing ramp that generally proceeds in three phases: melting, annealing, and quenching. The melting 
phase consists of elevated temperatures ~65-90 oC; the annealing phase generally consists of slow cooling 
to room temperature; and the quenching phase consists of quickly reducing the temperature to 4 oC, which 
is also suitable for storage. Recent work has identified faster folding protocols that substitute long annealing 
phases with annealing at a constant temperature for 1-4 hours, and simple 2D structures can be folded in as 
little as 10 min when annealed with this protocol [182]. 
 
Whereas relatively simple 2D structures tend to fold properly across a range of MgCl2 concentrations, the 
optimal values for more complex 3D or multi-component structures may vary. The appropriate amount of 
magnesium or sodium [208] is typically determined by screening the concentrations, with 20 mM often 
maximizing yield of well-folded structures when combined with very slow annealing times (up to several 
days). The progression of DNA origami self-assembly through these folding phases has been visualized for 
2D structures as illustrated in Figure 10 [209]. In addition, once an optimum ionic concentration is 
identified, folding reactions can be further optimized through isothermal folding protocols [182] to 
determine a critical temperature at which structures will self-assemble on shorter timescales. The timescales 
at which structures will fold are dependent on structure design parameters such as staple routing, crossover 
spacing, and lattice type. 
 
Whereas DNA origami folding methods are well established, the details of the kinetics and thermodynamics 
of DNA origami self-assembly are not fully understood because of the large number of components and 
overall complexity of the folding process. Understanding the thermodynamics of folding is critical to 
prevent the accidental design of structures with local energy minima corresponding to incomplete or 
misfolded structures (i.e., metastable states). Although a fully-folded structure would maximize the 
enthalpy of the system, this comes at the expense of dramatically decreasing the entropy. Important steps 
have been taken to gain a better understanding of the interplay between enthalpic and entropic energies in 
the complex folding process through experimental efforts to monitor folding, development of analytical 
models [210], and coarse-grained molecular dynamics simulations of self-assembly. However, these have 
only been applied to simple 2D structures, and, in the case of simulations, a small 2D origami structure 
[211].  
 



 

 
Figure 10. Representations of various stages of folding for a rectangular single-layer DNA origami. AFM 
images showing folding of DNA origami as a function of temperature with common intermediate states. 
Adapted with permissions from [209]. Copyright (2016) American Chemical Society. 
 
Although the folding process is not entirely understood, it has been established to be a generally cooperative 
process [212-214]. The cooperativity of DNA origami folding most likely results from a combination of 



factors. Staples that bind to scaffold strands early in the folding process create loops that bring distant 
regions of the scaffold closer to its final, compact configuration, which pays the entropic cost for subsequent 
staple binding. This concept is illustrated schematically in Figure 11. Another major cooperative factor 
comes from the free energy of coaxial stacking interactions between adjacent staples [214]. Experimentally, 
the cooperativity of DNA origami folding manifests as differences between the percentages of folded 
structures observed during annealing versus melting protocols. This hysteresis is a general feature of DNA 
origami systems [166, 182, 214]. 
 

 
Figure 11. Illustration of staple binding creating loops in a circular scaffold that introduce distinct changes 
in free energy that are non-trivial to model in DNA origami folding thermodynamics. Reprinted from [214] 
with the permission of AIP publishing. 
  
Understanding the kinetics of folding is also critical to preventing the formation of long-lived intermediate 
states that can slow folding reactions or create kinetic traps leading to misfolded structures. The kinetics of 
folding are thought to be strongly related to the looping probabilities of initial binding events that bring 
together distant regions of a scaffold strand. This has been evaluated by Dunn et al. [210] for a simple 2D 
structure using a dimeric scaffold. In their work, a single layer origami rectangle design was used, but 
folded structures with scaffolds containing two copies of the M13mp18 genome ligated together. The staple 
routing was designed such that binding to a more distant site would result in a unique, but well-formed, 
variant of a rectangle dimer. As a result, when any staple initially binds to this scaffold, it will have two 
binding sites with equal affinity, but different distances. By looking at the distribution of structures formed, 
the relative rate of staple binding to more proximal versus distal sites was determined. This work 
demonstrated that much of the self-assembly process is dictated by kinetic factors. Additionally, Ke et al. 
demonstrated that structure folding could be improved by changing staple strand routing to maximize the 



number of 14 nt binding regions [166]. They suggest that longer binding segments bind earlier and can 
nucleate folding better than staples with binding segments that are all equal in length.  
 
Adjusting staple designs can also direct the assembly of DNA origami to alleviate folding issues or to 
control folding order in structures with discrete components or regions. Marras et al. demonstrated that 
proper folding of a DNA origami piston required folding the components in a particular order to ensure 
components formed concentrically [215]. In this instance, changing the distribution of staple lengths within 
each component provided excellent control over folding order. Additionally, work by Majikes et al. 
developed competitive folding reactions in which staple sets corresponding to either a rod- or circle-shaped 
single layer origami were folded with a miniM13 scaffold [216]. Competitive folding reactions resulted in 
chimeric structures that inherited features from both rod and circle parent structures, demonstrating that 
some structure sub-domains are preferentially folded compared to others. 
 

3.7 Scaling up DNA origami production 

A central challenge in implementing DNA origami for industrial, medical, or even some advanced research 
applications has been scaling production. The most commonly used scaffold strands derived from the 
m13mp18 bacteriophage genome can be produced biologically at sufficiently large scales using common 
cell transformation and viral DNA extraction methods [155]; more recent work has shown how to design 
entirely different scaffold strands for a broader range of possible designs [217, 218]. However, the more 
challenging task is scaling the synthesis of the many, ~150-200, custom oligonucleotides required to fold a 
DNA origami structure. Typically, staple strands are produced synthetically and are thus limited by the cost 
per base provided by manufacturers. Even at typical costs of $0.29 per base, a recent study estimated $1740 
for synthesis of just the staple strands required in ~2 mg of DNA origami structures [219]. One study that 
utilized a larger scaffold strand used an inkjet DNA synthesis approach to reduce staple strand costs [220]. 
Other methods to reduce costs have leveraged custom scaffold design to enable folding of custom structures 
from a more limited set of DNA sequences [219] (Figure 12a). 
 
In an effort to achieve biotechnological scales of both staples and scaffold strands, recent efforts have shown 
that staples can be inserted as cassettes into a scaffold using standard gene synthesis methods to create a 
pseudogene [221]. By including zinc activated DNAzymes on either side of each staple sequence, the 
pseudogene can be replicated and extracted as a whole, but upon addition of ZnCl2 will self-cleave, allowing 
the staple strands to be separated from the scaffold (Figure 12b). Folding reactions with the self-cleaved 
staples and scaffold can then occur using a standard folding reaction after removal of excess ZnCl2. This 
approach can bring costs for DNA origami down by about three orders of magnitude at massive production 
scales (800-liter scale), but they require further study and possibly tailoring to make them robust approaches 
for a wide range of DNA devices. Once folded and purified, gram-scale quantities of DNA origami structure 
can be dried and dissolved, as seen in Figure 12c. Other key steps toward practical use of DNA origami 
structures include the development of a method for producing relatively large quantities (~2 mg/L yields) 
of entirely custom scaffolds free of endotoxins, which can facilitate automated DNA origami design for 
therapeutic applications [162, 218]. Despite this recent work, biotechnology approaches [221] most likely 
have the greatest cost-benefit at large scales. 
 



 



Figure 12. Scaling up production of DNA origami. (a) Methods of large scale production of ssDNA 
phagemid using a helper plasmid or helper phage. To overcome limitations producing staple strands, zinc 
activated, self-excising DNAzymes on either side of staple sequences are included within the phagemid. 
Made available under the terms of the Creative Commons Attribution-NonCommercial 3.0 Unported 
License, creativecommons.org/licenses/by-nc/3.0/. Reproduced from Reference [219]. (b) 163 mg worth of 
dried DNA origami nanorods that are subsequently re-dissolved and imaged via TEM to verify structural 
integrity. Scale bar = 100 nm. (c) TEM characterizations of DNA origami nanorods folded with 
approximately 10-fold fewer staples compared to traditional DNA origami designs. Scale bars = 20 nm. 
(b,c) Reprinted by permission from Spring Nature: Nature [221] Copyright (2017). 
 

3.8 Purification methods 
In addition to effective methods to scale DNA origami fabrication, simple and scalable purification methods 
are necessary to remove excess staples and, in some cases, to remove improperly folded or aggregated 
structures. Purification of well-folded DNA origamis is commonly achieved via gel electrophoresis or 
centrifugation methods [155, 156, 160]. Gel electrophoresis not only allows for separation of DNA 
structures based on mass, but also configuration, and can be used to selectively purify well-folded structures 
from misfolded structures, nonspecifically bound dimers, or larger aggregates [222]. However, this purity 
comes at the cost of reduced final yields through dilution and material lost during gel extraction. In addition, 
gel purification is limited in scalability to small sample volumes. Centrifugation methods include the use 
of spin columns with specific molecular weight cutoffs, typically 100 kDa [223, 224], to separate excess 
staple strands or the use of centrifugation in the presence of polyethylene glycol (PEG) to pellet folded 
DNA origami structures [224]. In both cases, misfolded or multimeric structures or aggregates are not 
removed from the final product, but excess staples strands can be completely removed while retaining most 
of the well-formed structures. Additionally, rate-zone ultra-centrifugation of DNA origami in sucrose or 
iodixanol density gradients and subsequent fractionation offer complete removal of staple strands and high 
selectivity between monomeric well-folded structures without any loss in yields, although this approach 
may not separate monomeric misfolded structures [225, 226]. In addition to purification of well-folded 
structures themselves, further purification is often required for structures functionalized with other 
components, such as proteins or NPs [34, 227, 228], which is typically performed through modified versions 
of the aforementioned procedures.  
 

3.9 Integration into higher-order materials and systems  
The highly programmable nature of DNA origami nanostructures is an attractive route to embed 
functionality within materials systems. This has led to significant work focused on expanding DNA self-
assembly to larger lengths scales at which the DNA assemblies themselves can operate as functional 
materials or interface with other materials and top-down fabricated systems (Figure 13). The first attempts 
to form higher-order DNA origami structures used flat origami structures to form ribbons, tubes, or sheets 
[171, 229]. Higher-order assemblies of DNA origamis have already been reviewed extensively by Hong et 
al. [33]. Thus, here we will focus on the relevance for materials research and applications.  
 
The primary means of attaching origami to each other is through sequence-specific hybridization at one or 
more binding locations and through non-specific, base stacking interactions. In addition base-stacking 
interactions made specific through shape-complementary or lock and key designs can be employed. In this 
configuration a larger number of base stacking interactions can only be satisfied by binding of another 
origami in a particular orientation [74, 230]. Flat origami structures still have considerable flexibility, which 
can make assembly of larger lattices difficult. To eliminate degrees of freedom, some groups have observed 
lattice assembly with DNA origami units that passively diffuse along a surface either using specific ionic 
conditions above a mica surface [231, 232] or with structures bound to lipid bilayers [233, 234]. 



Geometrically self-limiting architectures have recently been demonstrated in gigadalton sized assemblies 
(Figure 13a) that leveraged shape complementary origami bricks and hinges with tunable angles [44]. Hinge 
assemblies were shown to form closed circles of varying sizes, whereas combinations of hinges with 
rectangular and triangular bricks formed tetrahedrons, hexahedrons, or dodecahedrons depending on hinge 
angle. Similar schemes can be used for generating large filaments to tune mechanical properties (Figure 
13b) [201]. More recently, multistage “fractal” assembly of flat DNA origami lattices have been 
demonstrated as a means of creating larger (0.5 µm2) preprogrammed patterns, such as the Mona Lisa 
(Figure 13c), with ~95% yield per assembly stage [235]. 3D assemblies are usually more rigid and can have 
more complex architectures. Overall, these methods show that higher-order DNA origami assemblies have 
no intrinsic scale limitation, but instead, are more practically limited by factors such as DNA production 
cost, assembly time, and purification methods, all of which are active areas of research as discussed above.  
 

 
Figure 13. Examples of DNA origami in higher-order structures. (a) Geometrically self-limiting 
heteromeric DNA origami assembled into dodecahedrons. Adapted with permission from Springer Nature 



[44], copyright (2017). (b) Linear arrays of DNA origami with various interface schemes for tunable 
mechanical properties of long filaments. Adapted with permission from [201]. Copyright (2018) American 
Chemical Society. (c) Fractal assembly of flat origamis to form programmed patterns at micron scales. 
Adapted with permission from Springer Nature [235], copyright (2017). (d) DNA origami with fluorescent 
dyes placed within a lattice of photonic cavities to create patterns with desired intensities. Adapted with 
permission from Springer Nature [236], copyright (2016). 
 
Beyond building hierarchical DNA assemblies, another approach to locally leverage DNA origami function 
within larger systems has been to develop methods that enable precise control over DNA origami 
integration into top-down fabricated systems. This was recently demonstrated for controlled placement of 
DNA nanostructures into photonic crystal cavities to recreate Van Gogh’s Starry Night (Figure 13d) [236]. 
Other efforts have sought to integrate DNA nanodevices to enable local functionality within soft materials. 
To date, these studies have focused on embedding DNA devices for added functionality within composite 
hydrogels, such as polyacrylamide with covalently linked DNA strands. DNA within the composite gels 
can be used to program ionic [237], pH [238], or sequence-specific [239] responsiveness. Otherwise 
embedding DNA nanostructures within other materials has been largely unexplored. Surface 
functionalization with DNA origami has been investigated in nanopatterning applications [240, 241] and 
for hybrid photonic devices [236], which is not a focus of this review and has been discussed elsewhere 
[27, 242, 243]. 
  

3.10 Dynamic DNA origami 

3.10.1 Different types of motion 

In addition to a tremendous range of geometric complexity, another benefit of DNA origami nanostructures 
is the ability to design objects with dynamic function, such as programmed motion, multiple states with 
tunable equilibrium and transition kinetics, and triggered reconfiguration. The first dynamic DNA 
nanodevice, developed by Seeman and co-workers, leveraged a B- to Z-DNA transition to actuate 
reconfiguration of a DNA construct [244]. Another major breakthrough was achieved by Yurke et al., who 
demonstrated DNA tweezers comprised of three strands that could be reconfigured through binding and 
subsequent displacement of additional DNA strands [245]. This strand binding and displacement approach 
has been the most widely used method to reconfigure DNA origami structures. 
 
Dynamic properties of DNA origami devices have been achieved by leveraging the drastic difference in 
flexibility between single- and double-stranded DNA. Leaving portions of structures between two well-
structured regimes devoid of staple strands allows these components to move relative to one another. The 
motion between two rigid components of a nanostructure can be programmed through the appropriate 
arrangement of the ssDNA connections between them [43, 65, 246-249] (Figure 14). This approach has 
been used to create devices with 1D rotational or translational motion or complex 2D or 3D motion. For 
example, DNA origami hinge mechanisms with motion constrained primarily along a single rotational 
degree of freedom can be designed by placing several short (~2-4 nt) ssDNA connections between rigid 
bundles arranged along a line [43]. Rotation in these hinge systems is limited to a finite range by interaction 
of the arms. For DNA origami to have components that are almost freely rotating relative to one another, 
only a single scaffold crossover is necessary at the point of rotation. Kuzuya et al. developed ‘DNA origami 
pliers’ in which two rigid domains that could rotate relative to one another were joined by a single scaffold 
crossover [250]. Since the scaffold is circular, it must cross the connection point between domains twice. 
This design can approximate a pin joint, but will eventually become twisted if rotated multiple times, and 
thus a truly free rotational joint would require cleaving the scaffold. Otherwise, freely rotating joints require 
multi-component assemblies [76, 251] (Figure 14d). However, mechanisms with linear joints can be made 
by the assembly of concentric components either guided by singled-stranded scaffold connections in single 
origami units [43] or guided by clamping and locking of one origami unit around another [252] (Figure 



14e). Linear mechanisms made from multiple origami [252] bear some similarity to chemically-synthesized 
rotaxanes [253], both of which demonstrate mechanical bonds as a result of their interlocking geometry 
instead of any form of chemical bonding. Multiple joints can be included in a single origami, which can be 
independent or coupled to one another to yield more complex mechanisms [43]. Similarly, lattices 
composed entirely of interdependent reconfigurable subunits can be used to transform the lattice globally 
between two or more distinctly desired shapes [254].  
 

 
Figure 14. Various dynamic DNA origami. (a) A hinge mechanism with a single rotational degree of 
freedom. Reprinted with permission from [43]. Copyright (2015) National Academy of Sciences. (b) A 
multicomponent DNA origami mechanism with a single degree of freedom along a programmed pathway. 
Adapted from [247] with permission from The Royal Society of Chemistry. (c) A DNA origami water-bomb 
capable of adopting many discrete configurations. Reproduced with permission from [248]. Copyright 
(2018) Wiley. (d) A rotary apparatus composed of multiple interlocking DNA nanostructures. Made 
available under the terms of the Creative Commons Attribution-NonCommercial 3.0 Unported License, 
creativecommons.org/licenses/by-nc/3.0/. Reproduced from Reference [251]. (e) A DNA origami rotaxane 
with interlocking components that forms a linear slider. Made available under the terms of the Creative 
Commons Attribution-NonCommercial 3.0 Unported License, creativecommons.org/licenses/by-nc/3.0/. 
Reproduced from Reference [252]. (f) Transformable DNA nanoarrays with interdependent switchable 
subunits. Reprinted by permission from Springer Nature: Nature Protocols [249] Copyright (2018). Scale 
bars for images are (a) 50 nm, (b) 50 nm, (c) 20 nm, (d) 50 nm, (e) 100 nm, and (f) 50 nm. 
 



3.10.2 Modes of actuation 

Most dynamic DNA origamis have a continuum of states available to them through thermal fluctuations, 
but applications involving actuated DNA origamis typically require more discrete configurations and a 
means to actuate from one configuration to another. A typical method of actuation is to link two or more 
different components of a single origami structure via overhang connections. Typically, these overhangs 
are not complementary to one another but instead are connected by intermediary linker strands that can be 
added after structures are folded and purified. Actuation via linker strands can be reversed through toe-
hold-mediated strand displacement. In this approach, the linker strands contain several bases that remain 
single-stranded even after binding to and actuating the structure. These strands serve as toeholds for strand 
displacement. Strands for reverse actuation are fully complementary to the linker strands. When introduced, 
they initially bind to the toehold and proceed to bind to the full linker, displacing it from the structure. This 
approach generally proceeds with response times on the ~1-10 min timescale [43]. 
 
The most common approach to actuate DNA origamis is the introduction of additional DNA strands that 
latch two components together or displace a latch, thereby releasing the two components from each other 
[43, 64, 255, 256]. However, dynamic origamis can also be designed to respond to conditions in the local 
environment. For sensing ambient conditions such as ionic concentration, a large number of low-affinity 
overhangs can be used to actuate hinged structures with fluorescent outputs [70] (Figure 15a). Similarly, 
base stacking interactions can be used in dynamic nanostructures with shape complementary components 
[74] to change configuration at higher salt concentrations on the millisecond timescale [69] (Figure 15b). 
Dynamic DNA origami can also be designed to respond to changes in pH by using i-motif quadruplexes as 
latching mechanisms that form only when cytosines are protonated [257] or triplex forming strands that 
also rely on protonation of cytosines or thymines [258]. State changes in dynamic DNA origami can also 
be triggered by interactions with biomolecules of interest. Many types of DNA containers that can be 
opened have been developed [255, 259, 260], such as a hinged DNA origami barrel held closed by two 
different aptamers such that a molecular payload could be exposed only when both aptamer target molecules 
were detected [246].  
 
Actuation via external triggers includes DNA origamis that can be controlled by light inputs, typically 
achieved by including an azobenzene modified DNA spacer in some part of the structure. Azobenzene 
molecules can reversibly change conformation from trans to cis when exposed to UV light, stabilizing or 
destabilizing duplex dsDNA [261], respectively. By including several azobenzene molecules in a sequence, 
one can reversibly dehybridize a duplex strand. When included in DNA origami, this serves as a basis for 
optical control over the state of latching strands, which has been used to actuate dynamic origami [262] or 
to control assembly and disassembly of DNA origami into predesigned patterns [263] (Figure 15c). One 
limitation of using azobenzene is its relatively slow response time of ~1-10 minutes [264]. More recently, 
a distinct approach utilizing photo-caged DNA strands was introduced to enable more rapid response to 
light actuation [265]. In a similar manner, recent efforts have established methods for real-time control of 
DNA origamis via external electric or magnetic fields. Kopperger et al. demonstrated electrical control of 
a rotating arm up to ~25 Hz, in which the negative charge of the movable arm is oriented by the direction 
of an external electric field [75] (Figure 15d). Similarly, Lauback et al. developed an approach in which 
long lever arms were coupled to a magnetic bead that could be used to drive rotation of the lever, a rotor, 
and a hinge, each of which could be actuated with second or sub-second response times [76] (Figure 15e). 
 



 
Figure 15. Various actuation schemes for control of DNA origami mechanisms. (a) Low affinity overhangs 
close a hinge mechanisms in high salt buffers. Reprinted with permission from [70]. Copyright (2018) 
American Chemical Society. (b) Shape complementary regions utilize base stacking interactions for 
actuation of a switch object. From  [74]. Reprinted with permission from AAAS. (c) Azobenzene-mediated 
photo-control of multimeric DNA origami hexagons. Adapted with permission from [263]. Copyright 
(2012) American Chemical Society. (d) DNA origami arm controlled using electric fields. From [75]. 
Adapted with permission from AAAS. (e) Magnetic actuation of a DNA origami super hinge bound to a 
magnetic bead (b). Made available under the terms of the Creative Commons Attribution-NonCommercial 
3.0 Unported License, creativecommons.org/licenses/by-nc/3.0/. Reproduced from Reference [76].  



 
3.10.3 Applications of dynamic origami structures 

As a relatively new technology, much of the research surrounding DNA origami explores possible designs 
and their limitations, without focusing on expansion to practical applications. As the field has matured and 
our understanding of the capabilities of DNA origami have gained a solid foundation, attention in recent 
years has turned to more deliberate exploration of DNA origami applications to address challenges in 
surrounding fields. One such field is the study of biomolecular interactions at length scales that are 
challenging for conventional methods. For instance, biomolecule related studies that have benefitted from 
dynamic DNA origami include investigations of nucleosome stability [266, 267], pair interactions between 
nucleosomes [268], and weak forces at the single molecule level [250, 269-271]. Dynamic DNA origamis 
have also been explored as smart drug delivery vehicles. Conformational changes can be triggered by 
biomolecules of interest through aptamers, which allow for encapsulated or protected payloads to become 
active only in response to a desired biomarker or environment. A variety of DNA origami containers have 
developed with aptamers, or combinations of aptamers, that control opening and/or closing interactions 
[246, 259]. More recently, a thrombin-loaded DNA origami locked into a barrel shape by targeting aptamers 
was shown to have anti-tumor efficacy in multiple xenografted mouse models through triggered coagulation 
induced by the tumorous vasculature [272]. 
 
A critical advantage of dynamic DNA origamis is the ability to combine biomolecular triggered 
conformational changes with more easily detectable outputs. These devices can be broadly considered 
nanomechanical biosensors. A major category of these devices, and a focus of this review, is the 
combination of dynamic DNA origamis with NPs to engender emergent properties that yield a measurable 
output. Other categories of devices include single molecule beacons that rely on AFM for visualization and 
which can be used to detect pH levels, metal ions, and various biomolecules from ATP to proteins to PNA 
[250, 257, 273]. 
 

3.11 DNA Origami Characterization Methods  

Although material properties such as stiffness or spring constant may evoke more intuitive notions of 
macroscale material characterization, the methods for measuring such properties of nanoscale structures are 
often not obvious. By far the most common characterization methods for DNA origami are atomic force 
microscopy (AFM) and transmission electron microscopy (TEM), used to image structure geometry. AFM 
was used by Paul Rothemund [32] in his seminal paper and has remained a primary characterization method, 
especially for investigating single layer origami structures. The advent of high-speed AFM enabled the use 
of DNA origami as a platform to investigate biomolecular DNA interactions and phenomena, such as G-
quadruplex formation [274], DNA repair [275], and recombination processes [18]. Additionally, high speed 
AFM has been used to resolve the dynamics of DNA origami lattice formation and reconfiguration, such 
as fusion, reorganization, and defect filling [233, 276]. Thus, AFM remains a mainstay for studying the 
structure and dynamics of DNA origami systems. 
 
TEM images provide a higher resolution alternative to AFM, albeit for fixed structures, which are typically 
deposited on a surface and imaged under vacuum. TEM images of DNA origami are usually obtained 
through negative staining of samples on formvar and carbon coated copper grids using uranyl formate or 
acetate stains [155, 156]. For sufficiently large assemblies, scanning electron microscopy (SEM) can also 
be used [44, 277]. Additionally, structures used to template the growth of metals [278, 279] or other 
inorganic materials [280] are often imaged via SEM. As newer imaging methods, such as cryo-EM, have 
gained widespread popularity, they have been used to evaluate finer structural features of DNA origamis 
through image-class averaging [223, 255] and to generate 3D reconstructions from ensembles [281] or 
single structures [282]. From EM images, it is often possible to extract useful materials properties. For soft 
nanoscale materials such as DNA, thermal fluctuations are sufficient to induce significant bending, whose 



magnitude is proportional to stiffness [65, 113]. For jointed DNA origami, the range of possible 
configurations is not uniformly accessible, and by measuring a large number of structures, it is possible to 
build a probability distribution function (PDF). Transformation of the PDF using the Boltzmann equation 
can be used to generate the free energy landscape of a dynamic structure, which in turn, can be used to 
calculate stiffness parameters [43, 283].  
 
Super-resolution microscopy techniques have also been useful for characterizing DNA origami, although 
the vast majority of applications have used DNA origami as a nanometric tool for characterization of other 
materials [284-286]. In most cases, the super-resolution method known as DNA-PAINT (Points 
Accumulation In Nanoscale Topography) has been employed. In this method, fluorescently-labeled 
oligonucleotides transiently bind to overhangs along a DNA origami platform. Over a sufficiently long 
period of time, the localization of transiently-bound oligonucleotides at multiple binding locations can be 
resolved, with resolutions as low as ~5 nm [287]. DNA-PAINT has been used to image many higher-order 
DNA origami nanostructures, such as polyhedra [288], rectilinear arrays [289], and membrane-bound 
hexagonal lattices [290]. A more direct characterization of DNA origami using super-resolution techniques 
was also reported by Strauss et al., in which DNA-PAINT was used to quantitatively assess the accessibility 
and incorporation efficiency of each staple in a single-layer DNA origami [291]. Given a total of 168 
staples, absolute incorporation efficiencies ranged from 48-95%, with an average incorporation efficiency 
of 84%. 
 
Whereas most of the above methods focus primarily on characterization of individual structures, bulk 
solution characterization is also widely employed. Gel electrophoresis methods can provide information on 
the state of folding and configurations of DNA origamis. Since the rate at which a DNA nanostructure 
migrates through an agarose gel during electrophoresis is dependent on its particular geometry, it becomes 
relatively easy to distinguish between well-folded and misfolded states [160]. Additionally, dynamic DNA 
origamis will often have different gel shifts depending on their configuration [269, 273]. As an alternative 
and complementary technique of bulk analysis, dynamic light scattering (DLS) can be used to characterize 
the size of DNA origamis in solution and to verify against the predicted size of the intended structure [292, 
293]. Similar to gel electrophoresis, DLS has been used to measure the size distributions of various forms 
of higher-order assemblies [36, 294] and to measure changes in dynamic nanostructures [295, 296]. 
 
Another bulk analysis method that can be used to determine the degree of uniformity of an ensemble of 
structures is small angle X-ray scattering (SAXS) (Figure 16a). In this approach, scattering from an 
impinging x-ray beam is measured as a function of the scattering angle, q. Although SAXS can be 
performed with some benchtop instruments, many experiments require large synchrotrons housed at 
national laboratory facilities. This technique not only confirms the uniform distribution of DNA origami 
structure exteriors, but can also detect if a structure is hollow [255, 297]. Additionally, SAXS provides a 
means of probing the conformation of DNA origami devices without depositing them on a surface and in a 
wide range of buffer conditions [298, 299]. This ensures that conformation is assessed in its ‘natural’ state 
and is not distorted by deposition or as a result of non-ideal (e.g., low salt) buffer conditions. 
 
In addition to methods available for confirming the proper formation of static DNA origami structures, 
characterization of dynamic structures can also be performed. These approaches are often based on 
fluorescent microscopy methods, such as single molecule total internal reflection fluorescence (smTIRF) 
microscopy and Forster resonance energy transfer (FRET) imaging [300]. These approaches, widely used 
in biomedical imaging, naturally lend themselves to dynamic imaging. smTIRF improves upon the 
resolution of traditional fluorescence microscopy by use of an evanescent wave to confine fluorescence 
excitation to a narrow region. Thus, smTIRF can be used to visualize the localization of structures [300]. 
FRET can be used to identify dynamic motion and also static conformation by monitoring the interactions 
of a fluorophore-quencher pair with known localizations [255, 271] (Figure 16b). When the pair are in close 
proximity, the signal is extinguished, whereas when the pair are far apart, fluorescence is restored. Because 



intensity is a function of separation distance to the sixth power, this approach is highly effective for 
measuring distinct conformations of DNA devices. 
 

 
Figure 16. Experimental techniques for characterizing DNA origami devices. (a) SAXS characterization of 
the shape distribution of origami sheets. Reprinted with permission from [297]. Copyright (2018) American 
Chemical Society. (b) FRET dye pairs allow the observation of the opening and closing dynamics of a DNA 
origami device. Reprinted with permission from [271]. Copyright (2017) American Chemical Society. (c) 
Optical Tweezers benefit from DNA origami beams as a means of increasing measurement resolution. 
Reproduced with permission from [301]. Copyright (2013) Wiley. (d) Magnetic tweezers have the ability 
to apply torques to origami rods to evaluate the stability of different lattice cross section designs. Reprinted 
with permission from [197]. Copyright (2011) American Chemical Society. 
 
Finally, force spectroscopy methods including optical trapping and magnetic tweezers are useful for 
determining the mechanical properties of static and dynamic origami devices. In optical trapping, DNA 
origami has been proposed as a means of mechanochemical sensing [255], as well as a means of improving 
measurement resolution by replacing flexible DNA handles often used in optical trapping configurations 
with rigid origami beams [301] (Figure 16c). Magnetic tweezers have been used to study the rigidity of 
several origami beam geometries [197], which informs design considerations of more complicated 
structures (Figure 16d).  

4 Functional DNA origami with nanoparticles 
Applications of DNA origami-NP composites have ranged from static assemblies that organize two or more 
NPs to dynamic devices that reconfigure multiple NPs. The application of DNA nanotechnology as a 



platform for integration and organization of NPs requires modification of both the DNA nanostructures and 
the NPs with reactive functional groups. These groups provide “handles” with which bioconjugation, 
typically via ssDNA hybridization or avidin-biotin interactions, can be performed. Functional groups can 
be added either during or after DNA origami folding reactions at desired locations, and their reaction results 
in the formation of NP–DNA composites with defined structures [51, 174, 302]. The most widely utilized 
approach for programmable assembly of NPs consists of hybridization of complementary ssDNA strands 
attached to the NPs (i.e., ssDNA-NPs) with ssDNA overhangs or extensions on DNA nanostructures. This 
approach leverages the sequence specificity of DNA hybridization interactions and ease of DNA origami 
modification [174, 303] for straightforward and specific generation of NP-DNA composites with precise 
NP arrangements. However, for maximal success of this approach, methods of NP functionalization with 
ssDNA that are conducive for self-assembly of NP–DNA composites are crucial.  
 

4.1 Nanoparticle Functionalization with ssDNA 
Although ssDNA modification of NPs has been widely studied in the context of AuNPs linked by short 
ssDNA duplexes, optimal hybridization of ssDNA-modified NPs (ssDNA-NPs) with complex, multi-
dimensional DNA nanostructures requires the realization of several additional design criteria: (i) ssDNA 
modification approaches that preserve unique NP properties, such as magnetism or fluorescence; (ii) 
conjugates that maintain high levels of colloidal stability in the ionic strength environment needed to avoid 
disintegration of large DNA nanostructures [304]; and (iii) ssDNA that are conjugated to NPs in both the 
numbers and orientations that provide availability for hybridization with the complementary ssDNA at the 
desired site on the DNA nanostructure [305] (Figure7a). 
 
Functionalization approaches to add ssDNA to NPs can be broadly divided into two categories: (i) Direct 
attachment of ssDNA to the NP surface by modification of ssDNA with a functional group that has binding 
affinity for the NP surface; and (ii) indirect attachment by covalent conjugation of ssDNA to a functional 
group introduced on the NP surface by ligand exchange or polymeric encapsulation. Thus, methods to 
conjugate ssDNAs to NPs are always accompanied by NP surface modification, which can have some 
unintended consequences. Because of high surface to volume ratio, the unique properties of NPs are 
extremely sensitive to changes at the interface. As a result, surface modification has the potential to modify 
NP properties. In addition, because functionalization is often accompanied by alteration of the coating, 
colloidal stability can be reduced, resulting in aggregation that can induce irreversible changes in NP 
properties (e.g., red shift of AuNP absorbance, reduced quantum yield in QDs). Therefore, the properties 
of ssDNA-NPs are highly dependent on the design of the synthesis protocol and its implementation [306] 
(Figure7b, left), which must be chosen to preserve existing NP properties, while maximizing colloidal 
stability. 
 
Colloidal stability can be described by widely-used Derjaguin, Landau, Verwey, Overbeek (DLVO) theory 
[305]. According to this theory, NP aggregation is fundamentally driven by long-range, attractive Van der 
Waals forces between NPs, whereas dispersion is maintained by Coulombic repulsive forces. The colloidal 
stability of NPs and ssDNA-NPs in aqueous solutions is then determined by the sum of these attractive (VA) 
and repulsive (VR) potentials (Equations 4-6). 
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𝑉𝑉𝑅𝑅 = 2𝜋𝜋𝜋𝜋𝜀𝜀𝑜𝑜𝑅𝑅𝑝𝑝Ψ2 ln [1 + exp(𝜅𝜅ℎ)]          (Equation 6) 



 
 
where, AH is the effective Hamaker constant, RP is NP radius, h is interparticle distance, εεo is relative 
permittivity, Ψ is surface potential, and 𝜅𝜅 is the inverse of the Debye length. AH is defined by the intrinsic 
properties of the NPs (e.g., the Hamaker constant) [307-309], resulting in a distinct colloidal aggregation 
susceptibility for each NP composition. Therefore, for identical NPs, colloidal stability is governed by the 
repulsive electrostatic potential. Mathematically, VR of colloidal dispersions is directly proportional to Ψ 
and the Debye length (𝜅𝜅-1). Ψ is proportional to the effective charge on the NP surface, whereas 𝜅𝜅-1 is 
inversely proportional to the ionic strength of the aqueous solution. In the high ionic strength solutions 
required for DNA nanostructure stability, 𝜅𝜅-1 is significantly reduced. Thus, an increase in Ψ is essential to 
conserve the colloidal stability of ssDNA-NPs during the formation of NP-DNA composites. By virtue of 
the negatively charged backbone and uniform charge distribution of ssDNA, enhancement in the length and 
number of ssDNA strands conjugated per NP (labeling density) results in increased surface charge, which 
can yield the higher Ψ required for colloidal stability. Further, increase in the length and the packing density 
of ssDNA or any other functional group also sterically prevents the NPs from entering the van der Waals 
attraction regime and undergoing subsequent aggregation [305]. Thus, ssDNA length and labeling density 
are critical factors for the colloidal stability of ssDNA-NPs [310] (Figure 17b, middle).  
 
Most inorganic NPs are composed of transition metals that display high affinity toward negatively charged 
functional groups [311-313]. The constituent nucleotides of ssDNA possess several anionic moieties, such 
as amine-, phosphonate-, and hydroxyl- functional groups. Thus, NP surfaces can undergo undesired non-
specific interactions with ssDNA. Non-specific charge interactions can severely affect the accessibility of 
ssDNA recognition sequences for hybridization, which has been shown in a variety of ssDNA-NP systems 
[310, 314, 315]. As a result, the specific sequence of ssDNA employed can affect its availability for 
hybridization [312] (Figure 17b, right). Further, steric constraints imposed by ssDNA length and labeling 
density also influence the conformation of ssDNA on NP surfaces, with the potential to impede availability 
for hybridization [310]. 
 
Some guiding material design principles may be derived from the large body of work on ssDNA-NP 
composites for diagnostics [316], therapeutics [317], and bio-sensing [318]. These applications use small 
DNA connections between NPs to form structures, and as such, precedes the introduction of structural DNA 
nanotechnology. However, guidance provided by this work is limited as most ssDNA-NPs are studied under 
physiological conditions (i.e., pH 7.4, 150 mM saline ionic strength), which are not well-suited for DNA 
origami structures. Thus, these techniques cannot always be directly adapted for applications with higher-
order DNA nanostructures because of compromised colloidal stability at the high salt concentrations 
necessary to stabilize the DNA nanostructures (i.e., 5-20 mM divalent Mg compared to 0.4 mM divalent 
cation at physiological conditions) [304, 319]. Thus, there is a need for development of novel ssDNA-NP 
conjugation approaches for use in the formation of NP-DNA composites. To this effect, many studies have 
focused on optimizing factors that affect conjugation, including ssDNA labeling density, length, sequence, 
and synthesis strategy to determine their effect on design parameters in NP-DNA composite formation, 
such as colloidal stability, ssDNA conformation, and NP properties. Here, we outline recent progress in 
ssDNA-NP functionalization and design. This account is provided to guide readers in the fabrication of a 
variety of ssDNA-NPs and to optimize conjugate design for high yield synthesis of desired NP–DNA 
composites. 



 
Figure 17. (a) Design parameters for ssDNA-NP conjugates for successful formation of NP-DNA 
composites: Nanoparticle properties, colloidal stability, and hybridization availability (left to right) must 
be maintained by controlling (a, middle) Reproduced with permission from [305] Copyright 2013 American 
Chemical Society. (b) factors that influence ssDNA hybridization availability, including functionalization 
strategy, ssDNA length, labeling density, and sequence (left to right). (b, left) Reproduced with permission 
from [306] Copyright 2007 American Chemical Society. (b, middle) Reproduced with permission from 
[310] Copyright 2003 American Chemical Society. (b, right) Reproduced with permission from [312] 
Copyright 2002 American Chemical Society.  

4.1.1 Gold Nanoparticles (AuNPs) 

Metallic NPs or plasmonic NPs (e.g., metallic gold (Au) and silver (Ag)) exhibit collective oscillation of 
the electrons localized on their surfaces at the resonant frequency (500-550 nm) via coupling with incident 
electromagnetic radiation [[320-322]. As a result, plasmonic NPs display interesting optical properties, such 
as high absorption and scattering of incident light, local thermoplasmonic (light-to-heat conversion) 
heating, and electromagnetic field enhancement that make them suitable for a wide range of applications 
from theranostics to energy [323]. Plasmonic NPs also interact when they are in close proximity (inter-
particle spacing ≲ particle size) to yield synergistic optical properties, such as enhanced electromagnetic 
fields [324], which can be leveraged in photonics and electronics. DNA nanostructures present an excellent 
platform to tailor the synergistic properties of plasmonic NPs by enabling their organization into complex 
geometries with precision down to the single nanometer scale [173]. Assembly of metallic NPs using DNA 
nanostructures is facilitated by the facile modification of metallic NPs with thiolated-ssDNAs, which results 
from strong adsorption of sulfur on metal surfaces [325]. Thus, plasmonic NPs present the most attractive 
candidates for fundamental investigations of NP–DNA composites and have been employed in the majority 
of studies to date. Among plasmonic NPs, AuNPs in particular have high inherent stability, ease of synthesis 
with accurate size and shape control, and the highest sulfur binding energy (Au-S binding energy = 418 
kJ/mol [303]), facilitating their use in composite formation. As a result, a vast amount of research has been 
conducted using ssDNA-AuNPs to generate composites with DNA nanostructures, primarily via short 
duplexed DNA. 
 
AuNPs are typically synthesized via the arrested precipitation method, usually using citrate (citric acid) or 
cetyl trimethyl ammonium bromide (CTAB) as a capping ligand [326]. These capping ligands provide 



colloidal stability in aqueous solutions. AuNPs are modified by exchange of these ligands with thiolated-
ssDNA strands. Because thiolated ssDNA is generally available in disulfide form to avoid self-association 
and prolong storage lifetime, it is reacted with reducing agents, such as dithiothreitol (DTT) or tris(2-
carboxyethyl) phosphine (TCEP), to produce active mono-thiols prior to AuNP exposure [327, 328]. As 
citrate ligands are loosely bound, and metallic properties originate from the bulk of the NP, surface ligand 
displacement with ssDNA rarely affects the intrinsic properties of AuNPs. However, ligand exchange can 
strongly alter aggregation behaviors, which results in major changes in distance dependent plasmonic 
interactions. In addition, AuNPs are highly susceptible to aggregation because of intrinsically high inter-
particle van der Waals attraction forces [329].  
 
One strategy for addressing aggregation is functionalization of AuNPs with ssDNA (Table 2). Apart from 
providing binding “handles”, modification with ssDNA can enhance AuNP colloidal stability against 
irreversible aggregation by increasing electrostatic and steric repulsion forces. However, a challenge to 
achieving this goal is intrinsic difficulty in the binding of thiolated-ssDNA to AuNP surfaces. Electrostatic 
repulsion between anionic phosphate groups on ssDNA chains and the negatively charged citrate ligands 
on AuNP surfaces hinders ssDNA strand approach. Further, repulsive forces between ssDNA strands 
decrease the maximal ssDNA surface density that can be achieved. Increased salt concentration (i.e., ionic 
strength) increases charge screening and can reduce repulsive interactions between ssDNA strands and also 
with AuNP surface ligands. However, increased salt concentration is accompanied by decreases in 𝜅𝜅-1, 
enhancing the probability of van der Waals attraction-induced aggregation. To address this conflict, 
Storhoff proposed a salt aging process [325], in which salt concentration is gradually increased over time 
(Figure 18a). This permits slow addition of stabilizing ssDNA chains. As charge repulsive barriers are 
slowly lowered, steric barriers to aggregation increase as a result of ssDNA binding. 
 
In this approach, AuNPs are mixed with reduced, thiolated ssDNA at the desired ratio in water for 16 hours. 
This is followed by successive addition of small aliquots of 1M sodium chloride (NaCl) and 0.1 M sodium 
phosphate (pH 7) solution every hour (1 aliquot/hr) until the final reaction concentration reaches 0.1 M 
NaCl and 0.01 M sodium phosphate. The reaction is then incubated for up to 40 hours, followed by 
purification. This process is highly effective for smaller NPs. However, at larger sizes, a larger cross-section 
of individual, bound surface ssDNAs is exposed to that of neighboring surface ssDNAs because of lower 
surface curvature. This results in higher repulsive interactions; thus, resistance to conjugation of multiple 
ssDNA increases with AuNP size. Although smaller aliquots and longer intervals of salt addition can 
alleviate aggregation of larger AuNPs, this process becomes limited for particles larger than 50 nm [330]. 
 
Improved colloidal stability for larger AuNPs during the salt-aging process can be achieved by addition of 
surfactant molecules [327]. Surfactants can provide increased repulsion potential between AuNPs without 
hindering thiolated ssDNAs from approaching the surface by charge repulsion (although steric interactions 
are still possible). Surfactants employed in this manner have facilitated an increase in the rate of NaCl 
addition (3 aliquots/hr) and the final NaCl concentration (1 M) for AuNP sizes up to 250 nm without 
aggregation. With the ability to increase the NaCl concentration using this approach, ssDNA loading 
saturation was achieved (at ~0.7M NaCl) for AuNP sizes ranging from 15 nm to 250 nm, with ~39% more 
ssDNA loading per AuNP than the salt-aging process without surfactants. Based on the type of surfactants, 
the actual NP stabilization mechanism could be different because non-ionic surfactants (e.g., polyethylene 
glycol (PEG), Tween 20) can only offer steric repulsion, whereas ionic surfactants (e.g., sodium dodecyl 
sulfate (SDS)) can exert additional electrostatic repulsion (Figure 18a). However, despite differences in 
repulsion mechanisms, ssDNA conjugation density does not appear to be affected by the surfactant 
employed. This is most likely because surfactant molecules were added in large excess of that required for 
stabilizing NPs. 
 
In spite of these advances, the salt-aging process is time-consuming and requires a large excess of ssDNA 
and surfactant molecules that necessitates downstream purification. A recent investigation demonstrated an 



alternative technique that provides instantaneous and surfactant-free ssDNA-AuNPs by performing the 
reaction at low pH (Figure 18a) [331]. The decrease in pH induces partial protonation of the citrate ligands 
on the AuNP surface and the adenosine and cytosine bases on the ssDNA, dramatically reducing the 
repulsive potential between ligands and ssDNA strands. This promotes rapid (i.e., ~3 min.) adsorption of 
ssDNA on AuNPs, eliminating the requirement for removal of unconjugated ssDNA. The presence of small 
amounts of NaCl during conjugation is still required to decrease the repulsion between other nucleobases 
and to enhance ssDNA loading density (~30% higher than salt-aging under similar conditions). 
 
Table 2. Methods for conjugating ssDNA to AuNPs 

Synthesis 
method 

Year NP sizes DNA length DNA density per particle 

Salt-aging 1998  5-50 nm 10-100 nucleotides [312]; 
8-135 nucleotides [325] 

1, 2 to saturation 

Modified salt-
aging 

2006 < 250 nm* 25 nucleotides* including 
spacer group [327] 

1, 2 to saturation 
(~39% more ssDNA at 1M than 

salt-aging) 

Low pH 2012 < 100 nm* 12-35 nucleotides [331] Complete conjugation of ssDNA 
added 

(~30% higher than salt-aging 
method) 

*Maximum size tested. 
 
In addition to functionalization processes, ssDNA labeling density is also affected by non-specific 
interactions, such as ssDNA nucleobase affinities towards bare AuNPs (C > G > A > T) [312] and inter-
ssDNA repulsions on the AuNP surface. Non-specific interactions (i.e., nucleobase-Au interactions) can be 
decreased by sonication or by the addition of spacer groups in ssDNA sequence. Spacer groups are 
composed of repeating sequences of low-affinity nucleobases such as A, T, or other non-interacting 
molecules, such as PEG. Spacer groups also alleviate ssDNA repulsion on AuNP surface (interaction 
strength: PEG < T < A). These changes can enhance ssDNA loading per AuNP by 2X or more [327]. 
Depending on the extent of these non-specific interactions, effective attachment of ssDNA to NPs can also 
be affected by the position of nucleobases in the ssDNA strand. Sequences with high AuNP affinity 
nucleobases (A, G, C) present near the thiolated-end of ssDNAs (near-ssDNA) result in increased labeling 
density compared to sequences with the same nucleobases located distantly from the thiol (far-ssDNA) and 
also from control sequences consisting of only T nucleobases (control-ssDNA). The increased labeling 
density observed in near-ssDNA sequences most likely results from the enrichment of thiol groups near the 
AuNP surface because of non-specific interactions of near-ssDNA sequences with AuNP surfaces. 
However, the effect of position is generally secondary to the type of nucleobase [314]. 
 
Regardless of ssDNA functionalization method, the post-reaction mixture generally consists of AuNPs 
conjugated with zero to multiple ssDNAs, aggregated AuNPs, and unconjugated ssDNA. Unless removed, 
free ssDNA competes with ssDNA-AuNPs for DNA nanostructure binding sites, significantly reducing 
yield. Therefore, purification of excess ssDNA from ssDNA-AuNPs is essential. As with purification of 
DNA nanostructures, centrifugation and centrifugal filtration are popular methods for removal of excess 
ssDNA from ssDNA-AuNP conjugates [312, 314, 327]. However, centrifugation can result in irreversible 
aggregation as a result of high centrifugal forces, decreased surface stabilization at low labeling densities, 
and loss of product on the centrifugal membrane. Thus, gel electrophoresis is also widely employed [310, 



332, 333]. Because the migration speed of any charged entity through the gel is dependent on its effective 
size and charge density, ssDNA-AuNPs can be separated from excess ssDNA. Further, the effective size of 
ssDNA-AuNPs is dependent on the combination of the number, length, and orientation of ssDNAs on the 
AuNP surface, providing an additional ability to separate conjugates on the basis of these factors.  
 
Long ssDNAs, composed of more than 50 nts, cause a significant increase in the size of 5-10 nm AuNPs 
upon attachment. Thus, ssDNA-AuNPs with distinct numbers of ssDNAs can be separated (Figure 18b) 
[334]. In contrast, separation resolution when short ssDNAs (e.g., < 50 nt) are employed is merely limited 
to separation from bare AuNPs and is only achieved when a substantial size gain is realized at high labeling 
densities that result in perpendicular orientation of ssDNAs to the AuNP surface [334]. Resolution for 
conjugates bound to shorter ssDNAs can be improved by increasing the effective size of the conjugates by 
hybridization with longer complementary ssDNA strands that are later removed by competition or heating 
[335]. Further, since separation is dependent on the effective increase in size of ssDNA-AuNPs, smaller 
AuNPs provide better resolution in separation. Apart from separation, gel electrophoresis can also be used 
to evaluate the availability of ssDNA strands for hybridization [310]. However, ultimately it should be 
noted that gel electrophoresis is not a high throughput technique, often resulting in reduced product yield, 
and, for successful separation, a substantial size difference is necessary. 
 
Changes in the mobility of ssDNA-AuNPs also result from differences in their size caused by the different 
conformations of ssDNAs on the AuNP surface (Figure 18c) [310]. ssDNA conformation is determined by 
a balance between specific Au-S interactions, non-specific nucleotide–AuNP interactions, and the entropic 
preference of ssDNA related to the labeling density, sequence, and length of ssDNAs employed. At low 
labeling density (i.e., 1 to a few), ssDNA favors a wrapped configuration governed by the gain in non-
specific binding energy. In this conformation, the ssDNA chains lay relatively flat on the AuNP surface. 
The wrapped configuration inhibits hybridization with DNA origami structures, especially for ssDNAs with 
high GC content because of their stronger non-specific adsorption probability. At intermediate densities, 
ssDNAs assume a random-coil arrangement because of increased entropy. This configuration favors 
hybridization. At high densities, near saturation, ssDNA is sterically constrained to a conformation 
perpendicular to the AuNP surface. This configuration sterically decreases availability for association with 
complementary ssDNAs below a critical length of 30 bp. Above this critical length, entropy favors random 
coil organization of the remaining ssDNA, enabling recognition of the complementary strand.  
 



 
Figure 18. (a) ssDNA-AuNP conjugation strategies (i.e., salt aging, modified salt-aging, Instantaneous, 
and low pH methods). Reproduced with permission from [331] Copyright 2012 American Chemical Society.  
(b) Gel purification for separation of ssDNA-AuNPs from excess and unconjugated ssDNA across a wide 
range of ssDNA lengths. Reproduced with permission from [334, 335] Copyright 2001, 2011 American 
Chemical Society. (c) Length dependent ssDNA conformation on AuNPs (coiled, stretched + coiled, 
stretched). Reproduced with permission from [310] Copyright 2003 American Chemical Society. (d) 
Sequence based interaction of ssDNAs with the AuNP surface. Reproduced with permission from [314] 
Copyright 2008 American Chemical Society. (e) Different thiol anchor groups (mono, di, cyclic) for 
attachment of ssDNAs on the AuNP surface. Reproduced with permission from [328] Copyright 2013 
American Chemical Society. 

Apart from gel electrophoresis, ssDNA accessibility can also be evaluated by hybridization of ssDNA-
AuNPs with fluorophore-modified complementary ssDNA, followed by DNA displacement and 
fluorescence quantification [336]. Implementing this method, a lower hybridization efficiency was 
observed for far-ssDNA sequences and near-ssDNA sequences [314] (i.e., bases near and far from the thiol 
terminus). This was most likely because near-ssDNAs thermally fluctuated into many different 
conformations that hindered the hybridization, whereas far-ssDNAs pinned the entire ssDNA length to the 
AuNP surface, making it unavailable for hybridization [314] (Figure 18d). In contrast, higher hybridization 
efficiency was observed for sequences with high-affinity groups in the middle of ssDNA (mid-ssDNA) 
because of limited thermal fluctuations and good availability for complement binding. Also, the observed 
effect on hybridization efficiency decreased with the strength of non-specific interactions (G > C > A).  
 
Sometimes the goals of maximizing AuNP stability and maximizing subsequent binding availability are in 
conflict. Improving the colloidal stability requires maximized ssDNA labeling density, whereas 
accessibility for complementary binding is enhanced at intermediate labeling densities for ssDNA 
sequences below a critical length. Therefore, careful design of AuNP size and functionalization method, as 
well as ssDNA length and sequence, are necessary for the formation of ssDNA-NP composites with DNA 
nanostructures. Recent studies have focused on pushing the limits of AuNP colloidal stability at low 
labeling densities by modification of thiol anchor group structures (Figure 18e) [328] or by depletion 



stabilization of AuNPs through introduction of non-adsorbing polymers that maintain surface accessibility 
of ssDNA strands [337]. The kinetics and thermodynamics of hybridization of free, complementary 
ssDNAs and ssDNAs on AuNP surfaces have also been investigated for certain sequences [338]. Thus, 
guiding principles for ssDNA-AuNP conjugation, purification, and hybridization are available to meet the 
design parameters required for AuNP-DNA composite formations. However, similar studies with other 
plasmonic NPs are needed to expand the scope of this work. 
 

4.1.2 Quantum dots (QDs) 

QDs are semiconductor NPs with spatially confined electrons, which, on electronic/optical excitation, relax 
back to their ground state with size-dependent (2-10 nm) radiative emission in the visible to near infra-red 
range (i.e., 400-750 nm) [339]. QDs exhibit interesting photophysical properties, such as high absorption 
(>105 M-1.cm-1), broad excitation spectra, narrow emission bandwidth (FWHM < 40 nm), long fluorescence 
lifetime (10-100 ns), Stokes shift (2-20 meV), and resistance to photobleaching that make them attractive 
candidates for fluorescence imaging and energy harvesting applications [339, 340]. Additionally, similar to 
plasmonic NPs, semiconducting quantum dot nanocrystals (QDs) demonstrate interesting proximity-
induced emergent properties, such as quantum well interactions that generate red-shifted fluorescence in 
identical QDs [341], directional energy transfer in complex arrangements of varying size QDs [342], and 
FRET with neighboring plasmonic NPs and other acceptors [343]. DNA nanostructures present an optimal 
platform to precisely engineer QD assembly for optoelectronic, photonic, and sensing applications [341, 
342, 344, 345]. However, as with plasmonic NPs, stable ssDNA functionalization is a crucial step in 
forming QD-DNA composites, which, unfortunately, is extremely challenging for these materials. 
 
Analogous to AuNP modification with ssDNAs, the first reports of ssDNA-QDs utilized direct attachment 
of thiolated ssDNAs to the NP surface (Figure 19a, left) [346]. In particular, cadmium, a primary constituent 
of the most common types of QDs, has high-affinity for thiol groups, similar to AuNPs. QD synthesis is 
typically performed in a non-polar organic solvent using the high temperature precursor decomposition 
method [347]. Thus, QDs must first be transferred into the aqueous phase to be compatible with ssDNA 
strands. As a result, the process of direct ssDNA attachment to QDs involves two steps: (i) Organic ligands 
are exchanged with polar ligands for aqueous solubilization (e.g., mercaptopropionic acid (MPA), 
mercaptoacetic acid (MAA), thioglycerol, or glutathione (GSH)), followed by (ii) Salt-aging with reduced, 
thiolated ssDNA for 22-40 hours (e.g., monothiol–ssDNA, dithiol phosphoramidite (DTPA)–ssDNA) [346, 
348, 349]. In an aqueous environment, thiols on the QD surface are present in a dynamic equilibrium 
between thiol (-SH) and the thiolated (S-) states. The -SH state interacts weakly, whereas the -S- state 
interacts strongly with surface metals. However, unlike Au-S dative bonds, the strength of QD-S bonds is 
on the order of thermal energy at room temperature [313, 350]. As a result, polar ligands and ssDNA are 
perpetually adsorbing and desorbing to/from the QD surface. Such changes can occasionally be 
accompanied by removal of surface metal ions [351], which can create surface defects that adversely affect 
QD optical properties. Further, fluctuation between -SH and -S- forms of thiolated ssDNA on the QD 
surface increases the probability of disulfide formation between two ssDNA, which completely eliminates 
ssDNA re-binding potential [352]. Although the QD-thiol bond can be strengthened by increasing the 
number of adsorbing sulfurs per ligand, the driving force for exchange of existing polar ligands with 
thiolated ssDNA is low because of similar binding energies. Consequently, a high excess of ssDNA is 
required to increase ssDNA loading per QD. For applications that require colloidal stability at high salt 
concentrations (10 mM MgCl2), such as binding to DNA origami nanostructures [349], this can require a 
large amount of ssDNA. Alternatively, high ssDNA loading (~25 ssDNA/QD) can be achieved by pre-
concentration of QDs and thiolated ssDNA on a positively-charged magnetic bead through electrostatic 
interactions [348]. This approach increases proximity-induced binding, providing potential colloidal 
stability at high salt concentrations (Figure 19a, right). Apart from sulfur, peptides, such as polyhistidine, 
also demonstrate high affinity towards QD surfaces through strong coordinating interactions with cationic 
transition metals (e.g., Zn). Therefore, ssDNA modified with polyhistidine tags [353, 354] can be directly 



linked to QD surfaces by incubation for one hour (Figure 19a, middle). With multiple attachment sites that 
occupy a large surface area, polyhistidine linkers form stable QD-ssDNA conjugates even at low ssDNA 
labeling density. Density is limited by the surface area available for binding, which decreases ssDNA 
electrostatic repulsion at high ionic strength solutions. 
 
Functional group-modified ssDNA can also be covalently attached to the reactive groups on aqueous QDs 
through various cross-linker chemistries (Figure 19b), such as carbodiimide chemistry between QD 
carboxyl groups (-COOH) and aminated ssDNA (-NH2) [305, 355-358], sulfhydryl (-SH) reactive 
heterobifunctional chemistry between QD-SH and aminated ssDNAs [359, 360], avidin-biotin interactions 
[354, 361], and chemoselective biorthogonal alkyne-azide click chemistry [362, 363]. Required reactive 
groups can be introduced to aqueous QDs through ligand exchange using bifunctional molecules, such as 
MPA, MAA, and dihydrolipoic acid (DHLA), for which carboxylate anions provide solubilization in 
addition to a reactive site. The pH-dependent protonation equilibrium of thiolate (pH > 7) and carboxylate 
(pH < 7) anions limits QD solubility over time and narrows the range of stability to near physiological pH 
(pH 7). Additionally, repulsion by negatively-charged carboxylate anions at a high ligand surface density 
decreases ssDNA conjugation efficiency [358]. To overcome these limitations, multidentate ligands with a 
mixture of different reactive groups (-COOH, -NH2) and solubilizing hydroxyl (-OH) or polyethylene 
glycol (PEG) groups that decreases anionic density can also be employed [306, 356]. Further, silanization 
[364] and poly-functional polymers [359] have also been explored to improve aqueous solubilization and 
introduce functional groups to QDs. 
 



 



Figure 19. (a) Direct ssDNA attachment to QD surface through QD-thiol bond, QD-polyhistidine bond and 
enhanced labeling density on pre-concentration of thiolated ssDNA and QD on magnetic beads. 
Reproduced with permission from [346, 348, 353] Copyright 1999, 2007, 2016. (b) Indirect routes of QD-
ssDNA conjugation through cross-linker chemistries, Click chemistry, carbodiimide chemistry, and 
heterobifunctional chemistry (clock-wise). Reproduced with permission from [305, 306, 359, 365] 
Copyright 2007, 2012, 2013, 2015 American Chemical Society. (c) DNA embedding in the shell of core-
shell QDs and QD-DNA origami composites. Reproduced with permission from [303] Copyright 2012 
American Chemical Society. 

Despite these modifications, limited efficiency of most cross-linking chemistries, such as carbodiimide 
chemistry [366], and non-specific or electrostatic interactions of ssDNAs with the QD surface and surface 
groups [315] strongly limits their colloidal stability, and consequently, applicability at high salt 
concentrations required for DNA nanostructure binding. In contrast, larger ssDNA-QDs synthesized by 
implementing thick polymer-coated or silanized QDs with improved colloidal stability limit the 
applications of QD-DNA assemblies because of increased inter-particle distances. Theoretically, these 
limitations could be overcome by employing recently developed stable and compact multi-functional QDs 
for ssDNA-QD conjugate formation [367-369]. These QDs are wrapped by multidentate functional ligands 
that passivate the QD surface while also providing multiple reactive groups through a loops-trains-tails 
approach. These QDs display improved solubility across a wide pH range, desirable for improving cross-
linking efficiency, with a compact coating that decreases inter-particle spacing. After conjugation, the 
colloidal stability of the resulting ssDNA-QDs could also be improved by depletion stabilization at low 
ssDNA loading densities through addition of non-adsorbing polymers (e.g., PEG) [365]. However, ssDNA 
functionalization of compact, ‘loops-trains-trails’ QDs and depletion stabilization of the ssDNA-QDs has 
not yet been experimentally demonstrated and will require future investigation. 
 
The ssDNA-QD functionalization strategies described above have primarily been implemented post-
synthesis, which increases the formation of surface traps, vacancies or defects on the QD surface that 
introduce defects in the QD band structure degrading QD optical performance. These risks could potentially 
be eliminated by utilization of ssDNA as the capping ligand, either during synthesis of QD cores or during 
formation of the shell. Given the high affinity of sulfur toward most transition metals, in-situ ssDNA 
functionalization has been attempted by the introduction of thiol-modified ssDNA during zinc sulfide (ZnS) 
shell synthesis on CdSe cores [370]. The resulting QDs displayed colloidal stability in salt concentrations 
of up to 6.25 mM magnesium (Mg+2). In addition, these ssDNA-QDs displayed high ssDNA labeling 
density. However, complex DNA nanostructures demand colloidal stability at even higher ionic strengths 
(20 mM divalent Mg) [304, 319]. This might be achieved by increasing the number of thiol groups in the 
QD shell. For example, a subsequent investigation utilized phosphorothiolated phosphorodiester ssDNA 
(ps-po-ssDNA), which contains multiple, consecutive thiol groups, during shell growth to strengthen 
ssDNA integration [303]. The embedded ssDNA-QDs (Figure 19c) exhibited high quantum yield (>50%) 
and improved colloidal stability at high salt concentrations (> 100 mM Mg+2) across a wide pH range (4-
12). Further, these ssDNA-QD conjugates displayed an ssDNA configuration that permitted formation of 
QD-DNA composites via hybridization (Figure 19c) [303, 371]. 
 
Thus, there are three current approaches for QD functionalization with ssDNA: (i) direct attachment of 
thiolated- or histidine- modified ssDNA, (ii) indirect covalent conjugation of ssDNA using cross-linking 
chemistries, and (iii) in situ ssDNA integration during QD shell synthesis. Despite advances in each of these 
functionalization approaches, most studies do not extend beyond preliminary demonstration of successful 
ssDNA conjugation. Significant optimization of conjugation and purification processes and ssDNA 
sequences is needed to improve yield, photoluminescence efficiency, ssDNA labeling density, and colloidal 
stability at high salt concentrations. In addition, studies capturing the effect of ssDNA sequence on the 
efficiency of specific conjugation chemistries and subsequent hybridization efficiency are vital because of 
the natural predisposition of ssDNA for non-specific interactions with transition metals and charged 



entities. Furthermore, despite the development of ssDNA-QDs that satisfy the design criteria for formation 
of QD-DNA composites, such as embedded or directly adsorbed ssDNA-QDs [303], development of 
functional assemblies or hybrids with other NPs (i.e., AuNPs) on DNA origami platforms is limited. 
Therefore, substantial research is needed to identify ideal methods of generating ssDNA-QDs suitable for 
use with complex DNA nanotechnology platforms and to implement them in functional devices. 
 

4.1.3 Iron oxide nanoparticles 

Magnetic NPs (MNPs) have potential for applications in nanorobotics, electronics, high-density data 
storage, sensing, computation, and medicine by virtue of their ability to introduce magnetism, store 
information, and interact with neighboring magnetic dipoles [372]. Similar to other inorganic NPs, directed 
self-assembly of MNPs using DNA origami platforms can undoubtedly facilitate synthesis of tailored 3D 
assemblies for these applications. As with other materials, the primary challenge for realizing such 
assemblies is the synthesis of ssDNA-MNPs that are stable in high ionic strength conditions and with 
accessible ssDNA for complementary ssDNA hybridization. Superparamagnetic iron oxide NPs (SPIONs) 
are considered particularly interesting amongst MNPs because they can be non-cytotoxic, are easy to 
synthesize using a variety of reducing agents, and display high saturation magnetization as well as high 
susceptibility of a paramagnetic nature [316]. As a result, SPIONs are the most investigated MNPs. 
 
Similar to other inorganic NPs, ssDNA-SPIONs were initially developed for use in oligonucleotide 
detection [373]. Since the spin-spin (T2) relaxation of nearby water protons is enhanced for cross-linked 
SPIONs compared to dispersed SPIONs, oligonucleotides can be detected by measuring changes in T2 
relaxation of ssDNA-SPION colloidal solutions after the addition of complementary oligonucleotides. One 
early demonstration of this principle employed dextran-coated SPIONs synthesized by reduction of iron 
salts [373, 374] that were conjugated to ssDNA in a multi-step process. Briefly, dextran-coated SPIONs 
were cross-linked with epichlorohydrin, followed by reaction with ammonia to produce amine-terminated, 
cross-linked SPIONs (CLIO-SPIONs) [375]. Finally, CLIO-SPIONs were conjugated to thiolated ssDNA 
using N-succinimidyl 3-(2- pyridyldithio)propionate (SPDP) as the linker. This approach provided ssDNA-
SPIONs with colloidal stability in up to 1 M NaCl with suitable ssDNA accessibility for hybridization. 
Thus, these conjugates satisfy the structural design criteria for association with DNA nanostructures. 
However, the colloidal stability of these ssDNA-SPIONs at high ionic strength most likely results from the 
thick dextran coating [376], which does not hinder T2 enhancement of cross-linked SPIONs, but does reduce 
magnetic dipole interactions because of increased inter-particle distance. Therefore, applications of these 
ssDNA-SPIONs would be limited on DNA nanostructure platforms. 
 
In addition to aqueous syntheses, SPIONs are commonly synthesized by thermal decomposition of iron 
precursors in the presence of organic surfactants, such as oleic acid. This approach yields highly 
monodisperse solution of SPIONs desirable for practical applications [377]. As with QDs, aqueous transfer 
of these NPs is required prior to ssDNA functionalization and can be achieved by ligand exchange, in this 
case with bifunctional ligands containing phosphonate and carboxylate groups as iron oxide crystals have 
high affinity towards these anions [311]. Recently, a surfactant-mediated method was developed for 
ssDNA-SPION formation through ligand exchange (Figure 20a, left) [378]. In this approach, organic 
SPIONs in hexane were exposed to a surfactant mixture of alkyl phosphonates and ethoxylated fatty 
alcohols dissolved in dichloromethane for an hour, triggering ligand exchange with alkyl phosphonates that 
formed an intercalated bilayer with alkyl phosphonates and ethoxylated fatty alcohols. After magnetic 
separation and purification, the polar, bilayer-coated SPIONs were dissolved in aqueous solution, and the 
outer layer was substituted with alkyl-chain modified ssDNAs by incubation for 2 hours. In this scheme, 
the hydrophobic alkyl-chain can be modified with ssDNA by reaction of amine-terminated ssDNA with 
activated succinimidyl alkyl chains. The success of ssDNA-SPION conjugation and hybridization 
accessibility was demonstrated through gel electrophoresis (Figure 20a, middle) and SPION clustering 
(Figure 20a, right), respectively. However, the resulting ssDNA-SPIONs were colloidally stable only up to 



0.3 M NaCl because of charge screening of the stabilizing phosphonate groups. Thus, these structures would 
not be suitable for generating NP-DNA composites. 
 

 
Figure 20. (a) Surfactant-assisted ssDNA-SPION conjugation: Schematic of surfactant-coated SPIONs (4a, 
left), Gel purification of ssDNA-SPIONs showing successful conjugation. Lanes (L to R): carboxylated 
SPIONs, control, carboxylated SPIONs + DNA succinimidyl SPIONs, control succinimidyl SPIONs + 
DNA, succinimidyl carboxylate SPIONs + amine DNA (4a, middle). The final lane shows reduced migration 
consistent with a larger size because of ssDNA conjugation. SPION hybridization in presence of 
complementary and non-complementary ssDNA-SPIONs (4a, right). Reproduced with permission from 
[378] Copyright 2005 American Chemical Society. (b) Schematic of click chemistry-assisted ssDNA-SPION 
conjugation (20b, left). Concentration dependent cellular intake of ssDNA-SPIONs compared to non-
functionalized carboxylated-SPIONs indicates successful conjugation (20b, right). Reproduced with 
permission from [379] Copyright 2010 American Chemical Society. 

Recently ssDNA-SPIONs were developed by employing click chemistry as an attempt to replicate the stable 
and high labeling density conjugation of ssDNA-AuNPs (Figure 20b, left) [379]. In this process, aminated 
SPIONs (produced by encapsulation of organic SPIONs within an amphiphilic polymer containing PEG-
NH2) were modified with azide groups by reaction with succinimidyl-4-azidobutyrate. Then, alkyne-
terminated ssDNA was reacted with the SPION azide group by copper(I)-catalyzed azide-alkyne 
cycloaddition (CuAAC) in the presence of copper sulfate and ascorbic acid. Tris-hydroxylpropyl 



triazolylamine (THPTA) was also added to avoid ssDNA degradation by copper. This approach resulted in 
ssDNA-SPIONs with high labeling density (10-70 strands per 10 nm particle) and colloidal stability up to 
1 M NaCl concentration. The accessibility of ssDNA for hybridization was tested by targeted cellular 
uptake (Figure 20b, right). If combined with thinner polymeric coatings, these particles could be ideal 
candidates for use with DNA origami platforms. Further, development of new organo-phosphonates and 
carboxylates with azide and alkyne termination, respectively, that could directly bind to the SPION surface 
could facilitate additional decreases in inter-NP spacing for ssDNA-SPIONs [311]; although, ssDNA 
functionalization of such SPIONs has yet to be performed.  
 
Despite advances in ssDNA-SPIONs, studies using these materials to generate NP-DNA origami 
composites to harness emergent properties are lacking. Besides conjugation, the yield and efficiency of the 
conjugation process and interactions between phosphonate groups on ssDNA strands and the SPION 
surface could influence the success of NP-DNA origami composite formation. These factors have yet to be 
evaluated, necessitating comprehensive study of these issues. 
 
 

4.1.4 General Design Principles for NP-DNA Composite Formation 

 
Whereas we can guide the reader in general design principles based on the extensive body of knowledge 
for AuNPs and limited research in other systems, large areas remain unexplored. In particular, there are 
important differences between NPs functionalized with short ssDNA sequences and those interacting with 
larger DNA nanostructures. Most notably, large DNA nanostructures require substantially higher ionic 
strength environments for stability, which place increasing demands on the colloidal stability of ssDNA-
NPs. Alternative conjugation strategies that maximize colloidal stability are emerging, but need to be 
expanded across NP systems and optimized. Further, it is clear that nucleotide bases interact with NP 
surfaces and can alter their conformation on the NP surface as a result of packing and entropic factors. All 
of these variables alter ssDNA accessibility for hybridization. Whereas some of these factors have been 
empirically addressed in the large body of work combining AuNPs with short DNA sequences, further 
research is required to achieve robust and effective conjugation and integration for NPs compositions 
beyond gold.  
 

4.2 DNA origami design parameters that influence nanoparticle integration 
The high polyvalency of NPs uniformly coated with DNA for binding combined with the high density and 
precise arrangement of possible binding locations on a DNA origami nanostructure results in a wide variety 
of tunable attachment strategies. Most applications simply require efficient and stable binding to all 
intended locations on an origami, but a number of studies have shown that incorporation efficiency can 
vary based on the number, length, and sequence of binding sites. For this reason, we outline some general 
guidelines for DNA origami design parameters that should be taken into consideration depending on the 
intended function of NP-DNA composites. A selection of NP-DNA composite formation schemes 
employed to date can be found in Table 3. 
 
 
 
 
 
 
 
 
 



Table 3. Comparison of NP binding procedures 

Max 
Eff. 

# of 
Conne
ctions 

Buffer Time Temp. NP 
Excess 

NP Sequence Ref NP Types 

98.7 3 1xTE +12mM 
MgCl2 
+300mM NaCl 

1.5 hr RT 10x 19T [380] 17 - 56 
nm AuNP 

98 3 0.5xTBE + 
11mM MgCl2 

24hrs 23°C ~5x 15T [381] 10nm 
AuNP 

>97 4 0.5xTBE + 
12mM MgCl2 

45°C for 41min, 
cool to 20°C at 
0.6 °C/min 

5x CGTAGGA
GCACTGGT 
or 
CGTAGGCG
GTAGAGA 

[382] 10nm 
AuNPs 
and 20nm 
QDs 

94 10 or 
11 

10x TAE + 
125mM 
MgAc2 

40  RT 15x 8T [383] 7nm x 
28nm 
AuNR 

>90 2 1xTE +12mM 
MgCl2 
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Figure 21. Schemes for binding nanoparticles to DNA origami. (a) Depiction of a single nanoparticle 
binding to a single-layer, triangular DNA origami. Different lengths of ssDNAs on both the NP and the 
origami can be employed. Typically, 3 ssDNAs arranged in a triangular conformation are used for NP 
binding. (b) Evaluation of AuNP binding efficiency by overhang length and (c) number of overhangs per 
nanoparticle. Adapted from [385] with permission from The Royal Society of Chemistry. 
 
Early work on NP-DNA composites used monovalently-conjugated NPs that were purified and 
subsequently passivated with short polythymine (i.e., Poly-T) strands before mixing with origami [387]. 
However, the majority of studies utilize NPs fully-coated with strands of the same sequence. The effect of 
parameters such as overhang length, length of ssDNA conjugated to the NP, and number of overhangs in 
close proximity have been studied (Figure 21) [385]. For sequences longer than 20 bps, the number of 
connections between a NP and DNA origami is the greatest factor affecting binding efficiency. Generally 
speaking, most DNA origami are designed with at least three connections per NP. For sparsely organized 
NPs, the attachment to DNA origami is typically carried out in 1xTAE buffer (i.e., a mixture of Tris base, 
acetic acid and EDTA) with 12.5 mM MgCl2 with at least 3 poly-A overhangs on the DNA origami structure 
arranged in a triangular configuration. Complementary poly-T conjugated NPs are usually mixed in at least 
a 5-fold excess relative to the number of binding sites and incubated for at least 40 minutes [173, 277, 380, 



381, 384, 385]. Whereas it is challenging to achieve 100% yields, NP-DNA composites can be gel purified 
to obtain higher ratios of structures with the desired amount of bound NPs. 
 
The use of trivalent binding sites has also been explored under various conditions to optimize the dense 
packing of NPs onto DNA origami [388]. Elevated magnesium levels (70-100 mM Mg2+), NP 
concentrations at a 1.8 to 4.5 fold excess relative to the number of total binding sites, and hybridization 
times on the order of 30 to 90 minutes lead to optimal incorporation of closely-spaced NPs onto flat DNA 
origami structures. For non-spherical NPs, like rods, a greater number of overhang binding sites can be 
arranged on the DNA origami to align the rod in a particular orientation. Gold nanorods (AuNRs) [50] or 
other elongated NPs such as carbon nanotubes [389] can be positioned in specific orientations along a DNA 
origami surface, and DNA origamis can also be used to bind multiple AuNRs in chiral arrangements to 
study or control their optical properties [46, 390, 391]. 
 
Although the location at which overhangs originate on a DNA origami can be designed with nanometer 
precision, the manner in which they attach to NPs as well as the overall flexibility of the DNA nanostructure 
can lead to lower precision in NP positioning. Recent efforts have established that the positional accuracy 
of NPs on DNA origami depends on the particle attachment parameters, including linker length and binding 
configuration [173] (Figure 22a). Generally, shorter connections result in higher positioning resolution, as 
long as binding remains stable. However, this also depends on configuration. Somewhat counterintuitively, 
NPs bound in a ‘zipper’ configuration (Figure 22b, bottom), resulted in larger distances from the origami 
surface than those employing a standard configuration with fewer bases (Figure 22b, middle). This was 
attributed to steric repulsion of the dense coat of DNA on the NP surface in the “zipper” particles.  
 

 
Figure 22. Testing positional accuracy in trivalent binding of AuNPs to DNA origami. (a) Scheme for 
attaching multiple nanoparticles to a DNA origami platform. (b) Different configurations for connections 
to AuNPs. (c) TEM images and center to center distances between nanoparticles for each configuration 
measured using SAXS. Adapted with permission from  [173]. Copyright (2018) American Chemical Society. 
 

4.3 Nanoparticle-DNA origami hybrids: Beyond Gold 
Whereas the majority of NP-DNA composites utilize AuNPs, the broad range of NP properties has led to 
integration with other materials, such as QDs, SPIONs, carbon nanotubes, and vesicles. Although DNA 
conjugation procedures for each nanomaterial may be distinct, the design of DNA origami platforms for 
NP organization in static arrangements is largely similar [382]. QDs-DNA composites were first 
demonstrated by Bui et al., who organized QDs into linear arrangements along a DNA origami nanotube 



via biotin-streptavidin linkages (Figure 23a-i) [51]. Following this basic demonstration of precise 
arrangement, other groups have developed functional composites. For example, the fluorescence of QDs 
immobilized in close proximity to AuNPs can be quenched as a function of interparticle distance and AuNP 
size [392]. 

 
Figure 23. NP-DNA composites, beyond gold. (a-c) Biotin-functionalized DNA origami nanotube. (d-f) 
Subsequent attachment of streptavidin as an interface between DNA nanotubes and quantum dots. (g-i) 
Attachment of quantum dots along the DNA origami nanotube, forming arrays. (a-i) Adapted with 
permission from [51]. Copyright (2010) American Chemical Society. (j) Attachment scheme for binding 
CNTs to DNA origami arrays through non-specific ssDNA wrapping. (k) AFM images of CNTs bound to 
individual DNA origamis and DNA origami arrays. (j, k)Adapted with permission from [393]. Copyright 
2013 American Chemical Society.  
 
 



Other efforts to form NP-DNA composites include attachment of single wall carbon nanotubes (SWCNT) 
to DNA origami structures. SWCNTs exhibit very interesting material properties, such as exceptional 
stiffness and tensile strength with very high electrical and thermal conductivities. Integration with other 
nanotechnologies, such as DNA origami, would have clear applications in creating composite materials 
with novel properties; however, SWCNT attachment to DNA origamis is non-trivial, and several methods 
have been developed. One such method used SWCNTs labeled with ssDNA through physisorption that also 
contained a double stranded region and an LNA toehold [389]. The double-stranded region protects the 
DNA from completely binding to the SWCNT, which would prevent subsequent attachment to an origami 
structure. The LNA toehold initiates binding to the origami structure, which proceeds to stably bind to the 
SWCNT by strand displacement. Other methods for attaching carbon nanotubes using streptavidin-biotin 
linkages have also been investigated [394], whereas others demonstrated triangular arrangement of 
SWCNTs [395], or binding of short or long CNTs using linear DNA origamis [393] (Figure 23j,k). Most 
recently, Atsumi et al. used DNA origami to controllably cut SWCNTs via the precise positioning of hemin-
bound G-quadruplexes [396]. Although various attachment schemes have been presented, overall yields for 
SWCNT attachment are typically < 60%, which necessitates improvements in attachment efficiency before 
nanoelectronics composed of SWCNTs arranged by DNA origami can be realized. 
 
Whereas no current studies have incorporated SPIONs with DNA origami structures, two studies have 
investigated the assembly of SPIONs using other DNA constructs. In both cases, SPION-DNA composite 
assembly was achieved via electrostatic interaction between positively-charged SPIONs and negatively-
charged DNA. In the first example, a long DNA molecule was used to template the assembly of iron oxide 
NPs, cobalt/iron oxide NPs, and AuNPs. The resulting composite wires were immobilized on silicon oxide 
substrates (Figure 24a) and characterized via AFM and magnetic force microscopy (MFM) [397]. In the 
second example, DNA molecules were used to arrange SPIONs (Figure 24b) for applications in magnetic 
resonance imaging (MRI). In this study, linear AuNP arrays and linear iron oxide NP arrays were separately 
prepared by templating with DNA molecules via electrostatic interactions. These arrays were then 
connected via DNA ligation, resulting in AuNP-SPION chains. This approach provided advantages over 
DNA chains with repeating segments of SPIONs and AuNPs, enhancing proton relaxation because of 
intersegment interactions [398]. 
 



 
Figure 24. (a) DNA templated magnetic, iron oxide nanowires on a silica oxide substrate. Reprinted with 
permission from [397]. Copyright (2007) American Chemical Society. (b) Linear DNA scaffold 
arrangement of magnetic, iron oxide nanoparticles. Adapted from [398]. Published by The Royal Society 
of Chemistry. 
These examples provide a window into the future prospects for SPION-DNA composites. Although 
SPION-incorporated DNA nanostructures have not been explored, we expect that this area of research will 
expand because of the broad range of potential applications, including information storage and transfer, 
biological imaging, sensing, and nanorobotics. However, many of these applications will require the 
development of controlled strategies to integrate SPIONs at site-specific locations onto DNA origami 
structures. 
 

4.4 Higher-order, static nanoparticle-DNA composites 

Although precise arrangement of NPs on DNA origami is useful, many materials applications require 
individual units to be scaled in size by the formation of higher-order architectures. Several groups have 
demonstrated higher-order static structures that utilize NPs as structural elements using supramolecular 
assembly strategies. Such assemblies have recently been reviewed elsewhere [33, 58, 59, 62, 63, 181, 399]. 
More recently, methods for leveraging DNA nanostructures to create higher-order assemblies of NPs with 
improved control of NP arrangement have been explored. One such method uses DNA origami platforms 
in a stacking assembly to create linear “pillars” of repeating NP patterns [400]. Other variations of 
supramolecular assembly strategies include octahedral DNA origami frames connected by NPs at the frame 
vertices [294]. However, such frames have only been used to create 1D and 2D lattices. Building towards 
larger NP-DNA composites, cubic diamond superlattices have been self-assembled using a combination of 
NPs that mediate vertex connections between tetrahedral structures, as well as a caged NP within the DNA 
origami (Figure 25a-c)[401]. More recently, 3D DNA origami crystals using a 3-strut, tensegrity-based 
structure with 3-fold rotational symmetry were used as host lattices for NPs, demonstrating a generic 



scheme for higher-order assembly [277]. The monomeric 3-strut origami structure could be polymerized 
into a 3D rhombohedral lattice through base stacking interactions between shape complementary blunt ends 
on each strut. Additionally, AuNPs were incorporated into these structures as a proof of principle, showing 
that these crystals could host particles up to 20 nm in size (Figure 25d, e). DNA origami-supported 
crystalline lattices of AuNPs produced distinct SAXS signatures, which were useful for bulk 
characterization of NP lattices. 
  
Other methods for hierarchical assembly of complex NP architectures using DNA origami include DNA 
origami rods, which serve as radial spacers between a central NP and multiple satellite NPs [402]. By 
changing the length and cross section of attached DNA origamis, the distribution and average radial 
distance between central and satellite particles could be controlled. Additionally, varying the sizes of central 
and satellite NPs affected the spherical packing of NP clusters. Similarly, DNA origami “flowers” have 
been designed, such that the origami folds around a NP during the self-assembly process to create spatially 
addressable NP surfaces [403]. AuNP flowers could then form 1D and 2D lattices through addressable 
connections on the ends of pedals (Figure 25f-i). These novel schemes for static, higher-order assemblies 
show a promising path towards the creation of highly tunable plasmonic metamaterials with novel 
properties that emerge from the precise arrangement of NPs. 
 



 



Figure 25. Higher-order nanoparticle-DNA composites. (a) Tetrahedral DNA origami with a caged 
nanoparticle. (b) Representations of crystalline order in tetrahedral origami connected via nanoparticles 
with and without a central-caged nanoparticle. (c) Cryo-STEM images of nanoparticle superlattices. (a-c) 
From [401]. Reprinted with permission from AAAS. (d) DNA origami tensegrity triangles with 
nanoparticles assembled by blunt end stacking. (e) TEM images of 3D DNA origami crystals hosting 
AuNPs. (d,e) Reprinted with permission from [277]. Copyright (2018) WILEY-VCH. (f-i) DNA origami 
nanoflowers assembled around AuNPs with sticky ends to form 1D and 2D arrays. Reprinted with 
permission from [403]. Copyright (2016) American Chemical Society. 
 

4.5 Dynamic nanoparticle-DNA origami composites without emergent 
properties 

Whereas the majority of NP-DNA origami composites leverage precise positioning of NPs, another major 
advantage of DNA origami is the capability of controlling and integrating NPs within dynamic devices. 
Within the subset of dynamic NP-DNA origami composites, NPs are often used as quenchers or enhancers 
for fluorescent readouts. For instance, fluorescent dye molecules in close proximity to individual NPs can 
exhibit substantially reduced fluorescence, which provides a useful detection scheme for biomolecules 
[404]. Additionally, DNA origami has been used as a platform to study NP quenching of fluorophores [386] 
and QDs [405]. This detection scheme can be used as a readout for various configurations of dynamic DNA 
origami in a manner similar to DNA origami with FRET pairs. Recently, the fluorophore quenching effect 
was used to characterize electrically-driven motion of a DNA origami arm rotating on a platform by 
monitoring a AuNR that could quench fluorophores placed along the platform [75].  
 
NPs incorporated as dynamic structural elements have also been used to generate sliding filaments. NPs 
were bound between two DNA origami filaments with site-specific toe-holds, resulting in sliding behavior 
between filaments [406] (Figure 26a). In this configuration, NPs served as pinion gears, offering a novel 
means of coupling rotational and linear motion in a nanoscale slider. AuNP-fluorophore interactions can be 
incorporated into dynamic devices as a readout to monitor the state of a thermoresponsive flexor. In this 
flexor, two hinged arms of a DNA origami structure were joined by a pNIPAM thermo-responsive molecule 
near their vertex, which served to close the flexor upon heating above 32°C (Figure 26b) [295]. As a readout 
for the state of the flexor, a AuNP and fluorophore pair were used. In the open configuration, the pair are 
sufficiently separated to prevent interaction. Upon closing, the NP and fluorophore are brought into 
proximity and the NP enhances the fluorescence of the fluorophore because of electric field enhancement 
around the NP.  
 
A number of studies have utilized AuNPs to verify or calibrate motion within dynamic systems because 
NPs provide strong contrast in TEM imaging. For example, in a three-arm structure used to control the 
spacing between multiple enzymes, AuNPs were used in place of enzymes to calibrate arm-to-arm distances 
[407]. Similarly, although the primary purpose of a rhombic nanoactuator was to demonstrate 
reconfigurable spacing between two biomolecules, initial demonstration of actuation was performed using 
AuNPs (Figure 26c) [408].  



 
Figure 26. Various uses of NPs in dynamic DNA origami composites. (a) DNA origami sliding mechanism 
in which nanoparticles mediate movement. Made available under the terms of the Creative Commons 
Attribution-NonCommercial 3.0 Unported License, creativecommons.org/licenses/by-nc/3.0/. Reproduced 
from Reference [406]. (b) AuNP used as a fluorophore quencher to read out the state of a thermoresponsive 
DNA origami hinge mechanism. Reprinted with permission from [295]. Copyright (2018) Wiley. (c) 
Rhombus-shaped DNA origami nanoactuator with nanoparticles used to visualize binding modes. Made 
available under the terms of the Creative Commons Attribution-NonCommercial 3.0 Unported License, 
creativecommons.org/licenses/by-nc/3.0/. Reproduced from Reference [408]. (d) Liposomes captured by 
dynamic DNA origami arrays that can be fused to form a lipid tubule, which can then be bent by the origami 



array. Reprinted with permission from Springer Nature: Nature Chemistry [409], copyright 2019. Scale 
bars for images are (a) 100nm, (d) 400 nm. 
 
Other studies have sought to demonstrate control over multiple NPs. A photoswitchable nanotube 
constructed using tile-based DNA origami was functionalized with AuNPs [410]. Azobenzene modified 
hairpin strands were then integrated to enable light-actuated expansion and contraction. Similarly, DNA 
nanoladder structures have been used as scaffolds to form linear arrays of AuNPs [411]. The arrays were 
constructed such that the addition of salt would asymmetrically alter the electrostatic repulsion along the 
nanoladder, forcing it to curve into a nanoring. In addition to inorganic NPs, an intriguing example of a 
dynamic DNA origami system utilized DNA origami cages to manipulate arrays of lipid vesicles (Figure 
26d) [409]. More densely packed cages resulted in membranes, fusing into a single tubule with geometry 
defined by the origami structure. Actuating the DNA origami arrays through strand displacement yielded 
lipid tubes that could be dynamically controlled. Although organic NPs, such as lipid vesicles, may only 
loosely be considered NPs within the context of this review, we highlight this structure as an example of 
higher-order dynamic DNA origami with nano-sized particles that form a novel composite. 

5 Emergent Properties in NP-DNA composites 
5.1 Hybrid plasmonics 

In recent years, the field of plasmonics has emerged as a promising area of research with potential 
applications in spectroscopy [412-414], chemical and biological sensing [415], nanophotonics [416], and 
for generation of metamaterials that have potential applications in superlenses [417], broadband circular 
polarizers [418], and optical cloaking [419]. Many of these applications relay on the presence and 
interactions of plasmons in NPs. In general, a plasmon is a quasiparticle arising from strong light-matter 
interactions in metals. In this regime, neither the photons nor the electrons are well-defined excitations of 
the system by themselves, and only coherent combinations of the electronic and photonic wave functions 
(plasmons) remain. These excitations are of interest for a number of intriguing properties, ranging from the 
potential to build photonic devices at length scales much shorter than the wavelength of light (since the 
plasmon wavelength is typically much shorter than the photon wavelength) to the opportunity to propagate 
“on chip” with minimal loss. Of particular interest here is the phenomenon of surface plasmon resonance 
(SPR), which can enhance light-matter interactions by 6 orders of magnitude or more [420]. These 
resonances are extremely sensitive to the size and shape of the metallic nanostructures on which they occur. 
Plasmons and their interactions can be engineered in NP systems to provide a powerful and flexible 
approach to solving problems in chemical and biological sensing, nanophotonics, and spectroscopy. 
Constituent nanostructures range from isolated metal nanospheres, to dimers, clusters, and ordered arrays. 
We discuss these applications in the following subsections along with theoretically predicted and 
experimentally tested schemes for their implementation.  
 
Plasmonic interactions occur between NPs placed in close proximity (~5-10 nm), which can be challenging 
to achieve. DNA origami promises a simple and cost-effective method to implement plasmonic devices 
with unparalleled ability to control the 3D NP arrangement at nanometer-scale resolution via self-assembly 
[173]. Therefore, DNA origami-based fabrication of plasmonic devices has been an active area of research. 
In parallel, the field of non-DNA based fabrication of plasmonic structures (with techniques such as electron 
beam lithography (EBL), physical vapor deposition (PVD), chemical patterning, etc.) has been developing 
over the last decade. These more traditional approaches to plasmonics have been reviewed previously [63, 
421, 422]; here, we summarize key results based on these approaches to allow the reader to directly compare 
the efficiency and feasibility of DNA-based and other schemes and to highlight the unique advantages of 
DNA origami-based fabrication. 
 



5.1.1 Conventional plasmonic structures 

An important application of NP arrays, such as those that can be assembled using DNA origami, is 
implementation as plasmonic waveguides. Plasmonic waveguides provide a means for guiding 
electromagnetic energy with a lateral mode size below the diffraction limit (e.g., a few 100 nm). In higher-
order arrangements, in which NPs are within a few nanometers of each other (less than the diameter of NP), 
the wave functions of plasmons on individual NPs are coupled to form delocalized wave functions and 
collective excitations. This enables the creation and tuning of non-localized states that can efficiently 
transmit energy between NPs. Fabrication of efficient and easily implementable plasmonic waveguides has 
been an active area of research.  
 
The most crucial aspect of implementing a plasmonic waveguide is the precise placement of NPs with short 
inter-particle separation (i.e., spacing  ≤ NP diameter). To this end, various physical and chemical 
deposition techniques have been developed to organize NPs at these length scales. Each of these techniques 
offers unique advantages, and all have been experimentally implemented for efficient fabrication of 
plasmonic arrays. One such technique is electron beam lithography (EBL) [423], which scans a focused 
beam of electrons to create custom designs on a substrate covered with an electron-sensitive film, followed 
by removal of exposed or unexposed parts. Metallization can then be performed in a patterned way. EBL 
allows efficient size and distance control, with precise placement of nanofeatures in closely spaced arrays 
(Figure 27a) [421]. It also offers versatility in terms of material composition of the arrays as it works 
through a lift-off process, allowing any material that can be deposited and withstand lift-off to be 
implemented in a plasmonic waveguide. However, EBL-based approaches can prove challenging for 
deposition of arrays composed of complex materials such as core-shell NPs. Another powerful approach 
that allows easier implementation for complex material arrays is AFM-based manipulation [421], in which 
an AFM tip is used to manipulate, for example, randomly deposited AuNPs (Figure 27b). The interparticle 
distance resolution is defined by the size of the AFM tip, which could be advantageous or restrictive, 
depending on the desired length scales. 
 

 
Figure 27. (a) SEM image of a plasmonic waveguide with 60o bend fabricated using E-beam lithography, 
the AuNPs are 50 nm in diameter and spaced by 75 nm (center to center), (b) AFM image of a straight 
plasmonic waveguide assembled using an AFM tip. Adapted with permission from [421]. Copyright (2001) 
Wiley. 
 
Although physical deposition techniques allow precise control over NP organization, soft-lithography 
techniques offer the advantage of direct assembly of NPs from a colloidal solution. Soft-lithography 
techniques exploit interactions between NPs in solution and topographical or chemical patterns on a 
substrate to strategically place NPs into periodic arrays [424, 425]. For example, one such approach 
confines NP into arrays using topographical features patterned on the order of the interparticle distance 
(Figure 28a). This technique has been applied to obtain selective assembly of AuNPs on a substrate 
patterned with polymethylmethacrylate (PMMA) [426]. Alternatively, chemical patterning can be used to 
fabricate long range NP arrays mediated through NP self-assembly (Figure 28b). This approach utilizes 
micro-contact printing to pattern patches of functional groups on a flat surface, which can adhere to NPs. 
This strategy was applied for tuning the assembly of AuNRs by manipulating the electrostatic interactions 



between the AuNRs and poly(2-vinylpyridine) chemical patches [427]. Many similar fabrication 
approaches can be found in the literature [428]. Within the scope of this review, our main goal is to give a 
basic introduction and provide examples of these methods as a basis for comparison to DNA origami-based 
approaches discussed below. 

 
Figure 28: a) Schematic depiction of 1D nanoparticle assembly with different sizes and separations on the 
same substrate by varying the width of PMMA trenches. Adapted with permission from [426]. Copyright 
(2011) American Chemical Society. b) 1D array of Au nanorods deposited on a pattern using chemical 
contrast. Adapted with permission from [427]. Copyright (2012) American Chemical Society. 
 

5.1.2 DNA origami-based achiral plasmonic structures 

Given the capabilities of DNA origami to organize NPs, especially AuNPs, this approach is well-suited to 
create tailored NP assemblies for engineering plasmonic interactions. These approaches have been used to 
generate a variety of structures ranging from DNA origami bundles to template linear NP arrays [51, 380, 
429, 430] to DNA origami-NP nanoflowers that yield linear and square lattice patterns [403]. The ability 
to precisely organize plasmonic NPs has permitted several studies of interactions between NPs or between 
NPs and other materials to yield synergistic optoelectronic properties. In the simplest examples, DNA 
nanostructures have been used to position AuNPs in defined orientations. For example, a DNA origami 
triangle (structure design first presented by Rothemund [32]) was later used to immobilize six AuNPs of 
three different sizes in a symmetric pattern, yielding a simple plasmonic structure [174] (Figure 29a). These 
triangular DNA origami structures have been adopted by others to organize a variety of shapes and number 
of NPs [431, 432] and to aid in higher-order assembly of DNA nanostructures themselves [433]. Apart from 
triangles, other DNA nanostructures, such as troughs and plates, have been used to produce ordered 
assemblies of AuNPs and AuNRs into complex configurations, such as rings and chains [434, 435]. Most 
of these proof of concept studies demonstrate SPR enhancement and can display enhanced scattering in the 
presence of EM fields. 
  
Expanding on these proof of concept displays, plasmonic NPs have also been used to influence adjacent 
fluorescence emitters. For example, Au nanotriangles organized on DNA origami were placed in proximity 
to three different fluorescent molecules, such that fluorescence enhancement, but not quenching, resulted 
[436]. Interactions have also been investigated with fluorescent nanodiamond (FND) using eight NPs in 
proximity as a waveguide [437]. In that system, electron beam excitation yielded a distant cathodo-
luminescence spectra along the AuNP waveguide. These waveguides showed a loss of only 0.8 dB per 50 
nm and efficient energy transfer over several hundred nanometers (Figure 29b). AuNP waveguides have 
also been generated using one and two DNA nanotubes [384]. Systems with two nanotubes show increased 
mechanical rigidity versus the single nanotube systems. Higher mechanical integrity is necessary for highly 
linear waveguides, but systems with two nanotubes had a tendency for NPs to bind to different places along 
each tube. 
 



 
Figure 29. Achiral plasmonic structures. a) Illustration and TEM image of six AuNPs of three different 
sizes bound to a DNA origami triangle substrate. Reproduced with permission from [174]. Copyright 2010 
American Chemical Society. b) Experimental electron energy loss spectroscopy (EELS) spectra (i,iv) and 
experimental (ii,v) and simulated (iii,vi) EELS maps of complete and incomplete waveguides, respectively. 
Reproduced with permission from [437]. Copyright 2018 American Chemical Society. 
 

5.2 Chiral Plasmonics/Photonics 

In general, chirality is a geometrical property of a structure that defines its asymmetry. In particular, a 
molecule is said to be chiral if it is not superimposable on its mirror image. An important consequence of 
chirality is the phenomenon of circular dichroism (CD), which causes different optical responses to left 
circularly-polarized (LCP) versus right circularly-polarized (RCP) light. Therefore, chirality is an important 
property that can be exploited to differentiate between molecular enantiomers. 
 



5.2.1 Conventional Chiral structures 

Whereas chiral response in natural systems is quite weak, placement of plasmonic NPs in a chiral geometry 
induces high optical activity because of enhanced plasmonic interactions. Therefore, plasmonic chiral 
structures hold great promise for applications in fields such as chiral catalysis, sensing, and polarization 
controlled optical devices. The field of chiral plasmonics focuses on the assembly of achiral plasmonic NPs 
into chiral structures. The near-field resonant enhancement between NPs allows preferential formation of 
left-handed or right-handed collective plasmonic modes in different geometrical configurations of the 
structure. This concept was numerically modeled in 2010 [438], and it was predicted that a CD response of 
the order of 103 M-1cm-1 (or 10‑1 mdeg) is expected at visible wavelengths for a helical arrangement of metal 
nanoparticles with 4, 5, 6, and 7 NPs (Figure 30a,b). Similarly, in 2015, the effect of increasing the number 
of NPs per pitch and the CD response of solid helical gold nanostructures were studied [439]. Increasing 
the number of nanospheres in one pitch of the helix increased the CD response in the visible range (~106 

M-1cm-1 for 7 nanoparticles per helix) and red-shifted the response. For solid helices, a CD response of 109 
M-1cm-1 was predicted. It was also predicted that CD intensity and resonant wavelength could be tuned by 
controlling the height to pitch ratio of the NP helix. This work provided a basis for design of chiral 
plasmonic devices with tailored responses.  
 
On the basis of such predictions, development of fabrication techniques for nanohelices and nanohelix-
based metamaterials has expanded over the last decade. Because of the complex morphology of a helix, 
fabrication of a metallic helical structure can be challenging. Therefore, significant efforts have focused on 
developing easily implementable fabrication techniques. The first experimental demonstration of helical 
chiral structures was a 2D array of gold helices [440], formed by electrochemical deposition of gold into 
helix shaped air-voids in a polymer template, followed by plasma etching of the polymer. Another widely-
applied technique for fabrication of helical structures is glancing angle deposition (GLAD) [441], which is 
a dynamic physical vapor deposition technique in which physical vapor impinges on a rotating substrate to 
form a helix. This technique was used to fabricate an array of silver-copper (Ag-Cu) alloy plasmonic helices 
with a CD response of nearly 5 deg in the visible range (Figure 30c). Over the past few years, GLAD has 
gone through improvements, leading to the development of nanoGLAD, a technique that allows precise 
control over the size, shape, and composition of structures at the nanoscale. This technique has been used 
to fabricate many plasmonic structures including magnesium helices with a CD response of ~13 deg at 
~437nm (Figure 30d) [442]. 
 
Although major improvements in lithographic approaches for the development of helical chiral structures 
have been achieved, parallel work is ongoing to develop hybrid plasmonic structures for which a chiral 
response is achieved through the coupling of a plasmon excited in an achiral structure with a highly chiral 
surrounding medium. Recent demonstration of this strategy (Figure 30e) produced a CD response of ~50 
mdeg in a hybrid structure composed of optically active helicene spin-coated on a gold grating substrate 
that supports surface plasmon polaritons (SPP) [443]. The field of chiral nanoplasmonics is still growing, 
and there is significant scope for improvement. Because of its promise, chiral plasmonics has become a 
major candidate for DNA origami-based fabrication, which allows easy and cost-effective development of 
chiral structures, as discussed below. 
 



 
Figure 30. a) Numerical calculations showing a CD response for helical assembly of 4, 5, 6, and 7 gold 
nanoparticles. Adapted with permission from [438]. Copyright (2010) American Chemical Society. b) 
Numerical calculations show an enhancement of CD and red-shift with increasing number of NPs per 
helical pitch = 5, 6, 7, 8. Reprinted with permission from Springer Nature, Plasmonics [439]. Springer 
Science+Business Media New York (2014). c) Transmittance spectra for different pitch of gold helices with 
left and right handedness with SEM images of Au helices inset. From [440]. Reprinted with permission 
from AAAS. d) CD response of an array of Magnesium helices. Adapted from [442]. Published by The 
Royal Society of Chemistry. e) CD response of hybrid structure of helicene spin-coated on plasmonic gold 
grating. Adapted with permission from [443]. Copyright (2019) American Chemical Society. 
 



5.2.2 DNA Origami-based chiral structures 

Expanding on this work, researchers have attempted to add chirality to plasmonic nanocomposites; and in 
particular, nanohelical structures made of organized AuNPs. The precise organization of NPs by DNA 
origami allows for helices to form in a variety of fashions. For example, AuNPs can be attached diagonally 
across a single layer DNA origami that can be rolled into a nanotube, resulting in a helical NP arrangement 
[444]. Simple helices with innate chirality can be obtained by organizing AuNP along DNA bundles. In 
this approach, larger NPs show stronger signals than smaller ones. Additionally, signals themselves can 
demonstrate chirality. Smaller NPs exhibit similar signals for left-handed (LH) helices versus right-handed 
(RH) helices [56]. However, larger 13 nm and 16 nm AuNPs produced signals ~1.4 times and ~100 times 
higher, respectively, for LH helices (Figure 31a) [381, 444]. This CD signal was up to two orders of 
magnitude greater than that yielded by chiral structures made without DNA origami, and the DNA origami 
structures are much more practical to implement. Through the versatility of DNA origami, these simple 
AuNP helices can be organized into even more complicated structures, such as toroids. These complex 
structures displayed CD signal 3 times higher than those of single helices (Table 4) [445]. This most likely 
results from the increase in the number of NPs in the DNA toroid structures, which are composed of 
multiple helices. 
  
In addition to AuNPs, other Au structures, such as AuNRs that add asymmetry to SPR fields, can be 
employed. When using AuNRs to form helices via DNA origami, there are multiple design possibilities, 
ranging from spiral staircases [48] to stacked DNA origami platforms containing AuNRs that connect at 
45-degree angles (Figure 31b). These structures can also be dynamic, for example, switching between LH 
and RH confirmations [48]. AuNRs are generally larger than AuNPs, inducing a red shift in CD. As an 
alternative to staircases, helices made with stacked DNA origami platforms enable increased overlap of 
AuNRs and closer spacing, increasing CD signal. The AuNR to DNA origami ratio can yield longer (ratio 
of 2.5) or shorter (ratio of 1.1) arrays; smaller chains have larger CD signals (Table 4) [446]. Thus, by 
controlling the AuNR to DNA ratio, the CD signal can be precisely tuned to a desired value. Interestingly, 
trimers of AuNRs do not significantly increase CD signal from that of dimers with similar structures (Table 
4) [390]. This may result from the design of this particular construct, as the chirality is based on the presence 
of the NRs themselves and not their number and potentially larger interparticle distance. 
  

 
Figure 31. (a) Experimental and computational spectra of nanohelices made using DNA origami and 10 (i, 
ii) or 16 nm (iii, iv) AuNPs. Reproduced with permission from [381]. Copyright 2012 Springer Nature 
Publishing Company. b) Diagram of AuNR and DNA nanosheets stacking, followed by 3D models of 
structures of different sizes and representative TEM images. Reproduced with permission from [446]. 
Copyright 2015 American Chemical Society. 
  



DNA origami techniques further allow for the organization of AuNPs and AuNRs into structures that can 
be converted, sometimes reversibly, from achiral to chiral orientations or can be changed between chiral 
orientations (i.e., LH to RH). A simple achiral structure consisting of three AuNPs on one side of a DNA 
sheet was converted to a LH or RH chiral structure by the addition of another AuNP on the other side of 
the sheet (Figure 32a) [447]. Achiral structures typically show negligible CD signals, whereas LH and RH 
structures typically show mirrored signals. An example of this can be seen in Figure 32b, where the CD 
signal is increasing as the interparticle distance is decreased [448]. As with chiral helices, AuNRs can be 
used to increase CD signals in these structures. When dimers of AuNRs are placed at right angles to each 
other on opposite sides of a DNA nanosheet, CD is induced [50]. CD signals for AuNR dimers have a large 
variance, but in general are greater than those for AuNPs [57, 449, 450].  
  

 
Figure 32. Examples of achiral trimers that have induced chirality as tetramers. a) 3D models of trimers 
and tetramers and their measured and calculated CD spectra. Reproduced with permission from [447]. 
Copyright 2013 American Chemical Society. b) 3D models of tetramers with different-sized AuNPs and 
interparticle spacing and their measured and calculated CD spectra. Reproduced with permission from 
[448]. Copyright 2014 American Chemical Society. 
 
DNA origami approaches can also be expanded to composite structures containing more than one type of 
NP. An interesting recent study explored the interaction of AuNPs and AuNRs. As expected AuNR dimers 
had higher, red-shifted CD values compared to AuNP dimers (Table 4) [451]. However, AuNP/AuNR pairs 
spectra had different shapes, including an extra peak. This extra peak may be an enhanced signal from the 
DNA origami itself that is not usually visible (Figure 33a). Similarly, small, chiral pyramidal structures 
have been assembled using a variety of nanostructures. In a proof of concept experiment, AuNPs of different 
sizes were assembled into pyramids for which the interparticle distance could be tuned by changing the 
length of one of the attached DNA strands [452, 453], leading to tunable CD molar ellipticity [454] (Figure 
33b). This pyramid structure was then expanded to build hybrid pyramids of AuNPs, AgNPs, and QDs. 
Structures with all three nanoparticles showed three distinct peaks, rather than the mirrored peaks seen in 
many CD spectra [455]. These new structures provide platforms for future investigation of interactions 
between different types of NPs. 
 
 
 
 
 



 
 
 
Table 4. Chiral DNA origami properties 

Optical 
Element 

Structure CD Reported Fabrication 
Technique 

Measurement 
Technique 

Ref 
 

Au NP Helix Theoretical: 
0.2 mdeg at 517nm 
 

N/A Simulation [438] 

Mg Nanohelix 
array 

Experimental: 
LH: ~8 deg at 380nm 
RH: ~8 deg at 380nm 

nanoGLAD CD spectroscopy [442] 

Ag-Cu Helix Experimental: 
~5 deg at ~570 nm 

GLAD CD spectroscopy [441] 

Helicene on 
Au grating 

Hybrid 
structure 

Experimental: 
RH: ~30 deg at ~820 nm 
LH: ~20 deg at ~810 nm 
 

For Au grating: 
Excimer laser 
patterning and Au 
sputtering 
For Helicene 
deposition: spin-
coating 

CD spectroscopy [443] 

AuNP  
10, 16 nm 

Helix Experimental: 
LH: 0.25 mdeg at 524 
nm, 30 mdeg at 545 nm 
RH: 0.6 mdeg at 575 nm, 
12 mdeg at 625 nm 
Theoretical: 
LH: 0.4 mdeg at 523 nm, 
40 mdeg at 534 nm 
RH: 0.5 mdeg at 560 nm, 
50 mdeg at 560 nm 

DNA origami CD spectroscopy [381] 

AuNP 
10 nm 

Helix Experimental (a.u.): 
LH: 0.75 at 525 nm, -0.75 
at 595 nm 

DNA origami CD spectroscopy [56] 

AuNP  
10, 13 nm 

Helix Experimental: 
LH: 0.4 mdeg, 0.55 mdeg 
at 525 nm 

DNA origami CD spectroscopy [444] 



AuNR Helix Experimental: 
LH: 5 mdeg at 625 nm 
RH: 2.75 mdeg at 775 nm 
Theoretical (1/M*cm) 
LH: 2.5 x 108 at 675 nm 
RH: 2.5 x 108 at 775 nm 

DNA origami CD spectroscopy [48] 

AuNR (Ratio 
to origami, 
1.1-2.5) 

Helix Experimental: 
LH: 75 mdeg, 38 mdeg at 
675 nm 
RH: 75 mdeg, 40 mdeg at 
775 nm 

DNA origami CD spectroscopy [446] 

AuNP Toroid Experimental: 
LH: 1.5 mdeg at 525 nm 
RH: 1.25 mdeg at 560 nm 
Theoretical: 
LH: 3 mdeg at 525 nm 
RH: 3.5 mdeg at 550 nm 

DNA origami CD spectroscopy [445] 

AuNR Trimer Experimental: 
LH: 12 mdeg at 650 nm 
RH: 25 mdeg at 750 nm 

DNA origami CD spectroscopy [390] 

AuNR Dimer Experimental: 
LH: 105 mdeg at 700 nm 
RH: 65 mdeg at 750 nm 
Theoretical (1/M*cm): 
LH: 8 x 108 at 740 nm 
RH: 8 x 108 at 775 nm 

DNA origami CD spectroscopy [449] 

AuNR Dimer Experimental: 
LH: 12 mdeg at 700 nm 
RH: 11 mdeg at 745 nm 

DNA origami CD spectroscopy [57] 

AuNR Dimer Experimental: 
LH: 17 mdeg at 700 nm 
RH: 18 mdeg at 800 nm 

DNA origami CD spectroscopy [450] 

AuNP  
20 nm 
(interparticle 
distance, 15-5 
nm) 

Tetramer Experimental: 
RH: 0.6 mdeg, 1.75 mdeg 
at 550 nm 
Theoretical: 
RH: 2 mdeg, 10 mdeg at 
550 nm 

DNA origami CD spectroscopy [448] 

AuNP  
20 nm (8 nm 
apart) 

Tetramer Experimental: 
LH: 1.5 mdeg at 525 nm 
RH: 3.25 mdeg at 560 nm 
Theoretical: 
LH: 18 mdeg at 525 nm 

DNA origami CD spectroscopy [447] 



RH: 22 mdeg at 550 nm 

AuNR; 
AuNP/AuNR 

Dimer Experimental: 
LH: 105 mdeg at 700 nm; 
10 mdeg at 675 nm 
RH: 90 mdeg at 775 nm; 
22 mdeg at 800 nm 
Theoretical: 
LH: 80 mdeg at 700 nm; 
12 mdeg at 695 nm 
RH: 115 mdeg at 800 nm; 
28 nm at 800 nm 

DNA origami CD spectroscopy [451] 

AuNP 
(interparticle 
distance, 6-15 
nm) 

Pyramid Experimental (1/M*cm): 
LH: 2.8 x 104; -5 x 103 at 
525 nm, -3 x 104; -6 x 103 
at 550 nm 
RH: -2.8 x 104; 5x103 at 
525 nm, 3 x 104; -6 x 103 
at 550 nm 

DNA scaffold CD spectroscopy [454] 

 



 
Figure 33. DNA-organized Au- NPs and NRs and the resultant CD spectra. a) Experimental and calculated 
CD spectra of AuNR dimers and b) AuNP/AuNR dimers. Reproduced with permission from [451]. 
Copyright 2015 RSC publishing group. c) Extinction (i) and CD spectra of LH (ii) and RH (iii) enantiomers 
for which the interparticle distance on one side of the pyramid was changed from 6 nm to 15 nm. 
Reproduced with permission from [454]. Copyright 2014 American Chemical Society. 
 

5.3 Thermoplasmonics 
Localized surface plasmons on metallic NPs, such as AuNPs, resonate at visible or infrared frequencies 
upon interaction with electromagnetic radiation. SPR creates a localized electric field near the particle 
surface that enhances the absorption and scattering of incident radiation. The absorption of high energy 
incident radiation induces electron-phonon and phonon-phonon lattice vibrations. The dissipation of lattice 
vibrations results in heating of the surrounding medium on the time-scale of microseconds. This conversion 
of light energy to heat energy by plasmonic NPs is known as the thermoplasmonic effect. Thermoplasmonic 
heating in AuNPs can generate extremely high surface temperatures with exponential decay into the 
surrounding medium [456, 457]. As a result, AuNPs have been recently investigated as localized heating 
sources for photothermal therapy, bio-imaging, sensing, and opto-electronic applications [458-461], which 
makes them attractive candidates for NP-DNA composites. However, precise tuning of AuNP temperature 
profiles is required to match melting temperatures of DNA duplexes and origamis. In theory, it is possible 



to develop AuNP-DNA composites in which only selected components melt with a given light excitation 
by precise tuning of the AuNP and DNA origami properties. To achieve this goal, a firm understanding of 
thermoplasmonic heating is required. 

Thermoplasmonic heating of plasmonic NPs primarily depends on the effective difference between the 
absorbed and dissipated energy. A larger difference results in higher NP heating. Absorption is directly 
proportional to the surface area exposed to the incident radiation. Therefore, the achievable surface 
temperature increases proportionally to the square of the NP size. However, increase in size also results in 
a simultaneous increase in the scattering of the incident beam. Thus, despite larger cross-sectional area, 
large AuNPs yield lower light-to-heat (or photothermal) conversion efficiencies (hPT). Smaller AuNPs (i.e., 
<15 nm) have experimentally demonstrated hPT of 0.8 [462], likely because of negligible scattering. 

Absorption to scattering ratio can be theoretically predicted for NPs of different sizes and incident excitation 
wavelengths using Mie theory, which describes the absorptive and scattering interaction of electromagnetic 
waves with isotropic particles, such as spheres. [463]. Plasmonic NPs display maximum absorbance at their 
SPR frequency. Therefore, an excitation source frequency equal to or close to the SPR frequency results in 
the highest thermoplasmonic heating. Since NP SPR frequency strongly depends on their size and shape, it 
can be tuned for the desired application. Heat transfer in any plasmonic NP system can be described by the 
following equation: 
 

𝜌𝜌(𝒓𝒓)𝑐𝑐(𝒓𝒓) 𝜕𝜕𝜕𝜕(𝒓𝒓,𝑡𝑡)
𝜕𝜕𝜕𝜕

=  ∇𝑘𝑘(𝒓𝒓)∇𝑇𝑇(𝒓𝒓, 𝑡𝑡) + 𝑄𝑄(𝒓𝒓, 𝑡𝑡)   (Equation 7) 

 
where T is the temperature profile as a function of coordinate (r) and time (t); ρ, c and k are the mass density, 
specific heat, and thermal conductivity, respectively, as a function of r, and Q is the local heat intensity. Q 
can be defined as a product of vector form of electric field and current density or as time integral of incident 
electric field and absorption cross-section area as follows [459, 464]: 
 

𝑄𝑄(𝒓𝒓, 𝑡𝑡) =  〈𝑗𝑗(𝑟𝑟, 𝑡𝑡).𝐸𝐸(𝑟𝑟, 𝑡𝑡)〉𝑡𝑡 =  ∫ 𝐼𝐼𝑜𝑜(𝑡𝑡)𝐶𝐶𝑎𝑎𝑎𝑎𝑎𝑎,𝑁𝑁𝑁𝑁(𝜆𝜆𝑒𝑒𝑥𝑥)𝑑𝑑𝑑𝑑𝑇𝑇    (Equation 8) 

 
where, j(r,t) is the current density, E(r,t) is the resulting electric field, Io is the temporally dependent 
intensity, and Cabs,NP is the absorption cross-section area at the excitation wavelength.  

Typically, two different types of illumination have been employed for thermoplasmonic excitation: 
continuous and pulsed [465]. Continuous illumination results in a steady-state temperature profile because 
the time-scale of continuous wave (CW) sources is longer (seconds) than the transient non-equilibrium 
regime, whereas pulsed sources (femto- to nano- seconds) may generate non-equilibrium behaviors. For 
plasmonic NP systems with inter-particle separations (s) greater than the NP diameter (DNP) (s > DNP) and 
concentrations in low retardation (size of interacting system < λex) and scattering regimes, ΔTmax is directly 
proportional to DNP

2 (Regime 1). In this regime, the resulting differences in the temperature decay profile 
around plasmonic NPs for CW versus pulsed illumination arise from differences in the intensity profile 
with time. A few numerical and experimental examples of the thermoplasmonic heating achieved by AuNPs 
of different shapes, sizes, and types (e.g., such as nanoshells, AuNSs) under different illumination sources 
in regime 1 are summarized in Table 5.  

 

 

 

 



Table 5: Numerical and experimental thermoplasmonic heating for AuNPs of various sizes, shapes, 
and organizational schemes 

NP configuration Laser source Max ΔT (K/°C) 
(Laser Intensity) 

Location ΔTmax Ref 

Numerical     

AuNP 
(30 nm) 

CW 
520 nm OT 

5 
(10 kW/cm2) 

NP surface [457, 
466] 

4 x 4 AuNPs array 
(30 nm, spacing: 150 
nm)  

CW 
520 nm OT 

25 
(10 kW/cm2) 

Center of array [457, 
466] 

Gold Nanoshell 
(40 nm, shell: 3 nm) 

CW 
800 nm, 100 
ns 

160 
(5 MW/cm2) 

NP surface [465] 

Pulse 
800 nm, 5 ns 

68 
(3.75 MW/cm2) 

  

Pulse 
800 nm, 100 
fs 

30 
(104 MW/cm2) 

  

2 DNA hybridized 
AuNPs (60 nm, spacing: 
8.5 nm) 

CW 
1064 nm OT 

20 
(120 mW**) 

Hotspot between the 
nanoparticles (4.25 nm from 
either AuNP surface) 

[467] 

24 
(141 mW**) 

  

30 
(170 mW**) 

  

AuNP 
(10 nm) 

CW 
520 nm 

0.012 
(10 kW/cm2) 

NP surface [464] 

AuNP 
(100 nm) 

CW 
520 nm 

4.5 
(10 kW/cm2) 

NP surface [464] 

AuNR 
(10 x 20 nm) 

CW 
640 nm 

1.7 
(10 kW/cm2) 

Surface temperature at AuNR 
center 

[464] 

2 AuNPs 
(100 nm, spacing: 40 
nm) 

CW 
650 nm 

2 
(10 kW/cm2) 

Hotspot half-way between the 
nanoparticles 

[464] 



AuNP (10 nm) at the 
center of two AuNPs 
(100 nm, spacing: 30 
nm) 

CW 
530 nm 

5 
(10 kW/cm2) 

Hotspot on 10 nm AuNP [464] 

AuNR (10 x 20 nm) at 
the center of two AuNPs 
(100 nm, spacing: 40 
nm) 

CW 
650 nm 

39.5 
(10 kW/cm2) 

Hotspot on AuNR center [464] 

Experimental     

AuNP 
(60-200, 80 nm) 

CW 
1064, 532 nm 
OT 

523-242, 75 
(1, 0.4 W*) 

NP surface [468] 

4 AuNPs in square 
(27 ± 5 nm, spacing: 3 
µm) 

CW 
532 nm 

35 
(560 kW/cm2) 

NP surface  
[469] 

295 
(700 kW/cm2) 

  

508 
(1330 kW/cm2) 

  

2 AuNPs (40 nm, 
spacing: ∼2.8 ± 1 nm) by 
47 nm × 44 nm DNA 
origami structure 

CW 
612 nm,10 s 

<175 
(14 kW/cm2) 

Hotspot half-way between the 
nanoparticles 

 
[470] 

>175 
(60 kW/cm2) 

  

AuNPs cluster 
(NP:10 nm, cluster: ~1 
um) 

Pulsed 
527 nm, 260 

ns 

102 
(250 kW/cm2) 

Approx. center of the laser 
exposed front-half of AuNP 

cluster 

[471, 
472]  

(CW= Continuous wave, OT=Optical Trap; **Laser Power) Note: Shading indicates DNA assembled 
structures 
 

AuNPs of many shapes and sizes have the potential to undergo individual thermoplasmonic heating that is 
capable of superheating the surrounding water with actuation. Typically, large AuNPs (> 50 nm) can 
achieve surface temperature enhancement above room temperature of several hundred degrees C (e.g., 523 
K for 60 nm AuNPs at 120 MW/cm2), even when using non-ideal illumination wavelengths (1064 nm vs. 
SPR peak at ~540 nm) [469, 473]. In contrast, smaller AuNPs (< 30 nm) require illumination at the SPR 
peak wavelength to achieve similar surface temperature enhancement at comparable intensities (e.g., 508 
K at 1.33 MW/cm2) [469, 473]. The capability to tune the thermoplasmonic heating of AuNPs also permits 
their application as nano-scale carriers for oligonucleotide delivery and potentially for DNA origami 
actuation. For example, oligonucleotides have been hybridized to a complement adsorbed on AuNPs 
through a dative Au-S bond and can be delivered and released by thermal dehybridization with optical 



actuation [460, 461, 467, 474-476]. However, exponential decay of the temperature profile into the 
surrounding medium limits the application of AuNPs in regime 1 to carriers of smaller DNA strands with 
melting points up to 60-70 °C [474]. Further, regime 1 AuNP systems demand high power intensities to 
achieve adequate thermoplasmonic heating for practical applications. 

Alternatively, dipole interactions between plasmonic NPs in close-proximity (s < DNP) result in the 
generation of local hot-spots of enhanced electromagnetic field on exposure to non-polarized incident light 
[477, 478]. The increase in E(r,t) causes subsequent increases in thermoplasmonic heating and modification 
of the thermal profile surrounding the plasmonic NPs. For two plasmonic NP with s < DNP, a more uniform 
heating profile is generated in the area between the NPs. The electric field enhancement factor (P) as a 
function of (r) can be defined as: 

𝑃𝑃(𝑟𝑟) =  𝐸𝐸𝜔𝜔𝐸𝐸𝜔𝜔
∗

𝐸𝐸𝑜𝑜2
    (Equation 9) 

where the numerator of P describes the vector interaction between electric fields of the NPs [464]. However, 
unlike the thermal profile, here the hot-spot is present between the two NPs, exactly equidistant from each 
of them. Further, hot-spots can be used to achieve higher thermoplasmonic heating by placing a heater 
plasmonic NP at the hot-spot between the two interacting antennas. Significant heating can be achieved by 
using large plasmonic NPs as antennas and small plasmonic NPs as heaters, which maximizes the 
absorption of incident radiation with a high absorption cross-section and improves photothermal efficiency 
with minimal scattering, respectively [464]. Theoretical calculations indicate a ΔTmax of 5 K at the hot-spot 
for a 100 nm–10 nm–100 nm trimer with 30 nm spacing at relatively low CW laser power intensity (10 
kW/cm2, plasmonic peak of 530 nm) [464]. Further, values of as high as 8 times the local temperature for 
spherical heater NPs can be achieved by employing plasmonic NRs (10 x 20 nm) that leverage their 
nanoresonance [479] at equivalent power density (Figure 34a).  

In contrast, increases in inter-particle spacing result in suppressed ΔTmax in the hot-spot because of reduced 
interactions. Thus, in addition to improved efficiency of thermoplasmonic heating, the control over ΔTmax 
in the hot-spot by spatial reorganization can widen the application of thermoplasmonics to optical sensing, 
thermal regulators, and photocatalysts. Interestingly, on exposure of interacting NPs to polarized incident 
light, the electric field could either enhance or suppress SPR depending on the incidence direction. Thus, 
two interacting NPs could experience either heating or cooling depending on their orientation with reference 
to a polarized beam [466]. However, design of practical systems utilizing these effects requires precise 
control over spatial positioning and movement of plasmonic NPs. DNA origami provides an excellent 
platform to realize these designs by providing precise control over NP position. 

Similarly, the electric field distribution in a multi-NP system can be determined by employing a multi-pole 
interacting model [466]. For a sphere-shaped, multi-NP ensemble with s < DNP and concentrations in low 
retardation and scattering regimes, ΔTmax grows quadratically with the size of the NP ensemble (R) (Regime 
2) [471]. However, retardation and scattering substantially increase with R > 1 µm. Thus, the energy 
absorbed in different portions of the spherical system decreases when moving farther away from the point 
of incidence. The total energy absorbed by the entire NP system is defined as: 

𝑄𝑄(𝑟𝑟, 𝑡𝑡) = 𝑄𝑄𝑜𝑜(𝑡𝑡) exp �−𝑘𝑘𝑎𝑎𝑎𝑎𝑎𝑎 �𝑧𝑧 + �𝑅𝑅2 − 𝜌𝜌2��    (Equation 10) 
 

where Qo is the time-dependent energy intensity and 𝑧𝑧 +�𝑅𝑅2 − 𝜌𝜌2 denotes the exact location of the plane 
for which Q is calculated. Thus, for a sphere-shaped, multi-NP system with s < DNP and concentrations in 
significant retardation and scattering regimes, ΔT is non-uniformly distributed, with ΔTmax between the 
front surface and the center of the system (Regime 3).  

Theoretical calculations for 300 ns pulsed laser irradiation at the threshold power intensity of 250 kW/cm2 
for 10 nm AuNP clusters in regime 3 show temperature changes as high as 102 K. This multi-NP system 
was empirically designed through DNA-assisted assembly of the AuNP constituents. The extinction 



coefficients recover completely after an initial drop with laser pulses for power intensities below the 
threshold (<250 kW/cm2), indicating insufficient thermoplasmonic heating for melting the AuNP-DNA 
cluster [472]. In contrast, the difference in extinction coefficient shows an absolute increase that persists 
over a milliseconds time scale above powers of 250 kW/cm2 (500 kW/cm2), indicating melting and 
disintegration of AuNP clusters (Figure 34b). However, despite employing DNA, and regardless of major 
advances in numerical predictions of thermoplasmonic heating in many different systems of varying 
complexity (regime 1-3), empirical demonstrations and functional designs have yet to be explored in detail. 

Recently, a proof of concept DNA origami-assembled, functional thermoplasmonic device was reported for 
quantitative detection of single-molecule surface-enhanced Raman scattering (SERS) [470]. Here, a dimer 
of two, 40 nm AuNPs (nano-antennas) precisely separated by 2.8 nm was assembled by conjugation of 
ssDNA-AuNPs on overhangs on a 47 nm × 44 nm DNA origami tile. A fluorophore (Cy3, Cy3.5) was 
embedded at the center of the dimer by incorporation in the DNA origami tile. Single-molecule SERS 
occurred at inter-nanoparticle spacings < 2 nm by opto-thermal actuation of AuNPs using a 10 sec, CW 60 
kW/cm2 laser excitation at 612 nm. This resulted in localized, heat-induced shrinking of DNA origami tiles, 
typically observed above > 200oC (Figure 34c). The gap decreased from 2.8 nm to 1.4 nm by application 
of multiple laser excitations, resulting in SERS enhancement by approximately two orders of magnitude 
and in good agreement with theoretical calculations. 

The gap between experimental and theoretical studies of thermoplasmonics arises from the challenges 
associated with the precise assembly of plasmonic NPs in desired configurations. Although modern 
lithographic techniques can overcome some of these challenges, design and integration of functional 
thermoplasmonic elements becomes increasingly laborious for complex, multi-dimensional structures and 
is limited in reconfiguration capability. DNA nanostructures present a unique combination of precision and 
dynamic capabilities at the nanoscale for the design of thermoplasmonic devices. Thus, thermoplasmonics 
will require substantial additional research for functional optothermal plasmonic NP-DNA devices to be 
realized. 

 



Figure 34. (a, top) AuNP-AuNR-AuNP (Fano-heater) clusters in regime 2. Theoretical modeling of 
thermoplasmonic heating (A, middle) and field enhancement (a, bottom). Reproduced with permission from 
[479] Copyright (2016) American Chemical Society (2016). (b) Changes in extinction coefficient for a 
AuNP-DNA cluster in regime 3 below (b, top) and above (b, middle) the threshold intensity for cluster 
disintegration. Changes in extinction coefficient with laser intensity at millisecond time scales (b, bottom), 
indicating the threshold. Reprinted with permission from [472]. Copyright (2008) American Chemical 
Society. (c) 40 nm AuNP dimers separated by a DNA origami tile with a fluorophore (Cy3) placed in the 
center (left and inset). Raman intensity of the fluorophore before optothermal heating (right). The black 
arrow in the shaded region indicates the Stokes shift where the enhancement factor is calculated. Reprinted 
with permission from [470]. Copyright (2016) American Chemical Society. 
 
 

5.4 Metal-Enhanced Fluorescence (MEF) and Surface Enhanced Raman 
Spectroscopy (SERS) 

5.4.1 Metal Enhanced Fluorescence (MEF) 

Fluorophores, organic dyes, and semiconductor QDs are amongst the most important materials with optical 
signatures, with a wide range of applications from sensing to imaging and photonics [480, 481]. The ability 
to tune and precisely control the fluorescence of single-molecules over a long-range can significantly 
impact their performance and widen their scope in the next-generation photonic devices. One of the ways 
to control the emission of fluorophores is by bringing them in close proximity to plasmonic NPs, such as 
AuNPs. Single AuNPs function as nanoantennas by concentrating electromagnetic radiation in their 
vicinity, which can result in enhancement of neighboring signals [477, 478]. When fluorescent molecules 
or NPs are present, this can result in fluorescence enhancement. Alternatively, metallic NPs can also serve 
as quenchers through FRET mechanisms. Thus, the single-molecule and ensemble fluorescence can be 
tuned based on the interplay between these two processes: metal enhanced fluorescence (MEF) and FRET 
[482-484]. As these are distance-dependent effects, DNA origami scaffolds lend themselves to such 
investigations. 
  
Fluorescence of a fluorophore is a two-step process that involves excitation of electrons by an incident 
electric field, followed by radiative emission during the relaxation of electrons to ground state. Since 
relaxation of electrons can result either from radiative or non-radiative decay, the quantum efficiency or 
yield (𝑞𝑞𝑜𝑜) of an isolated fluorophore is given by [480]: 
 

𝑞𝑞𝑜𝑜 =  𝛾𝛾𝑟𝑟𝑜𝑜

𝛾𝛾𝑟𝑟𝑜𝑜+𝑘𝑘𝑛𝑛𝑛𝑛
   (Equation 11) 

 
where, 𝛾𝛾𝑟𝑟𝑜𝑜 and 𝑘𝑘𝑛𝑛𝑛𝑛 are the inherent radiative decay and non-radiative rates of the fluorophore, respectively. 
However, decay rates can be significantly influenced by proximity to a plasmonic NP (i.e., within a 
wavelength) because of near-field interactions. Specifically, considering as the enhancement factor, 𝛾𝛾𝑚𝑚, 
and 𝑘𝑘𝑇𝑇 as the additional non-radiative decay rate, the modified quantum yield (q) of a fluorophore can be 
represented as [481]: 
 

𝑞𝑞 =  𝛾𝛾𝑟𝑟𝑜𝑜.𝛾𝛾𝑚𝑚
(𝛾𝛾𝑟𝑟𝑜𝑜.𝛾𝛾𝑚𝑚)+(𝑘𝑘𝑛𝑛𝑛𝑛+𝑘𝑘𝑇𝑇)

   (Equation 12) 
 
Thus, q increases with radiative decay rate whereas it decreases with non-radiative decay rate. The resultant 
emission rate (𝛾𝛾𝑒𝑒𝑒𝑒) of a fluorophore coupled with a plasmonic NP is determined by the product of the 
excitation rate (𝛾𝛾𝑒𝑒𝑒𝑒) and q [484]: 



𝛾𝛾𝑒𝑒𝑒𝑒 =  𝛾𝛾𝑒𝑒𝑒𝑒 . 𝑞𝑞 =  𝛾𝛾𝑒𝑒𝑒𝑒 . 𝛾𝛾𝑟𝑟𝑜𝑜.𝛾𝛾𝑚𝑚
(𝛾𝛾𝑟𝑟𝑜𝑜.𝛾𝛾𝑚𝑚)+(𝑘𝑘𝑛𝑛𝑛𝑛+𝑘𝑘𝑇𝑇)

   (Equation 13) 
 
Both, 𝛾𝛾𝑒𝑒𝑒𝑒 and 𝛾𝛾𝑚𝑚 for a fluorophore in a coupled system depend primarily on the electric field experienced 
by that fluorescent dipole (Ep). Numerically, this can be represented as: 
 

𝛾𝛾𝑒𝑒𝑒𝑒 , 𝛾𝛾𝑚𝑚 ∝ �𝑬𝑬𝑝𝑝.𝒑𝒑 �2   (Equation 14) 
 
where 𝐸𝐸𝑝𝑝 is the electric field at the position of the dipole molecule and p is the vector dipole moment of the 
fluorophore. Thus, 𝛾𝛾𝑒𝑒𝑒𝑒 and 𝛾𝛾𝑚𝑚 increase quadratically with 𝐸𝐸𝑝𝑝. 𝐸𝐸𝑝𝑝 on and around the plasmonic NP is 
dependent on various factors, such as NP type, size, and shape, distance from the surface of the NP, incident 
wavelength, and dielectric constant of the surrounding medium. 𝐸𝐸𝑝𝑝 enhancement is highest at the NP 
surface and decreases rapidly in the surrounding medium with the rate inversely proportional to the size of 
the NP. For small AuNPs (<30 nm), 𝐸𝐸𝑝𝑝 at the surface is comparable; however, it increases significantly for 
AuNPs > 40 nm as a result of increased scattering cross-section area [484]. Further, enhancement is 
significantly increased for excitation close to or at the NP SPR frequency because of increased extinction 
in this regime. Electric field rises with the dielectric constant of the medium. Several models have been 
developed to estimate the electric field distribution around plasmonic NPs in the presence of an interacting 
dipole, such as the Neeves and Birnboim model [483], multiple-multipole (MMP) and Mie theory model 
[484], and dipole approximation with Green’s function model [482].  
 
Further, the rate constant for non-radiative transfer, 𝑘𝑘𝑇𝑇 , in a FRET coupled system changes primarily with 
distance from the quencher and spectral overlap between fluorophore emission and quencher absorption: 
 

𝑘𝑘𝑇𝑇 = 1
𝜏𝜏𝑜𝑜
�𝑅𝑅𝑜𝑜
𝑟𝑟
�
6
   (Equation 15) 

 
where 𝑅𝑅𝑜𝑜 is the Förster radius that is directly proportional to the spectral overlap between fluorophore 
emission and quencher absorption, r is the distance of the quencher from the fluorophore, and τo is the 
fluorescence lifetime. Thus, 𝑘𝑘𝑇𝑇 increases significantly for fluorophores with emission close to the 
absorption of the plasmonic NP and decreases with separation from the plasmonic NP. The enhancement 
or quenching (Ø) of fluorescence as a function of position is therefore given by: 
 

∅ =  𝛾𝛾𝑒𝑒𝑒𝑒.𝑞𝑞
𝛾𝛾𝑒𝑒𝑒𝑒𝑜𝑜 .𝑞𝑞𝑜𝑜

   (Equation 16) 
 
Thus, the factors increasing 𝛾𝛾𝑒𝑒𝑒𝑒 and 𝛾𝛾𝑚𝑚 enhance fluorescence, whereas factors increasing 𝑘𝑘𝑇𝑇 quench 
fluorescence.  
 
Considering the wide range of factors affecting fluorescence near metallic NPs, the balance between 
enhancement and quenching changes significantly depending on the system and does not provide a clear 
transition regime. However, a general trend can be observed based on the intrinsic quantum yield of the 
fluorophore found in the literature. For low 𝑞𝑞𝑜𝑜 fluorophores, FRET results in almost complete quenching 
of the fluorophore on the surface of the plasmonic NPs. With increasing distance from the plasmonic NP 
(r), the 𝐸𝐸𝑝𝑝 enhancement dominates the response and increases the fluorescence above 𝛾𝛾𝑚𝑚𝑜𝑜  (the emission rate 
of isolated fluorophore). Further increase in r causes reduce fluorescence to 𝛾𝛾𝑚𝑚𝑜𝑜  at separation distances 
comparable to the size of the NPs, and fluorescence remains unchanged for greater separations as 𝐸𝐸𝑝𝑝 
becomes negligible [483].  
 



With tremendous scope for improvement of quantum yield, low 𝑞𝑞𝑜𝑜 fluorophores display the highest 
enhancement factors when combined with a wide size range of plasmonic NPs. Similar responses with 
lower enhancement factors are also observed for high 𝑞𝑞𝑜𝑜 fluorophores with large plasmonic NPs that 
produce a tremendous increase in 𝐸𝐸𝑝𝑝. As quantum yield rises, the transition regime from FRET to MEF 
regions moves farther from the particle surface with an observable drop in MEF, until MEF no longer 
compensates for FRET-induced fluorescence reductions. Thus, high 𝑞𝑞𝑜𝑜 fluorophores most likely display 
increasing fluorescence with r until reaching 𝛾𝛾𝑚𝑚𝑜𝑜  for r < 2R (R = NP radius) because of a FRET-dominated 
response. In MEF-dominated regimes, fluorescence enhancement is increased with NP size because of the 
larger absorption cross-section area. Experimentally, AuNPs of 40, 80, and 100 nm have shown 
fluorescence enhancements of 2, 4, and 8 times the original signal [485, 486]. Moreover, 𝐸𝐸𝑝𝑝 distribution 
around the AuNP also depends on the incidence direction of light. Since 𝛾𝛾𝑒𝑒𝑒𝑒 depends on the orientation of 
the dipole with respect to the 𝐸𝐸𝑝𝑝, 𝛾𝛾𝑒𝑒𝑒𝑒 changes with the configuration of fluorescent dipole on and around 
the AuNP [484]. Although this effect is diminished for a colloidal ensemble of fluorescent dipole around 
AuNPs, it becomes increasingly important for single-molecule experiments. 
 
Another factor that could further advance MEF is positioning of a fluorophore in an electromagnetic hotspot 
generated between two plasmonic NPs. The strength of enhancement is proportional to NP size, 
concomitant to their higher individual fields. Despite the difficulties in simulating the electric field 
generated by plasmonic NPs, response of a fluorophore can be quantitatively predicted in complex 
arrangements. However, empirical demonstrations have been limited because of a lack of methods that 
provide precise, nanometer-scale control over NP positioning. DNA nanostructures could be used to fill 
this gap. When 100 nm AuNPs were assembled using DNA nanostructures, a 20x increase in fluorescence 
enhancement was observed in comparison to that observed for individual AuNPs [485, 486]. These 
observations have been corroborated through computer simulations of AuNP monomers and dimers. 
Dimers induce a much stronger electric field than monomers because of plasmonic hotspots between the 
NPs, increasing fluorescence enhancement [485]. More recent studies have used high quantum yield dyes 
incorporated in nanoantennas with fluorescence enhancement of up to 306x alone and up to 5,468x in the 
presence of a quantum yield quencher [53]. Although counterintuitive, a quantum yield quencher was used 
to reduce the quantum yield of the fluorophore to values in the optimal zone for hotspot enhancement 
(Figure 35). In this scheme, single molecules could be detected at 5x higher concentrations (25 µM) than 
before, favorable conditions for future applications in single molecule sensing and biological applications. 
 

 
Figure 35. Example of MEF. NP-DNA nanoantenna that shows single molecule detection at a dye 
concentration of 25 µM (blue cell). Reproduced with permission from [53]. Copyright 2015 American 
Chemical Society. 
 

5.4.2 SERS 

Raman signals record changes in elastic scattering that result from incident light. Raman Spectroscopy is a 
well-known and widely implemented spectroscopic technique that is used to identify molecules on the basis 



of their structural fingerprint. Despite its broad applicability, the Raman spectroscopy signal is often weak 
and therefore requires high concentrations of molecules or enhancement. Plasmonic interactions provide a 
novel scheme to overcome this limitation through the implementation of surface enhanced Raman scattering 
(SERS). This technique utilizes surface plasmons to enhance the sensitivity of the Raman scattering, 
allowing measurement of dilute samples and enhancing the scope of Raman spectroscopy. 
 

5.4.2.1 Conventional SERS 
SERS was discovered in 1974 through the observation of enhanced Raman scattering from pyridine 
adsorbed on rough silver electrodes [412]. This sparked research on developing SERS-active substrates for 
improving signal enhancement, most of which was dominated by metallic substrates such as Au, Ag and 
Cu in the form of electrodes, rough films, or structures made on metal surfaces using lithographic techniques 
[413]. SERS-active substrates have also been developed through self-assembly [414]. In recent years, SERS 
has been used for ultrasensitive detection of single molecules adsorbed on NPs as the plasmonic resonant 
coupling between the molecule and the NP enhances the spectroscopic signature of the molecule. This 
technique yields 1014-1015 times enhancement in the Raman spectrum, for example of rhodamine 6G 
adsorbed on a silver NP (Figure 36) [415]. This led to a plethora of research on the fabrication of SERS 
nanoantennas.  
 

 
Figure 36: SERS spectra of R6G molecule from two Ag nanoparticles obtained with a linearly polarized 
laser beam. Enhancement factors of up to 1015were observed in the presence of the nanoparticle. From 
[415]. Reprinted with permission from AAAS. 
 
SERS results from the influence of the surface plasmon field of metallic NPs with Raman signal reporters 
on their surfaces. The Raman signal can be greatly enhanced by interactions with the electromagnetic (EM) 
field outside of a spherical NP, given by [487]: 
 

𝐸𝐸𝑜𝑜𝑜𝑜𝑜𝑜 (𝑥𝑥,𝑦𝑦, 𝑧𝑧)  =  𝐸𝐸0𝐳𝐳� − � 𝜀𝜀𝑖𝑖𝑖𝑖−𝜀𝜀𝑜𝑜𝑜𝑜𝑜𝑜
𝜀𝜀𝑖𝑖𝑖𝑖+2𝜀𝜀𝑜𝑜𝑜𝑜𝑜𝑜

� 𝑎𝑎3𝐸𝐸0 �
𝐳𝐳�
𝑟𝑟3
− 3𝑧𝑧

𝑟𝑟5
(𝑥𝑥𝐱𝐱� + 𝑦𝑦𝐲𝐲� + 𝑧𝑧𝐳𝐳�)�   (Equation 17) 

 
where εin is the dielectric constant of the NPs, εout is the dielectric constant of the external environment, and 
a is the radius of the NPs. The EM field is enhanced when εin is approximately -2εout, which is met in the 
visible spectrum for silver and gold. This equation is important when modeling the SERS enhancement 
factor (EF), given as: 
 



𝐸𝐸𝐸𝐸𝑆𝑆𝑆𝑆𝑆𝑆𝑆𝑆(𝜔𝜔𝜈𝜈) = �𝐸𝐸𝑜𝑜𝑜𝑜𝑜𝑜(𝜔𝜔)2��𝐸𝐸𝑜𝑜𝑜𝑜𝑜𝑜(𝜔𝜔−𝜔𝜔𝜈𝜈)2�
𝐸𝐸04

=
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     (Equation 18) 

 
where Eout(ω) is the incident excitation EM field, Eout(ω-ωv) is the Stokes-shifted Raman EM field, ISERS(ωv) 
is the SERS-enhanced Raman intensity, Nsurf is the number of molecules bound to the enhancing metallic 
substrate, INRS(ωv) is the normal Raman intensity, Nvol is the number of molecules in the excitation volume 
[487]. The EF can be used to characterize the effect of material, geometry, and wavelength on enhancement. 
 
 

5.4.2.2 DNA origami-based SERS  
 
In the last decade, DNA origami has emerged as an efficient tool for the development of SERS-active 
substrates and antennas. DNA origami can be used to generate hotspots between AuNPs to enhance signal 
from SERS reporters. For example, when three TAMRA SERS reporters were placed between two 25 nm 
AuNPs, the SERS signal was increased by ~20-fold [488]. This EF was further increased when 40 nm 
AuNPs were used (Figure 37a). Because larger AuNPs generate stronger hot spots, enhancement factors 
scale with NP size and can reach 104-105 [489, 490]. The hotspots created by AuNP dimers can be altered 
by the addition of other conductive materials. DNA origami-AuNP structures covered by a layer of 
graphene show competing effects between AuNPs and graphene [491]. Conversely, when a 2.5 nm silver 
shell was placed on top of 60 nm AuNPs an EF of 1010 was observed (Figure 37b). This was in excess of 
theoretical predictions of 5 x 104 [492]. Ag and Au materials are both known for large SERS EFs. The 
combination of the two materials could lead to a boost in the EF and leaves plenty of room for further study 
(Table 6). 
  

 
Figure 37. Examples of SERS. a) Diagram of AuNP-DNA origami structure, SEM images of structures with 
different AuNP sizes, simulation of normalized electric field intensity, and SERS spectra with characteristic 
peaks of TAMRA dye marked. SERS signals were enhanced more than 20 fold by the presence of precisely 
positioned AuNPs. Reproduced with permission from [488]. Copyright 2013 American Chemical Society. 
b) AFM and SERS spectra of dimers with two and one Cy3 molecules between the NPs, simulation of 
electromagnetic field enhancement from a single AuNP (i) and Au-Ag core-shell NP dimer (ii). Signals was 
enhanced by as much as 1010 in the NP hotspot. [492] Published by The Royal Society of Chemistry. 
 



More recent work has investigated complex shapes, such as tetramers [493] and bowties [494]. For 
example, tetramers of 50 nm AuNPs were produced by placing one NP on each corner of a DNA nanosheet. 
A hotspot was formed in the center and an enhancement factor of 100x per NP was observed compared to 
AuNP monomers on DNA sheets [493]. Interparticle spacing often plays a role in the strength of a hotspot, 
so for the tetramer to be formed, it must be tightly controlled. Recently, a gold bowtie structure was 
assembled by DNA origami from two Au triangles with a Cy3 molecule placed in the gap. A SERS EF of 
2.6 x 109 and an EM or plasmon resonance EF of 2.3 x 102 was observed [494]. In general, DNA origami 
is an excellent tool for building complex structures for SERS. Thus, the future holds much promise for 
increased EFs and improved sensing capabilities. 
 
Table 6. Enhancement Factors of DNA origami-based SERS Devices 

Optical 
Nanoelement 

Structure EF Fabrication 
Technique 

Measurement Ref 
 

Ag NP Array ~107 Microlithography SERS [413] 

Ag NP Heterogeneous 
Colloid 

1014- 1015 Incubation of colloid 
with molecules 

SERS [415] 

AuNP Nanoantenna Experimental 
(100 nm): 
Monomer 8X 
Dimer 28X 
Theoretical 
(80 nm): 
68X 

DNA origami Confocal 
Fluorescence 

[485] 

AuNP 
(100 nm) 

Nanoantenna Experimental: 
306 (independent 
of QY) 
471 (no QY 
quencher) 
5468 (quencher, 
dye on origami as 
reference) 
160000 (quencher, 
dye in solution as 
reference) 
Theoretical: > 500 

DNA origami Confocal 
Fluorescence 

[53] 

AuNP Nanoantenna Experimental 
40 nm: 1.9X 
80 nm: 4.3X 

DNA origami Confocal 
Fluorescence 

[486] 

AuNP 
(25 nm) 

Dimer Experimental:  
~20X 
Theoretical: 
~30X 

DNA origami SERS [488] 



Au-Ag core-
shell NP 
(60nm-2.5 
nm) 

Dimer Experimental: 
1010 
Theoretical: 
104 

DNA origami SERS [492] 

AuNP 
 (40 nm) 

Dimer Experimental: 
105 

Theoretical:  
105-106 

DNA origami SERS [489] 

AuNP 
(40 nm) 

Dimer Experimental 
105-107 

DNA origami SERS [490] 

AuNP 
(50 nm) 

Tetramer Experimental  
100X per NP 

DNA origami SERS [493] 

Au Triangle Bowtie SERS: 109 
EM: 102 

DNA origami SERS [494] 

 
5.5 Reconfigurable plasmonic devices 

The importance of chiral and achiral plasmonic devices and their advantages have been discussed in the 
previous sections. If dynamic tunability is added to such devices, many new device prospects emerge. 
Plasmonic devices with easily reconfigurable properties, such as chirality control, provide greater 
functionality than static systems and have interesting potential applications. In recent years a number of 
plasmonic devices with photo-induced or voltage-induced reconfigurability have been proposed and 
implemented.  
 

5.5.1 Conventional reconfigurable plasmonic devices 

Reconfigurability can manifest in response to various external stimuli, such as photonic excitation, voltage 
bias, and induced stress/strain. These control mechanisms can be used to induce switching of devices 
through changes in structure, resonant wavelength, or chirality. For example, reconfigurable plasmonic 
devices can be generated through reconfigurable chirality. As discussed earlier, chiral plasmonic devices 
could be implemented as enantiomeric sensor, in polarization controlled optics, and in broadband circular 
polarizers, which makes them crucial candidates for reconfigurable design. Since the mechanism of photo-
induced chiral transitions in organic molecules or polymers is known, this strategy has attracted interest 
because of the possibility of combining chiral organic molecules with plasmonic nanostructures to yield 
optically-responsive plasmonic devices with ~THz operation range (Figure 38a) [495].  
 
In addition to photo-actuation of organic molecules, mechanical stress can also be used to induce structural 
changes in the plasmonic film itself, thereby modulating the chiral response. This approach was recently 
demonstrated through the transfer of mechanical stress from a flexible, macroscale substrate (PDMS) to 
nanoscale layers deposited on the surface [496]. The application of mechanical stress increased the apparent 
CD response at 660 nm from < 100 mdeg at 0% strain to nearly 350 mdeg with 50% strain. Releasing the 
stress caused the CD response to return to its equilibrium value, thereby demonstrating chirality response 
modulation (Figure 38b). 
 



 
Figure 38: Reconfigurable chiral structures. a) SEM image of chiral metamaterial with photo-induced 
handedness (scale bar = 25 µm[top]) and measured CD response of the metamaterial without (black) and 
with (red) photoexcitation[ bottom]. Reprinted by permission from Spring Nature, Nature Communications 
[495]. Macmillan Publishers Ltd. (2012). b) Reconfigurable chiral nanocomposite formed with helically 
twisted macroscale PDMS substrates with deposited nanoparticles (PU/NP)5 [top], and peak CD values of 
LH (red) and RH (blue) samples through five cycles of reversible stretching from 0% to 50% strain 
[bottom]. Reprinted by permission from Springer Nature, Nature Materials [496]. Macmillan Publishers 
Ltd (2016). 
 
Reconfigurable plasmonic structures with dynamically flexible properties provide additional functionality 
in almost all potential applications of plasmonic devices. In particular, they form a useful basis for the 
development of biosensors, drug carriers, and photonic metamaterials. 
 

5.5.2 DNA origami-based, reconfigurable, non-chiral plasmonic devices 

 
Whereas conventional reconfigurability achieved through photonic, electrical, and mechanical excitation is 
promising for future applications, DNA origami provides another avenue to achieve in situ 
reconfigurability. A few reconfigurable DNA origami composites that modulate interparticle distance or 
relative orientations to produce a measurable shift in their plasmon resonance have been developed [54, 
497]. The more popular methods of combining dynamic DNA origamis with emergent properties of metal 
NPs are those that utilize NRs to modulate orientation and produce changes in their CD spectra. This will 
be discussed in more detail in the following section. The first reported instance of a DNA origami-based 
reconfigurable plasmonic device employed a circular DNA origami disc with a controllable flap [497] 



(Figure 39a). One AuNP was placed on the edge of the flap with another on the edge of the circle next to 
the flap. Strand invasion was used to open and close the flap or adjust the flap angle to tune the resonance 
of the structure. A reversible blue shift was observed amongst closed structures, open structures, and 
partially closed structures. Another variant of a reconfigurable plasmonic structure used a DNA origami 
tripod with adjustable struts between legs to vary the angular differences between AuNRs bound to each 
leg [498]. Most recently, a switchable thermomechanical plasmonic waveguide was developed (Figure 39b) 
[54]. Using a DNA origami platform, five AuNPs were templated in a linear array with the central NP 
functionalized with a thermoresponsive elastin-like peptide (ELP). Above 35 °C, the ELP reversibly 
collapsed in such a manner that the central AuNP was pulled into alignment with the surrounding AuNPs. 
As a result, the transmittance of the NP array plasmonic waveguide could be thermally modulated. 
 

 
Figure 39. DNA origamis that control plasmon resonance through changes in interparticle distance. (a) 
(Left) Two AuNPs on a DNA origami disk with a controllable flap. As the flap underwent angular rotation, 
the plasmon peak blue-shifted (right). Reproduced from [497] with permission from The Royal Society of 
Chemistry. (b) A NP waveguide consisting of two AuNPs flanked by an ELP-functionalized central AuNP 



undergoes thermomechanical reconfiguration between high and low transmission states. Reprinted with 
permission from [54]. Copyright (2016) American Chemical Society.  
 

5.5.3 DNA origami-based, reconfigurable, chiral plasmonic devices 

 
The first study to combine dynamic DNA origami with chiral arrangements of plasmonic molecules 
attached two AuNRs to a pivotally-linked pair of rigid bundles [46]. The device, referred to as a switchable 
plasmonic metamolecule, could be reconfigured by binding the otherwise freely pivoting bundles to each 
other through a DNA linker. As a result, the NRs would be fixed relative to one another in a chiral 
arrangement that could be switched through subsequent strand displacement or binding events. Since the 
development of this proof of principle device, a number of other strategies have been demonstrated for 
reconfiguration, including photo-actuation using azobenzene [71], pH sensitive DNA triplex formation 
[258], RNA [52], and with aptamer activation (Figure 40a) have all been explored [19]. Similar designs 
have also been generated using AuNRs attached to a freely rotating bundle centered on a square platform 
(Figure 40b) [73]. Although the functional principle between these two types of structures is the same, the 
use of a square platform hypothetically allows for a greater number of programmable configurations. Using 
this approach, thermally tunable control of aptamer-triggered configuration changes was demonstrated, 
corresponding to clear changes in CD spectra. An alternative design strategy uses an entirely rigid DNA 
origami platform with two orthogonally-oriented AuNRs. This devices changes chirality through a series 
of strand displacement reactions that allow one of the NRs to walk along the face of the platform (Figure 
40c) [391]. A similar system was also demonstrated with a stationary AuNR on the side of a DNA origami 
platform, with a pair of AuNR walkers on the other side, adding to the repertoire of DNA walker-based 
nanomachines (Figure 40d) [499].  
 
Taken together, these devices demonstrate the precision of NP arrangement and dynamic capabilities 
enabled by DNA origami. Another advantage of DNA origami-based devices is the ability to form higher-
order assemblies, which is very rarely used in combination with dynamic and functional nanostructures. To 
our knowledge, there is only one report that demonstrates all three of these features to create a higher-order 
assembly of dynamic DNA origami-NP composites [48] (Figure 41). In this study, triggered control over 
the chiral arrangement of AuNRs was achieved. Initially, a V-shaped DNA origami was developed that 
could form a variety of higher-order structures as a result of static arrangements of AuNRs [500]. This 
structure was then modified to enable reconfiguration using toe-hold mediated strand displacement. The 
resulting higher-order structures could be triggered to reconfigure between LH and RH helical arrangements 
of AuNRs, resulting in optical chirality inversion. The fusion of these three major features of DNA origami 
demonstrates the feasibility of using this approach to create emergent materials with programmable 
dynamics. 
 
 



 
Figure 40. Reconfigurable chiral plasmonic devices. (a) General scheme for AuNR-DNA origami 
composite chiral devices showing aptamer-triggered dynamics. Adapted with permission from [19]. 
Copyright (2018) Royal Chemical Society. (b) AuNRs attached to rectangular and square DNA origami 
platforms, respectively, with a rotor element that is reconfigurable by aptamer binding or temperature 
changes. Adapted with permission from [73]. Copyright (2018) American Chemical Society. (c) A DNA 
origami platform with one fixed AuNR and one orthogonally-oriented AuNR walker that changes the CD 
response as it moves from one edge to the other. Made available under the terms of the Creative Commons 
Attribution-NonCommercial 3.0 Unported License, creativecommons.org/licenses/by-nc/3.0/. Reproduced 
from Reference [391]. (d) A DNA origami platform with one fixed AuNR and a pair of orthogonally-
oriented AuNR walkers. Reprinted with permission from [499]. Copyright (2015) American Chemical 
Society. 
 



 
Figure 41. Reconfigurable, higher-order helical arrangements of AuNRs using DNA origami. (a) Scheme 
for reconfiguration of V-shaped DNA origami using toe-hold mediated strand displacement and actual 
structures confirmed via TEM imaging. (b) Scheme for attachment between V-shaped DNA origamis with 
AuNRs to create higher-order structures. (c) TEM images confirming helical arrangement of AuNRs. (d) 
CD spectra showing optical chirality inversion when triggered between left-handed and right-handed 
helical arrangements of AuNRs. (e) Theoretical CD spectra of left-handed and right handed helical 



arrangements of AuNRs. Adapted with permission from [48]. Copyright (2018) American Chemical 
Society.  
 

5.6 DNA origami metallization 

DNA origami has also been used in combination with metallization or mineralization techniques to transfer 
the geometric programmability of DNA origami to hard matter nanostructures. Metallization of single DNA 
strands has been extensively explored as a means for creating nanoscale electronics [501]. Advances in the 
precise arrangement of NP arrays using DNA origami for the synthesis of metal nanowires has been 
previously reviewed elsewhere [502]. Here, we wish to highlight recent advances in DNA origami 
templated fabrication of inorganic nanostructures in which the material is deposited onto the DNA origami. 
The main techniques for metallization of DNA origami start with either nonspecific metal seeding or site-
specific binding of DNA functionalized-NPs. Metallization through non-specific seeding has been 
demonstrated using positively-charged amine-coated Au nanoclusters (1.4 nm diameter) [503] (Figure 42a) 
as well as through the activation of metal ions [278, 279]. However, recent advances have focused on site-
specific binding of DNA functionalized-NPs and subsequent growth of metal films through chemical 
reduction [381, 504]. Aside from demonstrations of templated nanowire formation, electrical 
characterization of such materials is critical for their potential integration in useful nanoelectronics. 
Recently, the conductivity of metalized 6-helix bundle DNA origamis was measured in a temperature 
dependent manner [505] (Figure 42b). Resistances of ~116 MΩ and ~2.8 GΩ at room temperature were 
reported for two different nanowires. Values decreased at lower temperatures down to 4K, suggesting that 
the observed behavior is not purely metallic. This translates to resistivities of ~0.05 Ω-m and 1.1 Ω-m, 
respectively. In contrast, earlier work reported metallized DNA origamis with a much lower average 
resistivity of 3 x 10-6 Ω-m [506]. Other methods of forming nanowires include metallization of NRs, which 
could be oriented so that nearby rod ends grow and fuse together as a result of anisotropic growth [383] 
(Figure 42c). Nanowires formed from DNA origami templated AuNRs had resistivities ranging from 6.7 x 
10-5 to 8.9 x 10-7 Ω-m [383]. Four point resistance measurements on individual origami with a single fused 
metal nanowire yielded resistivities as low as 4.25 x 10-5 Ω-m [507]. 
 
Another form of DNA origami metallization uses metal NP seeds bound to the interior of hollow DNA 
origami structures, which act as molds to define the eventual shape and size of the nanowire as it grows 
[508, 509]. This is possible because the confining walls of the DNA origami are permeable to the electroless 
plating solution used to grow nanowires, but are still sufficiently impermeable to define nanowire shape. 
The mechanical stiffness of the origami must be well-defined in this system, as thermal fluctuations from 
the ground state will affect the resulting shape of the nanowire. Ultimately the range of possible shapes 
appears limited only by the design constraints of the DNA origami mold, enabling a huge variety of 
nanostructure shapes to be achieved. Thus far, casting of cuboids, disks, triangles, and Y-shapes has been 
demonstrated [509] (Figure 43a). Since the casted metal nanostructure is still encased by DNA origami, 
any method for creating higher-order arrangements of DNA origami could be used to assemble the 
metalized structures [508]. Recently, the growth of conductive nanowires using linear arrays of seeded 
DNA origami molds was shown [510] (Figure 43b); however, the resistances of the resulting nanowires 
varied greatly (between 90 Ω and 30 GΩ without a clear length dependence). Although challenges 
associated with grain boundaries between growing nanostructures is a prominent issue, the application of 
DNA origami as templates for nanoelectronic components seems promising. 
 



 
Figure 42. Metallization of DNA origamis to form nanowires. (a) Metallization using non-specifically 
seeded AuNPs. Reprinted with permission from [503]. Copyright (2011) Wiley. (b) Scheme for site-specific 
metallization of DNA origami filaments to form nanowires and an SEM image of nanowire with electrical 
contacts. Adapted with permission from [505]. Copyright (2016) American Chemical Society. (c) 
Anisotropic growth of metal nanowires emanating from AuNRs templated on DNA origami filaments. 
Reprinted with permission from [383]. Copyright (2017) American Chemical Society. 
 
 



Figure 43. DNA origami nanomolds used to make Ag nanoparticles in the shape of (a) an equilateral 
triangle, (b) a right angle triangle, (c) a Y-shaped junction, (d) discs, (e) a cuboid, and (f) composites with 
quantum dots on either side of a Ag cuboid. From [509]. Reprinted with permission from AAAS. (g) 
Schematic for forming AuNP-seeded DNA origami arrays. (h) TEM images showing filaments made from 
optimized polymerization methods. (i) AuNP-seeded DNA origami arrays after metallization, forming 
nanowires. Adapted with permission from [510]. Copyright (2018) American Chemical Society. 
 



6 Conclusions and Perspectives 
DNA origami nanostructures offer structural precision, relatively simple and versatile site-specific 
functionalization, tunable mechanical and dynamic properties, and the ability to engineer actuation 
mechanisms (i.e., stimulus response). These properties make them highly attractive substrates for 
templating and controlling nanomaterial systems. However, DNA nanostructures are limited in other facets, 
such as optical, electrical, and thermal properties. Integration of inorganic NPs that intrinsically display 
these behaviors, including optical absorbance and transmission, thermal and electrical conductance, and 
energy conversion such as optical to thermal, provides a powerful marriage of these two techniques. For 
example, DNA origami can be used to overcome one of the most challenging aspects of NP assembly, 
precise organization at the nanoscale. Further, DNA origami enables construction of complex asymmetric 
geometries, triggered conformation changes, and higher-order multi-NP organizations. Hence, the 
functional properties of DNA origami nanostructures are highly complementary to the functional properties 
of inorganic NPs. This has led to significant efforts to unite these two materials in NP-DNA origami 
composites that leverage DNA origami for organization, higher-order assembly, and reconfiguration to 
harness, template, and control NP interactions. 
 
Significant advances have been made in methods to form AuNP-DNA composites, and some promising 
proof-of-concept applications such as sensing have been demonstrated. These composites largely 
demonstrate organization of spherical AuNPs or rod-shaped AuNRs, as a basis to engineer NP plasmonic 
interactions, often in chiral geometries. A significant number of studies have led to robust and high 
efficiency methods to incorporate, purify, and quantify AuNP-DNA origami composites. Although 
effective methods are available, even attaching a single AuNP to a DNA origami nanostructure leads to a 
large number of design choices (i.e., number, length, arrangement, and sequence of overhangs, size, shape, 
and composition of the NP), which makes quantitatively understanding the influence of these parameters 
challenging. Whereas addressing these factors empirically is expensive and arduous, molecular scale 
modeling, especially molecular dynamics simulation could provide a powerful route for understanding 
DNA origami-NP interactions. Current modeling efforts focus on the DNA origami structures themselves, 
but moving forward, modeling hybrid material systems will be crucial to enabling more efficient and robust 
designs. 
 
Beyond binding and organizing NPs, DNA origami constructs are a potentially powerful means to assemble 
higher-order 1D, 2D, and 3D NP arrays and dynamically control NP position and spacing. Hence, the 
toolbox afforded by DNA origami allows control of emergent material behaviors. However, challenges 
remain that must be surmounted to enable robust functional composites for materials applications. Further 
improvement in efficient and scalable assembly of NP-DNA composites is crucially needed, especially with 
materials systems beyond gold. As dimensions increase, emergent material behaviors may be more sensitive 
to defects, so minimizing defects may be critical. For example, use of DNA origami-templated NP 
waveguides for transmission over long-ranges will require defect-free fabrication of both DNA origami 
constructs and NP binding over those same distances. Alternatively, it may be possible to leverage or 
account for defects in larger materials systems if they are sufficiently understood. Furthermore, whereas a 
variety of actuation mechanisms with response times at second or sub-second timescales have been 
introduced over the last few years, the actuation of hierarchical DNA assemblies has only been 
demonstrated for a few systems. Also, the time-scales of actuation for hierarchical assemblies are not well-
characterized. Hence, extending the diversity of actuation and fast triggering methods to higher order 
assemblies is essential to harness the benefits of dynamic DNA origami devices for materials applications.   
 
Finally, current NP-DNA composites have largely relied on AuNPs and NRs. Whereas some studies have 
incorporated other NPs, such as quantum dots, there is an expansive design space to explore NPs of different 
materials or even many different NPs on the same construct. For example, leveraging mechanical forces 
generated via SPION interactions, plasmonic interactions of gold NPs, and robust fluorescence of QDs all 



on the same platform could be achieved, opening a new path for multi-functional nanomaterials. In addition, 
more complex NP compositions, such as Janus particles with propulsive motion [511] could be highly 
attractive, for example to power DNA origami devices or materials. However, this will require continued 
advances in robust and efficient methods to functionalize NPs of many different compositions with DNA 
connections that remain stable over long periods of time. Furthermore, significant work incorporating DNA 
origami with proteins or other biomolecules could imbue NP-DNA composites with enhanced features, 
such as chemical or enzymatic properties for energy conversion or harvesting capabilities. Moving forward, 
we envision the complementary advantages of DNA origamis and inorganic NPs will yield a new class of 
metamaterials with emergent, reconfigurable properties. 
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