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Abstract 

 

Understanding of cell membrane organization has evolved significantly from the classic fluid mosaic 

model. It is now recognized that biological membranes are highly organized structures, with differences 

in lipid compositions between inner and outer leaflets and in lateral structures within the bilayer plane, 

known as lipid rafts. These organizing principles are important for protein localization and function as 

well as cellular signaling. However, the mechanisms and biophysical basis of lipid raft formation, 

structure, dynamics and function are not clearly understood. One key question, which we focus on in this 

review, is how lateral organization and leaflet compositional asymmetry are coupled. Detailed 

information elucidating this question has been sparse because of the small size and transient nature of 

rafts and the experimental challenges in constructing asymmetric bilayers. Resolving this mystery will 

require advances in both experimentation and modeling. We discuss here the preparation of model 

systems along with experimental and computational approaches that have been applied in efforts to 

address this key question in membrane biology. We seek to place recent and future advances in 

experimental and computational techniques in context, providing insight into in-plane and transverse 

organization of biological membranes. 
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1. Introduction 

 

The lipid raft hypothesis has fundamentally changed the way we look at the cell membrane and how it 

organizes proteins and lipids to accomplish its varied and vital functions
1
. Through the selective 

partitioning of membrane proteins between rafts and their surroundings, rafts control protein-protein 

interactions, enhancing certain associations while suppressing others. In this manner, rafts are thought to 

mediate a range of cellular processes, including signal transduction
2
, apoptosis

3
, cell adhesion and 

migration
4
, cell recognition

5
, synaptic transmission

6
, cytoskeletal organization

7
 and protein sorting 

8, 9
. 

The rafts themselves are thought to be small (10-100 nm) 
10

, heterogeneous
11

 and highly dynamic
12

 

structures composed primarily of lipids but also rich in sterols, carbohydrates, and proteins
13

. Rafts have 

been extensively studied in animal cells 
14, 15

, and recent research has shown that they are also central to 

the organization and function of membranes in plants 
16

 and microbes 
17

. They also play a role in bacterial 

and viral pathogenesis 
18, 19

. The size, lifetime, and connectivity of rafts are crucial parameters for 

understanding their function
8
. How these parameters are controlled by the cell is, at best, poorly 

understood and is the focus of intense current scientific interest. 

 

Another key feature of biological membranes is that they are compositionally asymmetric 
20

.  In fact, 

bilayer compositional asymmetry was well known even within five years 
14, 21-26

 of the publication of the 

fluid mosaic model 
27

. The majority of aminophospholipids reside on the membrane inner leaflet, with 

sphingomyelin and choline phospholipids primarily in the outer leaflet (Fig.1) 
14, 24

. Cholesterol is found 

in both bilayer leaflets, but distributed asymmetrically, with a greater concentration suggested for the 

inner leaflet 
28

. This asymmetry impacts a range of bilayer properties
29-31

 and is tied to numerous 

biological functions, including signaling of apoptosis 
32-35

, thrombosis 
25, 36

, phagocytosis 
32, 37-39

, and as an 

indicator of tumorigenic cells 
40, 41

. In vivo, bilayer asymmetry is maintained by adenosine triphosphate 

(ATP)-dependent enzymes that transport lipids between the two leaflets 
42, 43

. However, generation of 

asymmetry in experimentally accessible model systems has, until very recently, proven elusive 
44-47

 – 

meaning that most work on membrane biophysics has made use of symmetric self-assembled bilayers. 

 

In the context of membrane domains, the absence of asymmetry has been recognized as a significant 

deficiency 
45, 46, 48

 and leaves a number of important questions unanswered. Key among these is the role of 

inter-leaflet coupling (Fig. 2) in formation of lipid rafts. Current consensus is that domain formation in 

the membrane outer leaflet is coupled to the inner leaflet, and this interdependence is important for both 

the structure of the membrane and the communication of information across it 
45, 46, 49

. It is known that 

symmetric model membranes made from lipid mixtures emulating the outer leaflet of mammalian cells 

exhibit nanoscopic phase behavior characteristic of lipid rafts. However, lipid mixtures emulating the 

inner leaflet fail to do so, remaining uniformly mixed
50, 51

. This is intriguing because rafts are expected to 

exist in both leaflets of the bilayer 
49, 52, 53

, implying a critical role of inter-leaflet coupling in vivo. 

Moreover, the mechanisms by which the outer leaflet of the bilayer could interact with the inner leaflet 

remain unknown. 
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Figure 1. The cell membrane of human red blood cells possess an asymmetric distribution of lipids (SM = 

sphingomyelin, PC = phosphatidylcholine, PE = phosphatidylethanolamine and PS = phosphatidylserine) 

between the inner leaflet (cytoplasmic) and outer leaflet (extracellular) 
14

.  

 

Perhaps the most intuitive explanation for interleaflet coupling in cell membranes is the presence of 

membrane-spanning proteins that physically bridge the two bilayer leaflets. However, observations in 

protein-free model systems suggest that the coupling may be an intrinsic property of the lipids themselves 
30

. Experimental work has shown direct evidence of interleaflet coupling in the form of domain alignment 

between the bilayer leaflets in symmetric giant unilamellar vesicles (GUVs) and supported bilayers
51, 54-57

. 

An alternative coupling mechanism has also been reported, manifested as anti-correlation in small (nm) or 

solid domains 
58-62

. Owing to recent advance in generating asymmetric vesicle models, calorimetric 

measurements of melting transitions in these asymmetric models also supported the notion of interleaflet 

coupling 
63

. A number of excellent reviews on inter-leaflet domain coupling have been written
44-46

. The 

present review will focus on bringing this topic together with recent developments in three areas: 

generating asymmetric model bilayers, neutron scattering methods, and computer simulation techniques. 

Neutron scattering and computational methods are naturally compatible techniques, able to detect and 

analyze nanoscopic domains and lipid asymmetry. Together with recent developments in generating 

model asymmetric bilayers there is a tremendous opportunity to offer new insights into the mechanisms 

of raft formation and interleaflet coupling. 

 

 
Figure 2. Key outstanding questions in membrane biophysics center on the interplay of leaflet 

compositional asymmetry and lateral organization. Are lipid rafts ‘in-registry”? Can leaflet coupling 

induce raft formation in the mammalian inner leaflet?  

 

2. Experimental studies of cross-layer coupling 
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2.1 Preparation of asymmetric bilayers 

 

Replicating the asymmetry of biological membranes is a critical starting point for studies of bilayer 

coupling. One might consider harvesting naturally occurring lipid bilayers in order to take advantage of 

the asymmetry native to biological membranes. In fact, Weik and coworkers have used neutron scattering 

on crystalline membrane structures known as purple membranes to demonstrate the asymmetric bilayer 

orientation of glycolipids with respect to membrane proteins
207

. Unfortunately, most natural systems are 

non-crystalline, and moreover natural constructs typically lose asymmetry over time. It is advantageous 

then to produce model systems which replicate the asymmetry of biological membranes. Methods for 

generating asymmetric model bilayer systems have progressed in recent years, using passive mechanisms 

(cyclodextrin exchange, Langmuir-Blodgett), emulsification strategies (microfluidics), or active 

mechanisms (lipid flippase/floppase enzymes). 

 

Supported lipid bilayers Supported lipid bilayers are classic models for biological membranes. They 

allow membrane constituents to be studied in a controlled environment, and are compatible with many 

experimental probes, such as fluorescence microscopy, atomic force microscopy and neutron 

reflectometry. This control comes at a price however, with the substrate influencing the bilayer, reducing 

hydration and introducing artifacts to the structure and dynamics of the lipids.  

 

One of the most convenient ways of preparing supported bilayers is vesicle fusion to a substrate. Since the 

pioneering work of McConnell and co-workers 
64

, supported bilayers have been formed by vesicle fusion 

on various substrates, such as glass, mica, self-assembled mono-layers, polymers, and quartz. Asymmetric 

supported bilayers can be prepared by sequential deposition of lipid monolayers using the Langmuir-

Blodgett/Langmuir-Schafer (LB/LS) or the Langmuir-Blodgett/vesicle fusion (LB/VF) methods. Care 

must be taken with these approaches, as the asymmetric bilayers prepared this way often do not have the 

intended lipid compositions in the two leaflets. Because of this, two additional techniques are critical for 

the characterization and production of asymmetric supported bilayers
44

. The first is the use of the 

fluorescence interference contrast (FLIC) microscopy
65

 to measure lipid flip-flop across supported 

membranes. In this way, the compositional asymmetry can be quantified. The second is the development 

of the tethered polymer supported bilayer
66

. It has proven to be critical for maintaining bilayer asymmetry 

to add an inert, highly hydrated polymer cushion between the membrane and the solid substrate. 

 

Domain formation has been studied using supported bilayers, providing an important example of 

interleaflet domain induction
44, 65, 67

. Tamm and coworkers have studied the PC/PE/PS/cholesterol 

mixtures extracted from natural brain or egg extracts that mimic the cytoplasmic leaflet of cell 

membranes 
44

. These mixtures cannot form phase-separated domains in symmetric bilayers. However, this 

composition was induced to form domains when opposing a PC/SM/cholesterol leaflet that mimics the 

exoplasmic leaflet of cell membranes. It was also concluded that at least one high melting temperature, 

Tm, lipid, one low Tm lipid and cholesterol need to be present for domain formation in the second leaflet 

by coupling to preexisting domains in the first exoplasmic leaflet
68

. 

 

Unilamellar vesicles Unilamellar vesicles (ULVs) are important structures that resemble biological 

membranes far more than supported bilayers. In addition to mimicking biological membranes in 

biophysical studies, lipid vesicles are used to entrap proteins molecules
69, 70

 or drug delivery
71, 72

 and even 

act potential blood substitutes
73-76

. The unsupported bilayer of a ULV has more physiologically relevant 

hydration, natural boundary conditions, and enables facile incorporation of membrane proteins. ULVs 

also offer flexibility in terms of size (or curvature).  Small unilamellar vesicles are ideal for mimicking 

highly curved membranes (endosomes
77

, synaptic vesicles
78

, etc.), whereas giant unilamellar vesicles are 

suitable for very low curved membranes (the cell plasma membranes). It should be noted however, that 

highly curved bilayers can be considered asymmetric due to geometric packing effects
79

, complicating 

coupling studies. ULVs have become one of the most widely applicable membrane models and have been 
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used in a greater variety of spectroscopic and biochemical studies, such as small angle neutron scattering 

(SANS) and neutron spin echo (NSE) experiments. 

 

 
Figure 3. Schematic of asymmetric vesicle production through cyclodextrin mediated exchange

29
.  

 

Symmetric ULVs are typically prepared by sonication or extrusion through polycarbonate filters of 

defined size. To incorporate compositional bilayer asymmetry, London and co-workers developed a 

technique, in which cyclodextrin-mediated lipid exchange is used to prepare ULVs with different 

compositions across the lipid bilayers (Figure 3). 
29

 In this method, two populations of vesicles are 

prepared, ULVs with the desired inner leaflet composition, and MLV with the desired outer leaflet 

composition. These two populations are mixed and incubated with cyclodextrin. The choice of 

cyclodextrin depends on the presence or lack of cholesterol, with methyl-β-cyclodextrin useful for pure 

lipid systems
29, 30, 63, 80

 and hydroxypropyl-α-cyclodextrin used when cholesterol is present in the acceptor 

ULVs 
80-83

. This approach has proven to be flexible, producing model systems that closely mimic the 

mammalian plasma membranes (SM and/or PC outside and PE/PS inside), and in which cholesterol 

content can be readily varied between 0 and 50 mol%. These asymmetric ULVs should represent more 

realistic model membranes for probing phase behaviors as well as the interplay between membrane 

asymmetry and interleaflet domain coupling.  

 

Emulsion/microfluidic approaches There have also been significant advances in microfluidic 

technologies in recent years
84

. This has allowed researchers to controllably generate monodisperse lipid 

vesicles using a double emulsion approach 
85, 86

. In this method, a water-in-organic emulsion droplet is 

formed, stabilized by what is to become the inner leaflet monolayer. These droplets, and the surrounding 

organic solvent, are then immersed into an additional aqueous phase with a second supported interfacial 

layer (the outer bilayer leaflet) to form a water-in-organic-in-water double emulsion. Upon removal of the 

organic phase, this method generates monodisperse bilayers with controllable bilayer composition. Using 

these microfluidic approaches, several recent studies have generated asymmetric vesicles starting from 

two different lipids or lipid mixtures 
87-91

.   

 

A final comment about asymmetric ULVs and supported bilayers is that these systems are not in 

equilibrium. The lipids in each bilayer leaflet are known to spontaneously exchange
92

 in a process called 

‘flip-flop’, reducing any imposed asymmetry as a function of time.  This ‘flip-flop’ rate is a feature of the 
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state of the lipids themselves, as well as their acyl chain length, the presence of ions in the buffer and/or 

supporting interfaces
93-97

.  

 

Protocell systems Biology has solved the technical problem of creating stable asymmetric bilayers and 

maintaining them, through a series of ATP-dependent enzymes known as flippases, floppases, and 

scramblases
42, 45, 98, 99

. In this regard, a protocell containing some of these enzymes is an attractive concept 

for developing asymmetric lipid vesicles that are suitable for characterizing its transverse and lateral 

structures in a realistic manner. This is somewhat different from most research efforts related to protocell 

systems that center on self-replication and artificial life 
100

. Protocell systems will also provide a versatile 

platform for assessing protein activity in its native-like environments (i.e. different lipid composition), 

and for revealing the correlation between protein structure/function and phase state of the membrane. 

 

The basic approach of the protocell utilizes ULVs containing a well-defined binary mixture. Membrane 

proteins (flippases for instance) can be reconstituted in ULVs using one of two common approaches: 1) 

the dilution of the protein-detergent mixture with ULV solutions, or 2) the introduction of detergents to 

preformed ULVs followed by addition of the protein-detergent mixture. Asymmetric distributions of 

phospholipids between the cytoplasmic and exoplasmic membrane leaflets in biological cells are usually 

maintained by flippases 
101

, a family of transmembrane lipid transporter enzymes responsible for the 

movement of phospholipid molecules from one leaflet to the other. Therefore, through incorporation of 

the flippases, membrane asymmetry will be generated and maintained by active transport of 

phospholipids across the protocell membrane leaflets. Active transport means that energy input in the 

form of ATP is required by the flippases to transfer phospholipid molecules in a specific direction, i.e., 

from the cytoplasmic face to the exoplasmic face of the membrane. When coupled with a minimum ATP 

generation system 
102

, the protocell will be able to maintain membrane asymmetry between the two 

membrane leaflets in a self-contained manner. For optimal functional studies, the developed protocell 

should fulfill a number of criteria, such as uniform distribution of proteins and their proper orientation 

(and activity whenever it is possible) in the bilayer. The protocell system provides an active approach for 

generating and maintaining membrane asymmetry, enabling a deeper understanding of membrane 

composition, the interplay between compositional asymmetry and lipid rafts, as well as the function of 

ATP-driven membrane proteins in a physiologically relevant membrane environment. 

 

2.2 Methods to Study Lipid Organization 

 

Many experimental methods have been used to study the transverse structure of lipid bilayers. Lipid 

asymmetry was primarily determined using fluorescent
103, 104

, radiochemical
21, 26

, and spin labeling (ESR) 
42, 105

, as well as nuclear magnetic resonance (NMR)
26

.  More recently, atomic force microscopy (AFM) 
106

 has been used to study lipid asymmetry in supported bilayer systems. Fluorescence interference 

contrast microscopy (FLIC) 
65

, total internal reflection fluorescence microscopy (TIRF)
107, 108

 and 

fluorescence correlation spectroscopy (FCS)
109

 are a few of the other recent developments useful to 

quantify asymmetry in supported systems.  

 

Detection and interrogation of lipid rafts, lipid domains, and other lateral heterogeneities present a 

different challenge. Detergent resistance
110

 and cyclodextrin depletion
111

 were key early methods used to 

study lipid raft phenomena while AFM
112-114

 and fluorescence microscopy (FM) 
115

 have emerged as more 

recent techniques to characterize lateral organization
116

. AFM provides detailed information about bilayer 

thickness but is limited to model or isolated native membranes that can be immobilized on surfaces. FM 

is able to interrogate domain size, shape and physical properties
117

 based on the partitioning of dye 

molecules into the different phases 
118

 but is limited by the diffraction limit. Single molecule
119

, 

multiphoton methods
120

 and a range of super-resolution microscopy techniques
121

 are being developed in 

efforts to overcome this. Förster resonance energy transfer (FRET) 
122

 is able to probe much smaller 

distances and has proven extremely useful for studying domain formation and phase behavior
123, 124

 as 
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well as identifying raft associating molecules
125

. FM has been also been used to study partitioning, 

diffusion and ligand binding of raft lipid analogs in model and cellular plasma membranes 
126

. 

Fluorescence recovery after photobleaching (FRAP)
127

 is a particularly useful approach for studying 

lateral diffusion in bilayers
128

 and distinguishing the liquid ordered (Lo) phase in raft forming models 
129, 

130
. It works by photo-bleaching a defined area and measuring the rate at which fluorophores diffuse back 

into the bleached spot.  

 

The above methods have provided, and will continue to provide, useful tools for the study of lipid 

organization. Yet, they have a number of important limitations to keep in mind, such as the potential 

perturbations of molecular probes or surfaces, and the size of some lipid domains (especially those of 

biological relevance) being smaller than the detection capabilities of optical microscopy. We will now 

discuss other scattering methods that can probe free floating and label free bilayer systems.   

 

2.3 Small angle neutron scattering (SANS) 

 

Small-angle neutron scattering (SANS) is an experimental scattering technique which measures the elastic 

scattering of neutrons from atomic nuclei to probe structures from ~1 to 100 nanometers. SANS is 

uniquely useful in studies of biological materials due to its sensitivity to light elements, particularly 

hydrogen and its isotope deuterium. In fact, some of the early studies of the transverse structure of the 

lipid bilayer used neutrons and isotopic substitution of the various components of the lipid molecule
131-134

. 

Typically, in structural studies of lipids, the scattering of the material is quantified through the neutron 

scattering length density (NSLD) which reflects the average scattering length of the atoms within a given 

volume. This is regulated through the deuterium/hydrogen ratio of the solvent and/or lipid. More recently, 

SANS is emerging as a powerful tool for studying the lateral structures of lipid membranes 
135-137

.  
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Figure 4. An alternative contrast matching scheme used by Nickels et al.
53

 to measure individual phases 

within phase separated lipid bilayers composed of POPC/DSPC/Chol. A) Structure and NSLD of a 

hydrogenated bilayer in D2O. B) and C) show the NSLDs and schemes used to isolate scattering from the 

acyl region of individual lipid phases.  

 

These advances make use of the fact that SANS allows for the scattering from individual bilayer 

components to be suppressed independently through the practice of NSLD contrast matching techniques. 

Scattering intensity scales with the square of the difference in NSLD between adjacent materials within 

the sample (Fig. 4). By making that difference equal to zero, all scattering from a given structure is 

suppressed, isolating the scattering from unmatched regions. Isotopic substitutions can be used to match 

the NSLD of particular structural units to each other or the solvent. In this way, an asymmetric leaflet or 

lipid domain could have a different NSLD than the rest of the system, providing unique access to this 

structural information. Neutron scattering is also an effectively probe-free technique that introduces 

minimal perturbation to membrane composition. This is particularly advantageous for systems that are 

sensitive to the presence of extrinsic probes (e.g., bulky fluorophores) or studies of phase behavior, where 

compositional variations are critical. 

 

Detection of nanoscopic domains in membranes by SANS Katsaras and co-workers have driven the 

use of SANS in the detection of lipid domains. This effort began with Pencer and co-workers
135

 

describing a set of measurements designed to detect lateral heterogeneity within lipid bilayers using 

SANS. Their experiment was based on the idea that the SANS signal that arises from laterally phase 

separated ULVs can be described using three components: (i) a component reflecting the NSLD contrast 

between the average bilayer composition and the solvent; (ii) a radial component from NSLD variation in 

the direction normal to the bilayer plane (which can be approximated by slabs corresponding to the 

headgroup and acyl chain regions); and (iii) a lateral component from NSLD variation within the plane of 

the bilayer. They predicted that if one took a lipid mixture which phase separates above the temperature 

where the phases mix, resulting in homogenous mixing of the lipid components, it would eliminate the 

lateral scattering contribution, allowing for the detection of domains, shown schematically in Fig. 5.  

 

 
Figure 5. Scheme for SANS scattering from phase separated lipid vesicles. Excess scattering from lateral 

organization is emphasized from the comparison of scattering data below (A) and above (B) the mixing 

transition. Figure adapted from Pencer et al.
135
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With detailed knowledge of a lipid phase diagram and deuterated materials, this scheme can be improved 

by matching the SLD of homogenously mixed lipid components to that of the solvent. Both the solvent 

and lipid NSLDs can be tuned experimentally by adjusting the ratio of D2O/H2O in the aqueous medium, 

and the ratio of deuterated/protiated chains in the bilayer. Heberle et al. adopted this approach in SANS 

experiments using a four-component model system containing fixed proportions of cholesterol and the 

saturated phospholipid 1,2-distearoyl-sn-glycero-3-phosphocholine (DSPC), mixed with varying amounts 

of the unsaturated phospholipids 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) and 1,2-

dioleoylsn-glycero-3-phosphocholine (DOPC) 
136

. By matching the average NSLD of the solvent, 

headgroup and acyl chain region, they were able to observe excess scattering signal arising only from the 

lateral segregation in the acyl chain region upon domain formation. Through systematic changes in the 

composition, a direct correlation was found to exist between the domain size and the mismatch in bilayer 

thickness of the coexisting liquid ordered (Lo) and liquid disordered (Ld) phases, suggesting a dominant 

role for the interfacial energy between the domains in controlling domain size.  

 

Recent work has further developed this idea
53

, by altering the contrast strategy again to focus on matching 

individual phases within a vesicle.  By matching the NSLD of the solvent to all of the head groups and the 

acyl region of one phase, it is possible to isolate the acyl chains of the other phase, as depicted in Fig 4. 

Studying the scattering of individual phases provides a range of new possibilities. For example, by 

examining the acyl thickness of individual phases, it was determined that nanodomains in the 

POPC/DSPC/cholesterol system are in register, or aligned across the two bilayer leaflets
53

. For anti-

registered phases, one would expect to see only a monolayer thickness due to the apposition of visible Ld 

phase and the invisible Lo phase. This NSLD contrast matching scheme also enables neutron scattering 

measurements to study dynamics of individual phases. NSE measurements are sensitive to the thermal 

undulations of the bilayer, allowing one to extract the bending modulus
138

. It was shown that the 

nanoscopic domains were dynamically decoupled from the surrounding phase, showing that they maintain 

bending properties similar to the Ld composition studied in bulk. This has implications for domain 

formation and stability, and highlights how neutrons are ideal for the study of lipid bilayer organization.  

 

Potential of SANS Measurements for Lipid Asymmetry. Given recent developments in the generation 

of asymmetric lipid vesicles that we described above, we can begin to consider how neutrons will be 

optimally deployed to study their structure and properties. The most straightforward approach appears to 

introduce isotopic differences between the two bilayer leaflets using the methods of London and co-

workers
29

. Extending this to deuterated materials for use in scattering experiments is a logical next step, 

but it should be noted that deuterated materials are denser than their hydrogenated counterparts, which 

complicates the production of asymmetric vesicles, requiring changes in the protocols for separation of 

donor and acceptor species. If this issue is solved though, this would allow for neutron reflectivity 

measurements on supported asymmetric lipid bilayers or SANS measurements on free floating vesicles. 

In Fig. 6, we present a hypothetical SANS experiment on 50 nm radius asymmetric vesicles where one 

leaflet contains deuterated acyl chains. There is a clear effect of asymmetry on the scattering patterns that 

reflects the changes in the transverse NSLD profile, but the inner versus outer leaflet exchanged vesicles 

result in similar spectra. This is the case of an ideal asymmetry, but real experiments would be subject to 

a number of other effects that would actually make the result more informative. Inefficiencies in lipid 

exchange, flip-flop in the course of the measurements, and geometric asymmetry would influence the 

leaflet thicknesses and NSLD, making the two cases of inner and outer leaflet deuteration clearly 

distinguishable.  
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Figure 6. Bilayer asymmetry can be experimentally observed by SANS using selective deuteration of 

individual bilayer components. For instance, if one deuterates the hydrocarbon chains in one leaflet, the 

resulting scattering can be predicted using a traditional slab model
139-142

. Here we present a model of 

scattering from 50 nm radius vesicles with a Gaussian size distribution and the SLD profiles shown in the 

top right panel, we also assume the instrumental resolution of the BioSANS spectrometer at HFIR, 

ORNL.  

 

The above basic example with a single lipid is useful to understand the possibilities of neutrons and 

asymmetry, but the true impact will be realized only once this concept is developed, demonstrated, and 

combined with more biologically relevant asymmetric membrane models. Careful compositional control 

across the two bilayer leaflets opens up the possibility of using neutrons to study questions of leaflet 

coupling and its interplay with lateral organization. London and co-workers have already demonstrated 

this technical achievement with lipid only systems, cholesterol containing bilayers, and membrane 

mimetic mixtures of hydrogenated lipids as described above. If the technical issues around the use of 

deuterated materials are solved (changes in mass and density complicating the separation stage), and 

sufficient compositional control achieved, one could return to the advanced contrast matching approaches 

that found success in the study of lateral organization. This will open opportunities for a range of studies 

focused on questions of leaflet coupling and induced domain formation. These potential studies are 

presented as possible approaches that fully synthesize current capabilities from the preparation of 

asymmetric vesicles and scattering techniques.  
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3. Computational studies of cross-layer coupling 

 

In recent years, it has become apparent that the combination of molecular dynamics (MD) simulation, 

which uses Newtonian mechanics to compute how each atom in a system moves with time, with various 

experiments (such as, neutron scattering, NMR) has the potential to evolve into the definitive tool for 

elucidating the atomistic details of the structure and dynamics of intrinsically heterogeneous 

biomembranes. With advances in computer hardware and software, biomembrane simulations have 

become more biologically relevant in both time and length scales. Niemela et al. employed extensive all-

atom MD (AAMD) simulations to elucidate the structural and dynamical properties of ternary raft 

mixtures with cholesterol, palmitoylsphingomyelin (PSM), and POPC, providing evidence that the 

presence of PSM and cholesterol in raft-like membranes leads to strongly packed and rigid bilayers 
143

. 

Recently, ten µs-long AAMD simulations of a ternary mixture of DOPC, dipalmitoylphosphatidylcholine 

(DPPC), and cholesterol obtained on the Anton special purpose computer revealed remarkable 

heterogeneity in biomembranes 
144

. Substructures were identified within the Lo phase of lipid bilayers 

composed of saturated hydrocarbon chains packed with local hexagonal order and separated by interstitial 

regions enriched in cholesterol and unsaturated chains. More recently, AAMD simulations were used to 

determine the biomembrane bending modulus (Kc) based on the analysis of thermal fluctuations in lipid 

orientations, where the effects of lipid tilting decouple from the lipid orientation energetics associated 

with bending moduli 
145

. AAMD simulation has also been combined with X-ray and neutron scattering 

techniques to study the structure and dynamics of pure lipid bilayers and the effects of lipid modifications 
146, 147

 or the addition of various small organic molecules, such as cholesterol 
146

, carotenoids 
148

, and 

tamoxifen 
149

. 

 

Acyl chain interdigitation has been shown to significantly affect the properties of the phase state of lipid 

bilayers. Niemela et al utilized AAMD simulations to study the chain interdigitation in bilayers comprised 

of SM species 
143

. They quantified interdigitation of the acyl chains across the bilayer center by 

computing electron (and atomic number) density profiles, which revealed significant interdigitation for all 

acyl chain lengths considered, indicating a strong coupling of the two leaflets. In plasma membranes, the 

compositions of the two leaflets are highly different, and there is co-existence of Lo and Ld domains. The 

biological significance of interdigitation in these complex plasma membranes remains to be further 

explored. 

 

However, even if using an accurate molecular mechanical (force field) model, AAMD simulations are 

still limited by the time and length scales that they can efficiently access. It is presently believed that the 

biologically relevant length and time scales of domain formation lie in the ranges of 10 nm to 200 nm and 

µs to ms, respectively, both of which are 2-3 orders of magnitude beyond what can routinely be accessed 

by AAMD simulation. In order to examine slow processes in biomembranes, such as cholesterol flip-flop, 

domain formation or domain coupling between leaflets, enhanced sampling techniques must be used in 

conjunction with AAMD simulations. Cholesterol flip-flop motion has attracted a lot of attention since it 

is one of proposed mechanisms underlying the cross-layer domain coupling. Bennett et al used AAMD 

simulations to investigate cholesterol transfer from water to its equilibrium position in the membrane and 

to the center of the membrane for a systematic set of lipid bilayers, providing a detailed molecular level 

thermodynamic description of cholesterol interactions with lipid bilayers 
150

. Jo et al. have explored the 

energetics and mechanism of passive cholesterol flip-flop and its dependence on chain saturation, by 

performing two-dimensional umbrella sampling simulations combined with the path-finding string 

method 
151

 to identify the most probable flip-flop paths 
152

. The calculated flip-flop rates show that 

cholesterol flip-flop in a poly-unsaturated bilayer is faster than in more saturated bilayers, resulting from 

the more favorable cholesterol-lipid interaction in polyunsaturated bilayer than in more saturated DPPC 

or POPC bilayers. 
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AAMD simulation of the lipid mixing/demixing process (relevant to in-plane phase separation) still poses 

a significant challenge for most enhanced sampling techniques, since most of these methods rely on the 

use of a reaction coordinate (order parameter), along which the biasing forces can be applied to drive the 

system from one state to another. For the lipid mixing/demixing process, it is however, not trivial to 

identify such a geometrical order parameter that defines the phase separation path. Employing the special-

purpose machine Anton, Hong et al. performed µs-long AAMD simulations to study the dynamics of 

mixing and characterize the lateral distribution of lipids in converged mixtures 
153

. The same group also 

presented the first application of the accelerated molecular dynamics (aMD) method to lipid membranes. 

It was found that the aMD simulations produce 2-3 fold speedups in lipid lateral diffusion versus those in 

conventional AAMD simulations 
153, 154

. However, neither the above AAMD simulations have produced a 

complete phase separation from a randomly mixed lipid (and cholesterol) mixtures.  

 

Coarse-grained MD (CGMD) has also been developed to study membrane associated molecular events 

that are limited by time and length scales in AAMD simulations, such as lipid mixing/demixing and 

cholesterol flip-flop. In CGMD, multiple atoms are grouped into a CG bead, reducing the computational 

cost and extending the time- and length-scales of the simulation. CGMD has been used to directly observe 

domain formation with molecular level detail in model membrane systems. Using the CG MARTINI 

force field 
155

, Marrink and coworkers found that bilayers with compositional asymmetry were stable over 

a multi-µs simulation, and they also observed the formation of registered Lo domains in a compositionally 

symmetric bilayer. Later on, the same group performed a series of CGMD simulations to investigate 

various aspects of lipid domain formation in ternary lipid mixtures of bilayers and small vesicles 
156

. In 

these simulations, phase separation was shown to occur, consistent with experimentally observed Lo 

domains (high DPPC and cholesterol content) and Ld domains (high polyunsaturated lipid and low 

cholesterol content). Interleaflet domain coupling was also observed. Under the framework of elastic 

theory, these simulations suggested that low surface tension drives domain registration across the leaflets. 

Perlmutter and Sachs extended this approach, simulating interleaflet domain coupling in various 

asymmetric ternary lipid mixtures. They confirmed that the Lo-Ld domains coexist in three 

compositionally symmetric, ternary bilayers 
62

, and further showed that domain formation in one leaflet 

induced ordering in the opposite leaflet composed of pure unsaturated lipids. Importantly, they also 

observed domain anti-registration in the asymmetric lipid mixtures with longer-chain saturated lipids, 

which was attributed to mismatched acyl chain-lengths in the saturated and unsaturated lipids. They 

concluded that the increased local lipid curvature induced by compositional asymmetry might be 

responsible for the interleaflet domain coupling. 

 

Recently, Marrink and coworkers carried out large-scale MARTINI CGMD simulations, which provided 

a molecular view of the lipid organization of a plasma membrane at an unprecedented level of complexity 
157

. This plasma membrane model, closely mimicking mammalian plasma membranes, consists of 63 

different lipid species, combining 14 types of headgroups and 11 types of tails, which are asymmetrically 

distributed across the two leaflets. The simulations showed a general non-ideal lateral mixing of the 

different lipid species. In particular, an enrichment of cholesterol in the outer leaflet was observed. 

Furthermore, the formation of low/high cholesterol density regions was found to be correlated between 

the two membrane leaflets, suggesting that the domains are coupled across the two leaflets even at the 

tens of nm length scale and on the µs time scale 
157

. 

 

Besides lipid mixing/demixing simulations, CGMD simulations have also been used to directly 

investigate the flip-flop of cholesterol in lipid bilayers. Marrink et al showed a fast flip-flop rate for the 

sterol in polyunsaturated lipids along with an increased preference of cholesterol for an unusual location 

in the middle of the two monolayer leaflets 
158

. Using a large set of CG simulations, Bennett et al. 

predicted that the rate of cholesterol flip-flop strongly depends on the composition of the bilayer. In 

polyunsaturated bilayers, cholesterol undergoes flip-flop on a sub-µs time scale, while flip-flop occurs in 

the second range in saturated bilayers with high cholesterol content 
150

. Fast cholesterol flip-flop in the Ld 



15 

 

phase, and slow flip-flop in the Lo phase were also observed in these CGMD simulations 
156

, implicating 

a potential role of flip-flop in interleaflet domain coupling. 

 

Pantano et al. used the CGMD simulations to study the morphological phase diagram (formation of solid 

domains) in bilayers composed of charged di-block copolymers. They found that the charges induce a 

local structural rearrangement that offsets the steric repulsion between the headgroups 
159

. They then 

extended the model to study domain registration in bilayers composed of mixtures of single chain 

polymers with identical tails but with either a charged or neutral polar headgroup. These simulations 

revealed domain formation, likely due to the clustering of the charged headgroups cross-linked with ions. 

They further quantified the interleaflet coupling strength by computing the potential of mean force (PMF) 

as a function of inter-leaflet domain overlap. Biasing forces were applied to move each domain in an anti-

parallel manner. The PMF was then estimated from the work through the Jarzynski equation 
160

. The 

strength of registration can be expressed as the PMF difference between the initial (registered) and final 

(anti-registered) states, and this confirmed that the registered state is more stable than the anti-registered 

state with amplitude on the order of hundreds of kBT 
161

. However, given the solid-like domain formed in 

charged di-block copolymers, it is tempting to ask how the interleaflet coupling mechanisms would differ 

for liquid (Lo or Ld) domains, and whether similar PMF calculations would be applicable to investigating 

cross-layer domain coupling in biological membranes. 

 

 
Figure 7. Schematic diagram of two end structures for umbrella sampling simulations of the cross-layer 

domain coupling in raft-containing lipid bilayers. The system consists of one Ld domain embedded in an 

Lo phase, with the Lo domains in the two layers being in register in one end structure (left) and not in 

contact in the other (right). 

  

A detailed PMF calculation on a lipid bilayer model will help resolve the domain coupling mechanism 

across the chemically asymmetric bilayer leaflets. For example, following the approach of Pantano 
161

, a 

planar bilayer system can be built, consisting of two mixed Lo and Ld phases, with the Lo domains in the 

two leaflets being in full register in one end structure while completely out of register in the other (Fig. 7). 

Enhanced sampling techniques, such as umbrella sampling 
162

, adaptive biasing force 
163

 or steered MD 
164

 

simulations should be able to be used to compute the PMF profiles for the in-plane translation of the Ld 

domain from a fully registered state to a completely untouched state. Based on the PMF profiles obtained 

at different temperatures, the entropic contribution to the domain coupling free energy will be 

decomposed using the centered difference method 
150, 165

. Such quantitative MD simulations coupled with 

further elastic theory analysis should help clarify the roles of line tension, thickness mismatch and acyl 

chain mixing in the formation of nanoscopic domains, controlling the size of domains and the domain 

coupling across two bilayer leaflets. 
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4. Mechanisms of leaflet coupling 

 

Direct measurement of the interleaflet coupling strength of nanoscopic domains still poses a significant 

experimental challenge. Quantitative estimates of coupling strengths have been obtained from theoretical 

approaches, including phenomenological modeling 
46, 166, 167

 and computer simulations 
156

. In 

phenomenological models, the energy of the membrane is described in terms of order parameters, such as 

composition, curvature and mono-layer thickness. These models provide a useful framework for 

understanding phase behavior in complex membranes. When coupled with the elastic theory of Helfrich, 

they have been used to describe the shape of multi-component and multi-phase lipid vesicles. In addition, 

although limited in their time and length scales, AAMD and CGMD simulations are playing increasingly 

important roles in providing quantitative and molecular-level insights into interleaflet coupling.  

 

The role of transmembrane proteins Transmembrane proteins are hugely important molecules, 

interpreting and transducing signals across the bilayer. These molecules are highly evolved to function 

optimally in the lipid bilayer environment, in this way the bilayer itself serves as an allosteric regulator of 

protein function. But this is only part of the story; the bilayer also serves to organize multipotent 

complexes, spanning both leaflets. Additionally, the orientation of transmembrane proteins is sensitive to 

the compositional asymmetry of the bilayer. The anionic lipids (PS) in the cytoplasmic leaflet associate 

preferentially with positively charged regions of transmembrane proteins
168-170

. This suggests that lipid 

organization is either a regulatory tool (lipid raft hypothesis) or an effect of accommodating local protein 

hydrophobic thickness. In either case, there is a clear role of proteins in coupling of the bilayer leaflets to 

lateral heterogeneity of lipid composition.  

 

The regulation of transmembrane protein function occurs through a number of parameters, such as bilayer 

fluidity
171

, bilayer stiffness
172

, intrinsic curvature of the constituent lipids
173

, bilayer compression or 

stretching due to bilayer/protein hydrophobic mismatch
129

, or lateral pressure/tension effects
174

.  Some of 

these mechanisms are the same as those that impact membrane lateral organization (Fig. 8). Hydrophobic 

mismatch in particular seems to be important with respect to lateral organization, as even lipid only 

systems show a remarkable sensitivity to hydrophobic mismatch in phase separated systems
136

.  Work 

with transmembrane peptides further reinforces this notion; fluorescence and detergent resistance studies 

have found that peptide hydrophobic thickness is a critical parameter for its partitioning between Lo and 

Ld phases
175-179

.   
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Figure 8. (Left) Transmembrane protein activity is sensitive to hydrophobic thickness of the bilayer: 

(black) E. coli melibiose-cation contransporter
180

, (red) L. lactis Leu-H
+
 cotransporter

181
 and (blue) 

sarcoplasmic reticulum Ca
2+

-ATPase
182

.  (Right)  Structural distortions in the protein and bilayer 

structures due to hydrophobic mismatch. The membrane adapts to the hydrophobic thickness of 

transmembrane proteins by locally stretching or compressing
183

, as well as deformations from bilayer 

bending 
173

. Figure adapted from Andersen and Koeppe
184

. 

 

Electrostatic coupling We have already alluded to the role of charge in the orientation of transmembrane 

proteins, but bilayer charge is also a consideration in the context of leaflet coupling for pure lipid systems.  

Cell membranes control many critical biological processes through electrostatic mechanisms, such as the 

transport of ions, the insertion of membrane proteins and phase separation of lipid and protein-lipid 

domains. A non-linear Poisson-Boltzmann model has been used to quantitatively describe domain 

coupling in simplified lipid bilayer models
46, 185, 186

. This analysis suggests that charged domains would 

have a small repulsive effect upon each other, favoring domain anti-correlation. This effect is thought to 

be one to two orders of magnitude weaker than the theoretical estimates of the bilayer mismatch energy 

from Collins
187

 (0.1-1 kBT/nm
2
) or Risselada and Marrink

156
 (0.1-0.2 kBT/nm

2
). Although the electrostatic 

interaction of lipid headgroups in itself cannot be invoked to explain the interleaflet coupling, this does 

not exclude the possibility that electrostatic interaction acts together with other membrane properties, 

such as curvature and/or local composition, to have a strong and collective influence on the cross-layer 

domain coupling. 

 

Cholesterol flip-flop Cholesterol is more mobile in bilayers resembling the Ld phase than those 

resembling the Lo phase
156, 158

. In disordered bilayers, cholesterol rapidly moves from one bilayer leaflet 

to the other (flip-flop)
188

, fully exploiting the orientational and translational freedom afforded in both 

leaflets. The flip-flop rate has been observed experimentally, giving a half-life of approximately 1 minute 

in a given leaflet
97, 189

. Recent MD simulations showed rapid cholesterol flip-flop in membranes that 

mimic the composition of biological membranes, and confirmed that the flip-flop rate is much higher in 

the Ld phase than in the Lo phase 
156, 190

.  
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These considerations lead to the idea that cholesterol will experience a different degree of confinement in 

registered domains (with opposing leaflets in the same phases) and in anti-registered domains (with 

opposing leaflets in different phases), suggesting that the cholesterol flip-flop can potentially be an 

important factor contributing to domain coupling from an entropic point of view. Based on this 

consideration, May
46

 estimated the contribution of the cholesterol flip-flop to the interleaflet coupling. In 

his model, cholesterol motion is confined in one leaflet for anti-registered domains while cholesterol is 

free to move in the membrane normal direction for registered domains. This entropic effect will favor 

alignment of Lo-Lo and Ld-Ld domains instead of mismatched Lo-Ld domains. By only considering the 

translational entropy and the desolvation of hydroxyl group of cholesterol, the contribution from the 

cholesterol flip-flop was estimated to be ~0.003 kBT/nm
2 46

. This value is, however, more than an order of 

magnitude smaller than other estimated contributions, such as acyl chain interdigitation and interleaf 

tensions. This is consistent with the assertion of Putzel
166

, who showed using a mean field model that the 

cholesterol flip-flop contributes <1% to the total interleaflet coupling strength. Therefore, both studies 

excluded the possibility that cholesterol flip-flop is a main contributing mechanism underlying the 

interleaflet domain coupling.  

 

Acyl chain interdigitation Dynamic interdigitation of acyl chains into the opposing leaflet provides 

another mechanism for coupling between domains in the two leaflets. When the terminal segments of the 

lipid acyl chains cross the bilayer midplane they increase the entropy of the chains and reduce the free 

energy of the system, as in the case of apposed disordered bilayers
143

 such as an Ld-Ld phase region. 

However, Lo regions pack more tightly, with the acyl tails of lipids almost fully extended, eliminating the 

free space needed for the opposing leaflet to interdigitate
191

. Similarly, if an Ld region is aligned opposite 

to an Lo region, the Lo leaflet will hamper penetration of lipid chains in the Ld phase, thus decreasing the 

lipid chain entropy and increasing the overall free energy. Based on a mean-field chain packing theory by 

Szleifer et al 
192

, May
46

 estimated the coupling strength of the acyl chain interdigitation to be ~0.1 

kBT/nm
2
. Putzel et al.

166
 also found that the coupling strength increases as the fraction of saturated lipids 

is increased, indicating that the saturated lipid chains contribute most to the interdigitation at the bilayer 

midplane and thus also to the interleaflet coupling.  

 

Chiantia and London have utilized their recently developed liposome-based asymmetric membrane 

systems to gain a deeper understanding of the influence of acyl chain length and saturation on the 

interleaflet coupling in asymmetric bilayers 
30

. They systematically determined diffusion coefficients (by 

fluorescence correlation spectroscopy) and order parameters (from fluorescence lifetime) in each 

individual leaflet of the lipid bilayer independently. Significant interleaflet coupling of lipid diffusion was 

observed, which depends on both the length and saturation of lipid acyl chains. They postulated that the 

molecular mechanism for the chain interdigitation is likely to involve van der Waals interactions between 

the terminal portions of the acyl chains of facing lipids occurring at and near the bilayer midplane. They 

further suggested that fine tuning of the lipid composition might be used to mediate interleaflet coupling 

in biological membranes. To elucidate the effects of chain-length mismatch and mono-unsaturation on 

bilayer structure and dynamics, Niemela et al. performed AAMD simulations of lipid bilayers with a 

number of structurally different sphingomyelin molecules 
143

. In particular, they quantified the extent of 

the acyl chain interdigitation by plotting electron density and molecular number density profiles, and 

found that increasing the acyl chain length furthers the interdigitation across the bilayer center. 

Interdigitation was also found to be stronger for unsaturated than saturated chains
143

. Another promising 

approach involves the use of the so-called two-phase thermodynamic (2PT) model to quantify the entropy 

of molecular fluids from MD simulations 
193

. Given the liquid-like nature of lipid bilayer cores, the 

application of the 2PT model will quantify the entropic contribution of dynamic chain interdigitation, thus 

clarifying its role in the cross-layer domain coupling. 
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Composition-curvature coupling It has been shown that certain lipid compositions phase separate into 

Ld and Lo domains
194

, similar to those predicted for the lipid raft hypothesis
1
. Coupling of curvature, 

bending, and composition is thought to be one mechanism capable of stabilizing domain sizes at finite 

values 
195-197

. This concept can be extended to asymmetric lipid bilayers and has been considered with a 

number of phenomenological models
46

. Hansen et al. introduced membrane curvature as a second order 

parameter (besides composition), where a direct compositional coupling between the two leaflets (e.g., 

γφ1φ2, γ is coupling strength, φ1 and φ2 are the compositions of the two leaflets, respectively) was analyzed 
198

. Based  on  the  Landau free energy approach, they investigated the interplay between monolayer  

cooperative  phenomena  and  inter-monolayer  coupling  within  a  bilayer. Similarly, Wagner et al.
167

 

developed a minimal phenomenological model, which predicted that a monolayer with a propensity for 

phase separation is able to induce phase separation in the apposed monolayer, while a monolayer without 

this propensity is able to prevent phase separation in the apposed monolayer. It also predicted that either 

complete or partial registration of the monolayer domains can occur across the two leaflets depending on 

the critical coupling strength. Through systematic CGMD simulations, Perlmutter and Sachs found 

substantial effects of compositional asymmetry on local bilayer curvature, and proposed that the induced 

curvature may be involved in the interleaflet domain coupling across asymmetric bilayers 
62

.  

 

Schick and coworkers developed a statistical mechanical model of coupled fluctuating domain interfaces 

and used it to clarify the relationship between the interleaflet coupling and the extent of interleaflet 

alignment of liquid domains 
166

. The characteristic size of fluctuations out of domain registry was found 

to depend only weakly on the strength of the interleaflet coupling, on the order of nm, which raised 

questions regarding whether it is valid to estimate the coupling strength from CGMD simulations of 

nanoscopic sized domains based on the analysis of domain overlapping size fluctuations 
156

. Finally, 

recent computational work has isolated the curvature coupling from individual monolayers, to explain the 

stabilization of membrane domains on nanoscopic length scales
199

. The authors suggested an analogy 

between the ripple phase seen in single component bilayer models and domain coupling between leaflets.   

 

Line and interleaflet tensions In phase separation models based on compositional ordering, an excess of 

boundary energy leads to domain coarsening
197

, this excess energy is called the line tension. The reason 

that this leads to coarsening is that the contribution of line tension to the free energy of the system scales 

with interfacial length, thus minimizing length reduces the global free energy. The magnitude of the line 

tension scales with a number of parameters and has been widely studied
117, 136, 200-202

. A two dimensional 

analog to this concept is an interleaflet tension, a force scaling with overlap area of domains that either 

favors or disfavors domain registry based on its sign. Collins
187

 postulated that the two tensions originate 

from the same nature, i.e., the interactions between hydrocarbon chains, and that domain registry would 

be governed by the balance of these two tensions. Through this approach, he estimated the domain 

coupling strength to be ~0.5 kBT/nm
2
 
187

. 

 

Since the magnitude of the interleaflet tension scales with the domain area, while the magnitude of the 

line tension increases proportionally with the length of the domain boundary, the interleaflet contribution 

grows more quickly than that of the line tension. Therefore, in the two competing tension theory, for 

small domains the line tension will dominate, which favors domain anti-registration, while for large 

domains, the interleaflet tension will dominate, which favors domain registration 
46, 62

. This explains the 

presence of registered (micron-sized) domains in fluorescence microscopy experiments and anti-

registered nanoscopic or solid domains in simulations 
62

 and NMR experiments 
58, 59

. Both cases are quite 

different from biological membrane domains that can be as small as tens of nm and are thought to be in 

register according to other biochemical assays 
49, 52

.  

 

5. Conclusions and perspectives 
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Domain-coupling mechanisms have been mostly derived from phenomenological models using mean-

field theories. An advantage of the mean field approach is that each of the free energy terms can be 

separately given and assessed. For example, using an extended Landau theory, Schick and coworkers 

described the domain coupling mechanisms and estimated the coupling strength 
166

. They showed that no 

single contribution such as configurational entropy or gauche bond energy is wholly responsible for the 

coupling strength but rather by a complex interplay between these properties. Attempts to describe the 

interleaflet coupling as a simple mechanism are therefore somewhat unrealistic. Furthermore, free energy 

functionals in phenomenological models are often constructed ad hoc, based on molecular-level models 

or on a Landau-like series expansion, thus warranting caution when interpreting interleaflet mechanisms 

and strength using these models. Small changes in input parameters can have a drastic effect on the 

magnitude or even the sign of individual contributions to the coupling free energy. Complication also 

arises from the fact that the mean-field analysis neglects thermal fluctuations, which may bias the 

predictions of interleaflet coupling in various aspects.  

 

At the molecular level, interface mismatch energy and line tension are a manifestation of the imbalance of 

intermolecular forces, such as van der Waals, electrostatic, solvation (hydration), and steric experienced 

by molecules located in and around the phase (domain) boundaries. It is thus tempting to understand how 

interface mismatch energy and line tension arise from the imbalance of these intermolecular forces. CG or 

atomistic MD simulations provide a link between molecular-level interactions and the mean-field theory. 

Given recent advances in computer hardware and software, MD simulations are especially likely to play 

an increasingly important role in elucidating the coupling mechanisms and strength of membrane domains 

across two opposing leaflets. 

 

A clear path forward will be to study the lipid-protein interactions that regulate nanoscale raft protein 

assemblies, and how they coalesce to form functional domains. Simultaneously, additional work looking 

at pure lipid systems will be informative in validating and quantifying the coupling mechanism that have 

been put forward to date. These studies will rely on new model systems and advances in experimental 

techniques. The strengths of neutron scattering in particular will be a vital tool in disentangling the role of 

asymmetry. 

 

Domain coupling between the inner and outer leaflets of a cell has significant implication for biological 

functions. For example, G-protein-coupled receptors (GPCRs) are involved in numerous signal 

transduction pathways in response to the presence (binding) of hormones, neurotransmitters and 

pharmacologic agonists. For efficient and controllable signal transduction, the interaction and thus 

localization of receptors and post-receptor components in subcellular compartments needs to be 

coordinated. Induction of domains across leaflets of cell membranes provides a platform for co-

localization of signaling components, allowing cells to tailor their responses by spatially organizing the 

molecules involved in GPCR signal transduction 
203, 204

. In addition to a demonstrated role in cellular 

signal transduction, domain coupling may also play important roles in microbial pathogen and toxin entry 

into host cells, such as HIV virus, influenza virus, measles virus and cholera toxin 
205

. Although many 

biological functions take place in membranes where proteins and lipids are in intimate contact, an 

understanding of how lipids and proteins function together has been lacking 
206

. This simply reinforces 

the perspective that biological systems utilize a range of mechanisms in concert in order to regulate the 

physical state of the membrane.  
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