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Highlights 26 

● Rhizosphere soil carries a strong legacy effect as it turns into detritusphere. 27 

● Pore architecture is 6 times more important than soil water content in N2O emission. 28 

• N2O emission is most intensive in microbial activity hotspots in large pores. 29 

• Root- and soil-derived N2O emissions both occur near decomposing roots. 30 

 31 

Abstract 32 

Root detritusphere is one of the most important sources of N2O, however, understanding of how 33 

N2O emission from the detritusphere is influenced by soil properties remains elusive. Here, we 34 

evaluated the effects of pore architecture and soil moisture on N2O emission during the 35 

decomposition of in-situ grown roots of switchgrass, an important bioenergy crop. We combined 36 

dual isotope labeling (13C and 15N) with zymography to gain insights into the location of the 37 

microbial N2O production in soils with contrasting pore architectures. In the studied soil, the 38 

effect of soil pore architecture on N2O emissions was 6 times greater than that of soil moisture. 39 

Soil dominated by >30 μm Ø pores (i.e., large-pore soil) had higher chitinase activity than the 40 

soil dominated by <10 μm Ø pores (i.e., small-pore soil), especially near the decomposing roots. 41 



 

The chitinase activity on the decomposing roots was positively correlated with emission of root-42 

derived N2O, indicating that N released from root decomposition was an important source of 43 

N2O. Greater N2O and N2 emission was induced by switchgrass roots in soils dominated by the 44 

large- compared to the small-pore soils. The microenvironment developed near decomposing 45 

roots of the large-pore soil also resulted in positive N2O priming. Our study challenged the 46 

traditional view on soil moisture as the main factor of N2O production. Production and emission 47 

of N2O was most intensive in microbial activity hotspots (i.e., rhizosphere legacy) in the large 48 

pores, where decomposed roots release mineral N as the main N2O source. 49 
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Introduction 62 

By regulating the availability of O2, nitrogen, and other nutrients to soil microorganisms, 63 

pore architecture and moisture affect environmental conditions within the soil matrix, and, 64 

hence, drive production pathways, transport, and emission of N2O (Bollmann and Conrad, 1998; 65 

Butterbach-Bahl et al., 2013; Castellano et al., 2010; Chen et al., 2013). The biological processes 66 

of nitrification and denitrification are responsible for most of upland soil N2O production 67 

(Bracken et al., 2021; Velthof et al., 2002), although other pathways - including dissimilatory 68 

nitrate reduction to ammonium, surface decomposition of ammonium nitrate, biological nitrogen 69 

fixation, and chemodenitrification - also can make an impact (Butterbach-Bahl et al., 2013; 70 

Morley and Baggs, 2010). The absolute amount of N2O emission tends to increase along with 71 

soil moisture content until 80% WFPS (Schaufler et al., 2010), and as overall soil pore size 72 

decreases by compaction (Saggar et al., 2013). As the WFPS increases and pore size decreases, 73 

contribution of dinitrogen (N2), the final denitrification product, grows, reducing the N2O:N2 74 

molar ratio (Schaufler et al., 2010; Zaman et al., 2012). Previous source partitioning studies 75 

showed nitrification dominating in relatively dry soils, e.g., at soil water-filled pore space 76 

(WFPS) of 40~60%, while denitrification gained importance at higher soil water contents, 77 

reaching maximum levels at 70~90% WFPS (Bateman and Baggs, 2005; Bracken et al., 2021; 78 

Davidson et al., 1986; Ruser et al., 2006; van der Weerden et al., 2012). 79 

However, these general rules are not always applicable, in part due to substantial microscale 80 

heterogeneity in soil biological activity and O2 availability, which determine the rates and 81 

pathways of microbial processes (Blagodatsky et al., 2011). For example, even in a relatively dry 82 

soil, i.e., at 40-60% WFPS, physical constraints of O2 supply to the center of soil aggregates can 83 

lead to formation of anoxic microsites and localized, but sizeable, N2O production via 84 



 

denitrification (Schlüter et al., 2018). Likewise, plant residue fragments within a relatively dry 85 

soil matrix absorb water from surrounding soil and generate microscale moisture gradients, 86 

creating anoxic microenvironments favorable to denitrification (Kim et al., 2020; Kravchenko et 87 

al., 2017). Counterintuitively, the influence of such microsites can be enhanced under conditions 88 

that are generally considered unfavorable to N2O production via denitrification, i.e., in coarse 89 

textured soils, in soils with well-developed pore architecture dominated by macro-pores (>30 µm 90 

Ø), and/or at low soil moisture contents (Kim et al., 2020; Kravchenko et al., 2017; Schlüter et 91 

al., 2018). Despite their small spatial extent, such microsites can be responsible for a majority of 92 

soil N2O emissions (Parkin, 1987), limiting the ability to accurately predict and model N2O 93 

emissions (Butterbach-Bahl et al., 2013; Groffman et al., 2009).  94 

Plant roots play a major role in all processes involved in N2O production and emission. They 95 

are the main drivers in the formation of soil pores (Angers and Caron, 1998; Bardgett et al., 96 

2014; Bengough, 2012; Jin et al., 2017) and key sources of organics supporting microbial growth 97 

in rhizosphere of live roots and in detritusphere around dead roots (Hu et al., 2016). Impending 98 

elevated CO2 levels and precipitation changes can alter soil pore characteristics (Caplan et al., 99 

2017; Hirmas et al., 2018; Wu et al., 2018), root growth (Hu et al., 2016), root development 100 

patterns (Calleja-Cabrera et al., 2020), and root-soil interactions. Mechanistic understanding of 101 

joint contributions of plant roots and soil pore architecture to N2O emissions is integral to 102 

predicting and modeling climate change impacts. 103 

We posit that the interactions between decomposing plant roots and soil pores on N2O 104 

production and emission must be studied with roots decomposing at the same locations within 105 

the soil matrix where they grew and died. Living roots substantially modify the soil in their 106 

vicinity, inducing changes in soil structure (Angers and Caron, 1998; Helliwell et al., 2019; 107 



 

Koebernick et al., 2017), hydraulic properties (Carminati et al., 2010), microbial community 108 

structure and abundance (Berendsen et al., 2012; Bird et al., 2011; Liang et al., 2016), and 109 

nutrient level/availability (Dijkstra et al., 2009; Marschner et al., 1987; Meier et al., 2017). Upon 110 

roots' death, the microenvironmental conditions within the rhizosphere are inherited by the root 111 

detritusphere surrounding decomposing root residues. Detritusphere is as litter-soil interface and 112 

a zone of soil affected by litter decomposition (Liu et al., 2011). It is an important hotspot of 113 

microbial activity and C and N processing, second only to rhizosphere in the magnitude and 114 

spatial extent and exceeding all other types of soil hotspots in the temporal duration of its 115 

influence (Kuzyakov and Blagodatskaya, 2015). The microenvironmental conditions within the 116 

root detritusphere can be substantially different from that of bulk soil (Kim et al., 2020; 117 

Kuzyakov and Razavi, 2019). A common experimental practice in root decomposition studies is 118 

to remove root residues from the original soil matrix and to incorporate them into sieved and 119 

mixed soil, either as intact layers or as a ground material mixed with the soil. As a result, the 120 

influence of the unique features of rhizosphere-inherited microenvironments in the root 121 

detritusphere is no longer accounted for. This can result in misleading conclusions because soil 122 

characteristics in the detritusphere around an in-situ decomposing root are substantially different 123 

from the detritusphere around an artificially incorporated root residue. Exploring decomposition 124 

of in-situ grown roots allows accounting for the rhizosphere legacy effect on N2O emission 125 

during root decomposition.  126 

We studied in-situ grown root decomposition in a model system of monoculture switchgrass 127 

(Panicum Virgatum L.), a prominent grass of North American prairie and a promising bioenergy 128 

feedstock (Gelfand et al., 2020). While N fertilizers are often the main source of N2O emissions 129 

in conventional agriculture (Tian et al., 2019), their role is less conspicuous in bioenergy 130 



 

switchgrass systems, which typically receive lower N fertilizer inputs than cash crops (Adler et 131 

al., 2007). It is partly because switchgrass biomass yields only weakly respond to N availability 132 

(Roley et al., 2018; Wang et al., 2019). Rather, decomposing roots are expected to play a major 133 

role in N2O production in switchgrass systems (Adler et al., 2007; Cherubini and Jungmeier, 134 

2010; Monti et al., 2012).  135 

Most N2O production in soil is driven by microorganisms (Braker and Conrad, 2011; 136 

Butterbach-Bahl et al., 2013; Syakila and Kroeze, 2011); and the overall microbial activity is 137 

markedly higher in the rhizosphere and detritusphere as compared to bulk soil, that is, the soil 138 

not directly affected by roots or detritus (Marschner et al., 2012). In intact soil with in-situ grown 139 

roots, identification of areas directly associated with rhizosphere or detritusphere and 140 

quantification of microbial activity dynamics within them are challenging. 2D zymography is a 141 

non-destructive technique used for measuring extracellular enzyme activity (Wallenstein and 142 

Burns, 2011), which enables the exploration of microbial hotspots at fine spatial scales with high 143 

resolutions (Heitkötter and Marschner, 2018; Spohn and Kuzyakov, 2014). Spatial and temporal 144 

dynamics of hydrolytic extracellular enzymes, e.g., N-acetylglucosaminidase, have been 145 

investigated in root systems and the rhizosphere of various plant species using zymography 146 

(Razavi et al., 2016; Sanaullah et al., 2016; Spohn and Kuzyakov, 2013; Spohn and Kuzyakov, 147 

2014; Ma et al., 2017). N-acetylglucosaminidase (a.k.a., chitinase) is involved in both C and N 148 

cycling (Tabatabai et al., 2010). Its activity reflects the supply of decomposed organic substances 149 

required for N2O production and thus, is potentially associated with N2O emission. In 150 

zymography, visualization of chitinase activity is achieved by incubating a membrane saturated 151 

with a chitinase-specific fluorogenic substrate on the soil surface (Guber et al., 2019). Then, the 152 

chitinase activity can be quantified using the fluorescence intensity of the product in the 153 



 

membrane. The approach can visualize microscale patterns in soil C and N processing and locate 154 

hotspots of microbial activity and subsequent N2O production. 155 

The N2O production from decomposing organic sources is closely related to the rate of 156 

decomposition; and the dynamics of decomposed C and N are closely coupled affecting 157 

associated soil-atmosphere exchange processes (Xia et al., 2018). C and N within plant residue 158 

fragments and in their immediate vicinity (Gaillard et al., 1999; Nicolardot et al., 2007; Vedere 159 

et al., 2020) can be directly used by microbes that produce N2O, turning residue fragments into 160 

hotspots of microbial activity and N2O production. Besides decomposed residues, microbial 161 

organisms use C and N derived from native soil organic matter (SOM). This can cause a priming 162 

effect, that is short-term changes in SOM turnover, triggered by new organic substance inputs 163 

(Kuzyakov, 2010; 2000). Previously, priming has been measured in terms of C, defined as 164 

accelerated (positive priming) or decelerated (negative priming) emissions of CO2 derived from 165 

SOM. Recently, N2O priming, that is altered emissions of soil-derived N2O in response to 166 

additions of organic substances, has been suggested as an important contributor to soil N2O 167 

emission (Daly and Hernandez-Ramirez, 2020; Roman‐Perez and Hernandez‐Ramirez, 2020; 168 

Schleusner et al., 2018; Thilakarathna and Hernandez-Ramirez, 2021a; Thilakarathna and 169 

Hernandez‐Ramirez, 2021b). Simultaneous assessments of CO2 and N2O priming in root 170 

detritusphere and their dependency on soil pore and moisture conditions can help to better 171 

understand changes in SOM stocks and subsequent greenhouse gas emission triggered by plant 172 

residues.  173 

The goal of this study was to assess the role of decaying plant roots in N2O production and 174 

emission from soils with contrasting pore architectures under contrasting soil moistures. The use 175 

of rhizoboxes, i.e., soil-filled flat rectangular boxes where roots preferentially grow along the 176 



 

transparent front panel (Mašková and Klimeš, 2020), enabled accounting for the rhizosphere 177 

legacy’s contribution to N2O production and emission. Dual-isotope labeling (13C and 15N) 178 

allowed for simultaneous tracking of plant originated C and N in mineral, organic, and microbial 179 

biomass forms in the soil. Zymograhic measurements of chitinase activity on the intact surfaces 180 

of the rhizoboxes provided microscale maps indicative of microbial activity on the decomposing 181 

roots and surrounding soil.  182 

The objectives of the study were (i) to assess N2O and CO2 emissions from soils with 183 

contrasting pore architecture and moisture, containing decomposing in-situ grown plant roots, 184 

(ii) to quantify the chitinase activity in the root detritusphere and in the bulk soil and to examine 185 

associations between its spatio-temporal dynamic and N2O emissions, (iii) to investigate 186 

temporal changes in contributions of root- and soil-derived C and N to emitted N2O and CO2 and 187 

to microbial biomass during decomposition, and (iv) to test the effects of soil physical conditions 188 

(i.e., pore architecture and moisture) on N2O emission vs. enzyme activity associations in root-189 

based detritusphere.  190 

 191 

2. Materials and Methods 192 

2.1 Rhizobox preparation 193 

Soil for the experiment was collected from monoculture switchgrass plots at the Biofuel 194 

Cropping System Experiment (BCSE) of the Long-Term Ecological Research site at W. K. 195 

Kellogg Biological Station, Michigan, USA. The soil is Kalamazoo loam (fine-loamy, mixed, 196 

mesic, Typic Hapludalf), developed on glacial outwash. Monoculture switchgrass has been 197 



 

grown at BCSE site since 2008. Composite soil samples for the study were collected from 5 – 10 198 

cm depth and air-dried.  199 

Two materials with contrasting pore-size distributions were prepared for the study from 200 

the collected soil: a material with prevalence of >30 µm Ø pores and a material with prevalence 201 

of <10 µm Ø pores, referred to further as large-pore and small-pore dominated soils, 202 

respectively. Our past work demonstrated the importance of >30 µm Ø pores for decomposition 203 

of soil-incorporated plant residues (Negassa et al., 2015). Much faster decomposition and greater 204 

CO2 emissions were observed in the soil materials with sizeable presence of such pores, the 205 

differences associated with greater microbial turnover and activity associated with pores of this 206 

size range (Kravchenko et al., 2021). 207 

The large-pore soil consisted of the sieved 1-2 mm soil fraction which was obtained by 208 

sieving air-dry soil through 1 mm and 2 mm mesh. Small-pore soil was prepared as follows: the 209 

1-2 mm soil fraction was subjected to a series of gentle grindings using mortar and pestle, 210 

followed by sieving through a 0.053 mm sieve. The remaining small mineral particles were 211 

completely ground using a shatter box until they pass through the 0.053 mm sieve. This approach 212 

generated the soils with contrasting pore-size distributions, yet with the comparable mineralogy 213 

and microbial structure (Kim et al., 2020; Toosi et al., 2017). Previously conducted X-ray 214 

computed micro-tomography scanning of these materials at 2 µm resolution demonstrated that 215 

the large-pore and small-pore soils obtained using this procedure were dominated by >30 µm Ø 216 

and <10 µm Ø pores, respectively (Toosi et al., 2017).  217 

Since the goal of the study was to explore the contribution of decomposing roots to N2O 218 

emission, it was imperative to ensure that the N2O originated from root residues could be tracked 219 

and distinguished from that originated from SOM. That was achieved by labeling the plants with 220 



 

15N via direct N supply to the roots, as opposed to adding 15N compounds to the soil. This 221 

approach required specially constructed rhizoboxes. Rhizoboxes used in this study were 222 

transparent plastic containers with dimensions of 4.7 cm x 2 cm x 5.3 cm. Each rhizobox had 8 223 

small holes at the bottom to enable roots to grow out of the soil and into the 15N labeling solution 224 

below (Fig. 1). Each rhizobox also had a removable front panel for zymography measurements 225 

(described in 2.5 Zymography analysis). Rhizoboxes were covered with a UV-light screening 226 

tape prior to planting to protect the belowground biomass from other photoautotrophs. A total of 227 

66 rhizoboxes were built - 33 of them were filled with the large-pore soil and the other 33 with 228 

the small-pore soil. Approximately 44 g of soil were packed within each rhizobox to achieve a 229 

bulk density of 1.15-1.17 g‧cm-3. Later, 30 rhizoboxes for each soil material were planted with 230 

switchgrass, and the remaining 6 boxes were kept as unplanted controls during the entire 231 

growing period. 232 

To enhance germination, switchgrass (var. Cave-In-Rock) seeds were stratified by 233 

shaking in 8M sulfuric acid for 5 minutes, followed by rinsing 3 times with distilled water. 234 

Residual water from the seeds was removed using paper tissues, and the seeds were spread in an 235 

even layer on Whatman #1 filter paper inside a petri dish. Another filter paper was placed on the 236 

top, and 5 mL of sterile 0.2% potassium nitrate solution was added. The entire petri dish was 237 

sealed with parafilm, covered with a paper bag, and placed at 4 °C in a refrigerator. Seeds that 238 

germinated within 3 - 5 days were used for the experiment.  239 

One switchgrass seed was placed in each rhizobox, such that half of the seed was buried 240 

into the soil. Planted rhizoboxes were placed on a rack tilted at 50⁰ to induce root growth on the 241 

removable front panel for future zymography measurements (Fig. 1a). Soil moisture was 242 

adjusted to ~60% WFPS at planting and maintained at the same level over the growing period. 243 



 

To maintain the constant soil moisture, we placed wet cloths at the bottom of rhizobox racks and 244 

kept them completely wet during the entire growing period by watering on a daily to twice a day 245 

basis. Watering the rhizoboxes from the bottom via wet cloths induced the roots to grow out of 246 

the box and into the 15N labeling solution (Fig. 1b). Switchgrass was grown for 8 weeks in the 247 

greenhouse at 24 ⁰C and 16 h of daylight and then subjected to dual labeling (described in 2.2 13C 248 

and 15N plant labeling). Over 8 weeks of growth, the switchgrass seedlings developed firm stalks 249 

reaching 11 – 30 cm in height; and had several roots coming out of the holes at the bottom of the 250 

rhizoboxes. Unplanted control boxes were placed in the same moisture, temperature, and light 251 

settings. 252 

 253 

2.2 13C and 15N plant labeling 254 

 After the 8 weeks of growth, the switchgrass was subjected to 13C and 15N labeling. For 255 

13C labeling, three 13CO2 pulses were administered with a 5-day interval in-between. For each 256 

pulse, 15~20 switchgrass-grown rhizoboxes were placed in a plastic chamber (76 L) along with a 257 

beaker with 110 mg of NaH13CO3 (> 99.9% 13C). The chamber was sealed with air-impermeable 258 

silicon, and 10 mL of 1 M H2SO4 was injected into the beaker to complete the acid-carbonate 259 

reaction and generate 13CO2 (Fig. 1d). The amount of NaH13CO3 used in the study was chosen to 260 

achieve ~40 atom% of 13CO2 in the labeling chamber headspace, which was higher than 33 261 

atom% suggested in Bromand et al. (2001). 262 

 For 15N labeling, we used 50% Hoagland solution (diluted with distilled water, ~100 mg 263 

N‧L-1) containing N as 15NH4
15NO3 (98 atom %, Sigma-Aldrich, MO, USA). Each rhizobox was 264 

placed on top of a 50 mL glass beaker filled with the labeling solution in such a way that the 265 



 

roots, emerging through the holes at the bottom of the rhizobox, were inserted into the liquid 266 

inside the beaker (Fig. 1b and c). The volume of the solution in the beaker was ~50 mL; the 267 

solution level was checked and refilled every day. An air gap of > 5 mm was always maintained 268 

between the liquid and the rhizobox, thus the solution from the beaker did not come into direct 269 

contact with the rhizobox's soil. Therefore, the only means by which the switchgrass plants could 270 

have received 15N was through the root uptake from the solution. This design allowed us to 271 

ensure that the only source of 15N within the rhizoboxes was the 15N from the plant roots. The 272 

rhizoboxes were kept on the beakers with the labeling solution for 2 weeks. After 2 weeks of 273 

labeling, i.e., a total of 10 weeks of switchgrass growth, the plants were terminated by cutting 274 

aboveground biomass. The rhizoboxes were air-dried at room temperature within a ventilation 275 

hood for 3 days to readjust the moisture level prior to incubation.  276 

 277 

2.3 Incubation experiment and N2O, N2, and CO2 analyses 278 

 The 60 root-containing rhizoboxes (plant-terminated, air-dried, see section 2.2) prepared 279 

as described in previous sections were separated into 4 experimental batches (Fig. S1). Batch 0 280 

consisted of 3 replicated rhizoboxes of the large-pore and small-pore soils each (a total of 6 281 

rhizoboxes). Batch 0 rhizoboxes were used to characterize soil C and N contents prior to the start 282 

of the incubation. The remaining 54 rhizoboxes were subjected to the incubation under two 283 

moisture levels, i.e., 40% WPFS and 70% WFPS. These rhizoboxes were grouped into 3 batches, 284 

where each batch consisted of a total of 18 rhizoboxes, 9 from each soil fraction. In each batch, 5 285 

replicated rhizoboxes from each soil were randomly assigned to 40% WFPS and the remaining 4 286 

rhizoboxes were assigned to 70% WFPS. Water needed to reach the designed WFPS was added 287 

to each box; and the boxes were kept in 450 mL Mason jars. A small beaker with 10 mL of 288 



 

distilled water was placed within the jar to maintain a high humidity and reduce moisture losses. 289 

Jars were tightly sealed and kept in the dark at 21 °C. The rhizoboxes from Batches 1, 2, and 3 290 

were taken apart and used for plant and soil analyses after 3, 21, and 39 days of incubation, 291 

respectively (Fig. S1). During the incubation gas samples were collected on days 1, 3 (Batches 1, 292 

2, and 3), 6, 13, 21 (Batches 2 and 3), and 39 (Batch 3). In addition, on all gas sampling days the 293 

rhizoboxes from Batch 3 were subjected to zymography analyses.  294 

The no-plant controls were incubated along with Batch 2 rhizoboxes. For the control 295 

samples, prior to incubation the moisture was adjusted to 40%, 55%, and 70% WFPS and the 296 

average values of the measurements from the 3 samples was reported. The gas emissions and 297 

destructive analysis results were also averaged across the moisture levels. 298 

For gas sampling, approximately 50 mL of headspace gas was pulled out from each jar 299 

using a 50 mL Luer-Lock syringe, and injected into 3 separate vials for i) 15N2O; ii) 13CO2 , 5N2 300 

and 15N2; and iii) CO2 and N2O concentration analyses, respectively. For 15N2O and 13CO2 /15N2 301 

analysis, the headspace gas was injected into 20 mL glass vials at 1 atm pressure. For 302 

concentration analysis, the headspace gas was injected into 5.9 mL storage vials (Labco Ltd, 303 

Lampeter, U.K.) at 2 atm pressure. The Mason jars were flushed using ultra-pure gas (79% N2, 304 

21% O2, and 0% CO2/N2O) after each sampling. 305 

N2O concentration was analyzed using Gas Chromatograph (Agilent Technologies 306 

7890A, Santa Clara, CA, USA) and CO2 concentration was analyzed with Licor infrared gas 307 

analyzer. Isotopic composition of N2O was measured in stable isotope facility at Michigan State 308 

University on an IsoPrime 100 stable isotope ratio mass spectrometer (IRMS) interfaced to a 309 

Tracegas inlet system (Elementar, Mt. Laurel, NJ) (Sutka et al., 2003). Using Helium as the 310 

carrier gas, the Tracegas inlet removes CO2 and water, before cryofocussing N2O onto a gas 311 



 

chromatographic column, before introduction to the IRMS. The calibration procedure included 312 

analyses of isotopically distinct standards of enriched N2O (15N2O, > 98 atom%, Cambridge 313 

Isotope Laboratories, Inc. Andover, MA, USA). Each day, we analyzed at least four of the 314 

calibration standards (range of 3-20 nmole N2O). Samples of CO2 were measured using the same 315 

procedure, except the Tracegas system was set so as not to remove CO2 from the sample. The 316 

standards were prepared by mixing our laboratory standard gas with different amounts of 317 

enriched CO2 (13CO2, 99 atom %, Sigma-Aldrich, MO, USA) ranged 9-65 nmole CO2. 318 

Concentration of N2 in gas samples was analyzed using a gas chromatograph (Hewlett Packard 319 

5890) with a modified inlet interfaced to an Isoprime IRMS (Elementar) (Roberts et al., 2000). 320 

The N2 air of 3-30 mole range was used for calibration. Minimum detection limit of 321 

Isoprime100 is ~1.5 nmole N2O, ~1.5 nmole CO2, and ~1 mole N2. 322 

 323 

2.4 Zymography analysis 324 

A hydrophilic polyamide membrane filter (Tao Yuan, China) 4 cm x 5 cm in size was 325 

used for zymography measurements. We used 6 mM 4-Methylumbelliferyl N-acetyl-326 

glucosaminide (MUF-NAG; Sigma-Aldrich, MO, USA) solution as a substrate for chitinase 327 

(Spohn and Kuzyakov, 2014). Upon contact with chitinase, the substrate releases florescent 328 

product (4-methylumbelliferone) that can be detected under ultraviolet light (Guber et al., 2018). 329 

We used Canon EOS Rebel T6 camera with a Canon 75-300 mm f/4-5.6 III Telephoto Zoom 330 

Lens to take zymograms (Guber et al., 2021). Batch 3 rhizoboxes were repeatedly measured on 331 

days 1, 3, 6, 13, and 21 after the gas collection. The soil surface for zymography of each 332 

rhizobox was sprayed with distilled water to ensure hydraulic contact between the soil surface 333 



 

and the membrane. The amount of sprayed water was < 120 mg, thus could only have negligible, 334 

if any, effect on the soil moisture level of the entire rhizobox (for comparison, the amount of 335 

water within a rhizobox at 40%WFPS was equal to ~9 g). Then the membrane was soaked with 336 

MUF-NAG, attached to the soil surface and fixed with a holding frame. The sample was placed 337 

in the dark hood with the camera installed at the top and with ultraviolet light source. The 338 

membrane was photographed every minute for a total of 50 minutes per sample.  339 

The zymograms were calibrated and converted into maps of enzyme activity using 340 

MATLAB 9.5 (MathWorks, MA, USA). A calibration was performed by adopting the method 341 

developed by Guber et al. (2019). We calculated root and soil enzyme activity by separating the 342 

decomposing root and soil areas on each zymogram. For that, a picture of the soil surface, i.e., a 343 

reference image, was taken prior to zymography (Fig. S2a). Then a series of image processing 344 

steps – background removal, automatic adjustment of brightness and contrast, Gaussian blur 345 

(pixel 2.0), and auto local thresholding (default option) in Fiji (Schindelin et al., 2012) – was 346 

applied to the reference images (Fig. S2). The resultant binary image was then subjected to 347 

particle analyzer imbedded in BoneJ plugin (Doube et al., 2010) to exclusively select root 348 

particles. The final reference image provided information on the location of the roots on the 349 

rhizobox surfaces (Fig. S2f and Fig 2c). The areas of the decomposing root and the soil were 350 

then multiplied by the average enzyme activity values calculated from the zymograms to obtain 351 

separated enzyme activity values for the decomposing roots and for the soil (Fig. 2d and e). It 352 

should be noted that recent efforts in in-situ rhizosphere mapping using zymography tools 353 

demonstrated that the spatial extent of microbial hotspots around roots does not exceed 50-250 354 

µm (Khosrozadeh et al., 2021 in review). In the current study, a portion of these very narrow 355 

active layers of soil surrounding decomposing roots was likely classified as root surfaces. Thus, 356 



 

what we report as chitinase activity on the decomposing roots likely includes a portion of the 357 

detritusphere that was former rhizosphere in immediate proximity (<500 µm) to the roots. 358 

Chitinase activity during root decomposition was analyzed and reported as i) total 359 

chitinase activity (Fig. 2b), which is the mean chitinase activity on the entire zymography 360 

surface, ii) root chitinase activity, which is the mean chitinase activity on the decomposing root 361 

surfaces only (Fig. 2d), and iii) soil chitinase activity, which is the mean chitinase activity on the 362 

soil surface (i.e., bulk soil) (Fig. 2e). That is, mean chitinase activity in the area of interest 363 

(presented as brown color in Fig. 2d and e) was used for decomposing root and soil chitinase 364 

activities. Note that, while for brevity in the rest of the text we use term “root chitinase activity”, 365 

it refers not to the activity on the living roots but to the activity on the surfaces of decomposing 366 

roots. 367 

 368 

2.5 Plant and soil analysis 369 

 Rhizoboxes of Batches 1, 2, and 3 were subjected to destructive analysis on days 3, 21, 370 

and 39 of incubation, respectively. Roots and soil in the rhizoboxes were separated by using 371 

forceps. For dissolved organic C (DOC), total dissolved nitrogen (TDN), microbial biomass, 372 

ammonium (NH4
+) and nitrate (NO3

-), 10 g of fresh, wet soil was weighed immediately after 373 

collection and added to a vial with 50 mL of 2 M KCl solution (1:5 soil: solution ratio). The 374 

resultant soil suspension was homogenized using an orbital shaker set to 180 rpm for 24 h and 375 

centrifuged with 5000 rpm for 10 min. The supernatant was filtered through a 0.45 μm 376 

membrane. Total (i.e., not isotope-specific) DOC and TDN were analyzed using Shimadzu TOC-377 

Vcph C analyzer with a total nitrogen module (Shimadzu, Tokyo, Japan). Inorganic N (NH4
+ and 378 



 

NO3
-) were determined spectrophotometrically at 630 and 530 nm, using salicylate-cyanurate 379 

method (Sinsabaugh et al., 2000) and vanadium method (Doane and Horwáth, 2003), 380 

respectively. Dissolved organic N (DON) was calculated by subtracting inorganic N from TDN. 381 

Microbial biomass was measured using a modified version of the fumigation-extraction method 382 

(Vance et al., 1987). Fumigated and non-fumigated KCl (2M) soil extracts were analyzed using 383 

Shimadzu TOC-Vcph C analyzer, and the difference between fumigated and non-fumigated 384 

samples was divided by Kec (0.45) and Ken (0.54) to obtain microbial biomass C and N, 385 

respectively (Brookes et al., 1985; Vance et al., 1987). However, most estimates of microbial 386 

biomass N had considerable uncertainty due to instrument failure, thus only microbial biomass C 387 

(MBC) was reported. 388 

Remaining soil and roots were air-dried for 2 days and homogenized to measure total C 389 

and N contents using Costech elemental combustion system (Costech Analytical Technologies 390 

Inc., CA, USA). Additionally, in the rhizoboxes from batch 3 we also collected and analyzed 391 

total C and N of soil particles directly attached to the roots, i.e., rhizosphere soil, separately. 392 

Measurements of δ13C and δ15N in solid samples, i.e., soil and plant tissues, were performed in 393 

stable isotope facility at Michigan State University using an Isoprime Vision IRMS interfaced to 394 

a Vario Isotope Cube elemental analyzer (Elementar). Isotopic values of KCl extracts were 395 

determined by freeze-drying the solution and analyzing the isotopic values of the power using 396 

EA-IRMS in Environmental Molecular Sciences Laboratory (EMSL) at Pacific Northwest 397 

National Laboratory. 398 

 399 

2.6 Calculation methods 400 



 

Relative differences in isotopic composition to the standards (δ) were converted to 401 

atom% to calculate switchgrass root-derived C and N in all pools (gas, microbial biomass, 402 

dissolved organic C, and total dissolved N). 403 

 Atom% = {[(δ‧1000-1+1) ‧RR]-1 +1}-1 ‧ 100                                             Eq. 1
 404 

where δ (‰) is relative difference in isotope ratios and RR is the ratio of the heavy isotopes to the 405 

light isotopes (13C/12C and 14N/15N). The fraction from the labeled residue (fres) in certain pool is 406 

calculated as: 407 

fres = (Atom%trt - Atom%control) ‧ (Atom%root - Atom%control)                         Eq. 2 408 

where Atom%trt is atom% (atom%13C or 15N) of the treatments in the certain pool, Atom%control is 409 

the atom% of unamended sample of corresponding pools (13C or 15N natural abundance), and 410 

Atom%root is the atom% of the original labeled roots. Then the mass or concentration of the pool 411 

derived from the labeled residue (Cres) was calculated as: 412 

                                                             Cres = Ctotal * fres                                                           Eq. 3 413 

Where Ctotal is the total mass or concentration of the pool. The pool derived from soil (Csoil) was 414 

calculated as: 415 

                                                        Csoil = Ctotal * (1 - fres)                                                        Eq. 4 416 

Delta (δ) value of microbial biomass (δΜΒ) was calculated from the δ values of fumigated and 417 

non-fumigated extracts as: 418 

                                                  δΜΒ = [δF ‧ CF - δNF ‧ CNF]‧ CMB -1                                           419 

Eq. 5 420 



 

Where δF and δNF are δ values of fumigated and non-fumigated samples; CF and CNF are 421 

concentrations (C or N) of fumigated and non-fumigated samples; and CMB is a difference 422 

between CF and CNF.  423 

The rates of CO2 and N2O priming of decomposing roots were calculated by subtracting 424 

the average CO2 and N2O emission rate from unplanted control soils from each observation of 425 

soil-derived CO2 and N2O emissions of the treatments. Cumulative CO2 and N2O priming 426 

effects, which are defined as the differences in cumulative soil-derived N2O and CO2 emissions 427 

between treatments and no-plant controls, were calculated as the sum of the product of the 428 

priming rates and the time intervals from day 1 to day 21. Cumulative priming was determined 429 

by each rhizobox, thus the rhizoboxes belonged to batch 1 (took apart for destructive analysis on 430 

day 3) were not included for calculation. 431 

 432 

2.7 Statistical analysis   433 

Data were analyzed using a mixed-model approach implemented in PROC MIXED 434 

procedure of SAS 9.4 (SAS Institute Inc., NC, USA). For gas flux data, including total, root-435 

derived, soil-derived and fractions of CO2‧N2O, total N2, and rates of CO2‧N2O priming; and for 436 

zymography data, including total, root, and soil chitinase activity, the statistical model consisted 437 

of fixed effects of soil (large- vs. small-pore dominated soils), soil moisture (40 vs. 70 %WFPS), 438 

time, and their interactions. The statistical model also included the random effect of individual 439 

rhizoboxes nested within materials and moistures. Time was treated as a repeated measure factor, 440 

with individual rhizoboxes used as a subject of repeated measurements. The repeated measures 441 

analysis was conducted using the approach outlined in Milliken and Johnson (2002).  442 



 

For cumulative gas emissions, including cumulative CO2 and N2O, and cumulative 443 

priming effects, and for total C and N derived from roots the statistical model consisted of fixed 444 

effects of material, moisture, and their interactions. For measurements from destructive analysis, 445 

including total C, total organic N, MBC, and inorganic N, the statistical model consisted of fixed 446 

effects of material, moisture, time, and their interactions. 447 

The relationships between pairs of continuous variables (e.g., between CO2 and N2O or 448 

between chitinase activity and emitted gases) were explored by fitting statistical models that 449 

included the mentioned above categorical factors, the linear effects of the studied continuous 450 

variable, and the interactions between them. The latter enabled assessing the differences in the 451 

relationships between the continuous variables at different levels of the soil pore or soil moisture 452 

effects. When the regression slopes were not significantly different between the soil pore sizes 453 

(p> 0.05), results of fitting a model with a common regression slope were reported.  454 

For all datasets, the normality assumption was evaluated by checking normal probability 455 

plots, and when violated, the data were natural log-transformed (Milliken and Johnson, 2009). 456 

The homogeneity of variances assumption was tested by Levene’s test based on the absolute 457 

values of model residuals. When the homogeneity of variances assumption was found violated, 458 

the analysis with heterogeneous variances was conducted (Milliken and Johnson, 2002). 459 

Statistical significances were indicated as *** (p< 0.01) and ** (p < 0.05), with tendency as * (p 460 

< 0.10). 461 

 462 

3. Results 463 

3.1 Switchgrass growth and its effects on soil characteristics 464 



 

At plant termination after 10 weeks of growth, the root biomass (av. 426 mg per 465 

rhizobox) and the aboveground biomass (av. 130 mg per rhizobox) in the two studied soils, i.e., 466 

the large- and small-pore soils, were similar (p> 0.10, data not shown). Total C, N, atom%13C, 467 

and atom%15N of the roots also did not differ between the soils (p> 0.10, Table 1). The area 468 

occupied by the roots on the side of the rhizobox subjected to zymography constituted on 469 

average 7.5% of the soil surface and were similar in the large- and small-pore soils (p> 0.10, data 470 

not shown). Immediately after plant termination, the two soils did not differ in terms of total C 471 

and organic N, inorganic N, and isotopic signatures of C and N (p> 0.10) (Table 1). The large-472 

pore soil had lower MBC (384 mg C kg-1 soil) than the small-pore soil (571 mg C kg-1 soil) (p< 473 

0.05, Table 1).  474 

 475 

3.2 N2O, CO2, and N2 emissions 476 

Total, root-derived, and soil-derived N2O emissions were greater in the large-pore soil 477 

compared to the small-pore soil, and greater at 70% WFPS compared to 40% WFPS throughout 478 

the incubation (Fig. 3a and b, Table S1). Soil pore size strongly regulated total N2O emissions 479 

(p< 0.01). After 21 days of incubation the large-pore soil had 11 and 28 times higher cumulative 480 

total N2O emissions than small-pore soil at 40% and 70% WFPS, respectively (Fig. 4a and b). 481 

Contrarily, N2O emission from the unplanted control rhizoboxes was not statistically different in 482 

the two soil materials. Soil with moisture of 70% WFPS had 3.5 and 1.4 times higher total N2O 483 

emissions compared to that with 40% WFPS in the large- and small-pore soils, respectively.  484 

The fraction of N2O derived from decomposing roots also differed between the two soils. 485 

While in the large-pore soil the root-derived N2O accounted for > 60% of the total emitted N2O 486 



 

for 3-21 days of incubation, in the small-pore soil it peaked at 60% on day 3 and continuously 487 

decreased to < 40% on day 21 (Fig. 3c). Although the higher moisture level increased the total 488 

amount of emitted root-derived N2O, it did not affect the fraction of the emitted N2O that was 489 

derived from the root residues.  490 

In contrast to N2O emissions, CO2 emissions were weakly controlled by pore sizes and 491 

not regulated by moisture levels (Fig. S3). In all treatments, the maximum CO2 emission rate was 492 

reached on days 3~6 and then decreased dramatically. The large-pore soil tended to have greater 493 

CO2 emissions compared to the small-pore soil (p< 0.10) but only at a later stage of the 494 

incubation (Fig. S3a). Unlike N2O, CO2 emissions were not affected by soil moisture (p> 0.10). 495 

Cumulative CO2 emissions from planted rhizoboxes were ~2 times greater than that from 496 

unplanted control soils (Fig. 4c and d).  497 

Cumulative N2O priming was governed only by pore sizes (p< 0.01, marked as red 498 

arrows in Fig. 4a and b). However, the rate of N2O priming over 21 days was influenced by both 499 

pore size (p< 0.01) and moisture level (p< 0.05), and the moisture effect was more noticeable in 500 

the large-pore soils (Fig. 5). The cumulative N2O priming was positive in all treatments except 501 

for the small pore soils at 40% WFPS, and 20~25 times greater in the large- than in the small 502 

pore soils (Fig. 4a and b). Cumulative CO2 priming (marked as red arrows in Fig. 4c and d) 503 

tended to differ between pore sizes (p< 0.10) and moisture levels (p< 0.10). The mean of 504 

cumulative CO2 priming at 40% WFPS was negative, but only the large-pore soils at 40% WFPS 505 

had the statistical difference from 0. At 70% WFPS, cumulative CO2 priming in both pore 506 

treatments were not significantly different from 0 (Fig 4c and d). 507 

CO2 emissions were positively correlated with N2O emissions, however, the strength of 508 

the correlation depended on the soil. Only 7% of variation in N2O emissions was explained by 509 



 

the variation in CO2 emissions in the large-pore soil, while 68% of the variation in N2O 510 

emissions was explained by the variation in CO2 emissions in small-pore soil (Fig. 6). In small-511 

pore soil, N2 emissions from root-containing rhizoboxes were not significantly different from the 512 

unplanted control rhizoboxes. The difference in N2 emissions between planted and unplanted 513 

soils was greater than 0 on day 6 in the large-pore soil (Fig. 7).  514 

 515 

3.3 Chitinase activity dynamics during root decomposition 516 

Chitinase activities on root surfaces and in bulk soil were consistently higher in the large-517 

pore soil compared to the small-pore soil, and at 70% WFPS compared to 40% WFPS (p< 0.05, 518 

Fig. 8). Chitinase activity on the decomposing roots was significantly higher than chitinase 519 

activity in the bulk soil regardless of the soil pore size and moisture level (p< 0.01, Table S2). 520 

While root chitinase activity increased drastically and reached a maximum on day 3-6 (Fig. 8b 521 

and e), the chitinase activity in the bulk soil was the highest during 6-13 days of the incubation 522 

(Fig. 8c and f). At 40% WFPS, the large- and small-pore soils had maximum root enzyme 523 

activity of 1.2 and 0.4 pmol‧min-1‧cm-2, respectively. At 70% WFPS, the activity was higher than 524 

at 40% WFPS, with 2.4 pmol‧min-1‧cm-2 in the large-pore and 1.1 pmol‧min-1‧cm-2 in the small-525 

pore soil. 526 

Both root-derived N2O and CO2 emission rates were positively correlated with root 527 

chitinase activity (Fig. S4a and b). While the root chitinase activity explained 22% of the 528 

variability in the root-derived N2O emission rate (p< 0.01), it explained only 3% of the 529 

variability in the root-derived CO2 emissions (p< 0.05). Neither soil-derived N2O nor CO2 530 



 

emission correlated with soil chitinase activity (Fig. S4c and d). The regression slopes were not 531 

significantly different between the soil pore sizes and moisture levels. 532 

 533 

3.4 Soil inorganic N, plant-derived C and N, and microbial biomass C  534 

Although there were no differences in NH4
+ and NO3

- contents between the large- and 535 

small-pore soils after plant termination before incubation, the large-pore soil tended to have 536 

higher inorganic N content once the root decomposition started. In the large-pore soil, NH4
+ was 537 

significantly higher than that in the small-pore soil on day 3 (10.6 vs. 5.9 mg N‧kg-1 soil) and on 538 

day 39 (1.7 vs. 1.1 mg N‧kg-1 soil) (Fig. S5a). Likewise, NO3
- was significantly higher in the 539 

large- compared to small-pore soil on day 21 (2.2 vs. 1.3 mg N‧kg-1 soil) (Fig. S5b). Ammonium 540 

rapidly increased at the early stage of the root decomposition (~ day 3) and decreased afterward. 541 

Nitrate increased continuously throughout the decomposition, reaching 20.4 mg N‧kg-1 soil on 542 

day 39. No effect of moisture level was detected on NH4
+ or NO3

- contents. 543 

While there were no differences in DOC between the two soils on day 0, the effect of 544 

pore size on DOC content developed as the incubation proceeded (Fig. S6a). The difference in 545 

DOC between the pore sizes was the greatest on day 39, equal to 98 and 52 mg C‧kg-1 soil for the 546 

large- and small-pore soils, respectively. Moisture level did not affect the DOC. DON increased 547 

quickly and reached 74 and 60 mg N‧kg-1 soil within 3 days for the large- and small-pore soils, 548 

respectively (Fig. S6b). It further increased until day 21 and decreased back to the same level 549 

that was observed on day 3, which was still higher than the initial level. Consistent with DOC, 550 

the DON was not affected by moisture level, but was greater in the large- than in small-pore soils 551 

(p< 0.01). MBC on day 39 was 100-140 mg C‧kg-1, and 25 and 15% of it was derived from the 552 



 

root C in the large- and small-pore soils, respectively (Fig. S7). While total MBC was not 553 

affected by the pore size and moisture level, the root-derived MBC was higher in the large- than 554 

in small-pore soils at the end of the incubation (day 39) (p< 0.05). 555 

 At the end of the incubation the former rhizosphere soil, that is, the soil particles directly 556 

attached to the decomposing roots, had higher C and N contents, as well as their fractions 557 

derived from the roots, than the bulk soil (p< 0.01, Fig. S8). Total soil C and N contents were 558 

greater in the large- compared to small-pore soils, but the fractions of C and N originated from 559 

the roots were not affected by pore sizes. Moisture level did not affect total soil C and N in the 560 

former rhizosphere soil, nor the fraction of C and N originated from decomposing roots (Fig. S8c 561 

and d). 562 

 563 

4. Discussion   564 

4.1. In-situ grown roots in root decomposition studies  565 

The current shortage of decomposition studies that use in-situ grown roots is likely driven by 566 

several experimental limitations: 1) changes of the root mass during decomposition are not 567 

trackable, since it is not possible to measure the initial mass of the in-situ roots; 2) locations of 568 

the root residues during decomposition are not known, leading to difficulties in locating hotspots 569 

of microbial activity and N2O production; and 3) tracking the fate of root-originated N, for 570 

example with a commonly used approach of 15N stable isotope labeling, can be a challenge 571 

because of difficulties in achieving a sufficiently high level of label just within the roots without 572 

contaminating the soil. Kim et al. (2020) overcame the first two limitations by employing X-ray 573 

computed microtomography before and after incubating the experimental microcosms, which 574 



 

allowed measurements of initial root volumes, determination of root volume losses during 575 

decomposition, and visualization of root positions within the samples. The current study 576 

overcame the third limitation by employing an innovative system of supplying plant roots with N 577 

without soil contamination and ensuring that roots are the only source of 15N in the soil. 578 

 579 

4.2. Soil pore size as a key driver of N2O emissions 580 

Consistent with expectations and previous studies (Schaufler et al., 2010; Shelton et al., 581 

2000), during in-situ root decomposition, greater total N2O emissions and both greater root- and 582 

soil-derived N2O were observed at 70% WFPS than at 40% WFPS settings (Fig. 3, 4, and Table 583 

S1). High soil moisture content leads to lower O2 availability and faster NO3
- diffusion, 584 

promoting N2O production via denitrification (Bollmann and Conrad, 1998; Butterbach-Bahl et 585 

al., 2013; Chen et al., 2013; Myrold and Tiedje, 1985). However, our results suggest that 586 

prevailing soil pore architecture can play a much more important role in stimulating N2O 587 

production and transport to the soil surface than soil moisture content (Fig. 9). The cumulative 588 

amount of N2O emitted from the large-pore soil was ~21 times greater than that emitted from the 589 

small-pore soil, while the cumulative amount emitted at 70% WFPS, i.e., the WFPS of 590 

commonly observed maximal N2O emissions (Davidson, 1991; Schmidt et al., 2000) – was only 591 

3.5 times greater than that at 40% WFPS. That is, in the studied soil materials with contrasting 592 

pore architectures, the effect of soil pore architecture was more than 6 times greater than the 593 

effect of soil moisture.  594 

At first glance, greater emissions of N2O from soils dominated by >30 µm Ø (large) 595 

pores than from soils dominated by <10 µm Ø (small) pores seem paradoxical. If the overall 596 



 

anaerobicity were the controlling factor of N2O production, soils dominated by small pores, with 597 

their high pore tortuosity which reduces gas diffusion and thus leads to O2 shortages, would 598 

produce more N2O (Groffman and Tiedje, 1989; Zaman et al., 2012). Yet, higher N2O emissions 599 

from the large- than from small-pore soils have been reported before (Gu et al., 2013; Kaiser and 600 

Heinemeyer, 1996; Kravchenko et al., 2017; Weitz et al., 2001). It has been proposed that the 601 

reason for lower N2O emissions is a greater extent of complete denitrification to N2 in the small-602 

pore dominated soils, driven by their low O2 levels and slow rates of gas diffusion preventing an 603 

escape of produced N2O (Gu et al., 2013; Kaiser and Heinemeyer, 1996; Kravchenko et al., 604 

2017; Weitz et al., 2001). N2O is highly water soluble and spatial heterogeneity in distribution 605 

patterns of soil water can markedly decrease its diffusion in gaseous phase (Shcherbak and 606 

Robertson, 2019), further benefiting the complete denitrification. Surprisingly, our findings 607 

challenge this explanation. The total N2 emission from the small-pore soil with decomposing 608 

plant roots did not exceed that of the unplanted control soil (Fig. 7b). On the contrary, in the 609 

large-pore soil, a significant increase in N2 emission relative to the control was observed after 6 610 

days of root decomposition (Fig. 7a); an increase that was concurrent with high N2O emissions 611 

(Fig. 3). These results suggest that greater N2O to N2 reduction in soils dominated by small pores 612 

can only be a minor contributor to their ~21-fold lower N2O emissions.  613 

The alternative explanation we propose is that greater water absorption by tissues of plant 614 

residues (Iqbal et al., 2013; Myrold et al., 1981; Quemada and Cabrera, 2002) in the large-pore 615 

dominated soil creates microenvironmental conditions favorable to denitrification, leading to 616 

enhanced production of both N2O and N2. Decomposing plant residues absorb water from 617 

adjacent soil pores, creating local micro-gradients of moisture within surrounding soil (~150 m 618 

from the plant residues) (Kim et al., 2020; Kutlu et al., 2018). This “sponge effect” (Kravchenko 619 



 

et al., 2017; Kim et al., 2020) is more pronounced when the soil around the residue is dominated 620 

by large rather than small pores, due to lower water retention by soil with larger pores. Such 621 

local anoxic conditions within the decomposing roots themselves and in the adjacent former 622 

rhizosphere soil were accompanied by high available organic content (Fig S5 and S6) and active 623 

microbial communities, serving as respective sources and drivers of N2O production (Fig. 9). At 624 

the same time, some large pores outside the zone influenced by the sponge effect are 625 

atmosphere-connected, thus instrumental to the eventual emission of produced N2O and N2 (Kim 626 

et al., 2020). Consistent with this explanation, in the large-pore soil, > 60% of emitted N2O was 627 

root-derived for the entire incubation duration, while roots' contribution was much lower in the 628 

small-pore soil (Fig. 3c). Our findings emphasize the importance of root residues in soils 629 

dominated by large (>30 µm) pores with respect to increased N2O emissions and elucidate a 630 

potential mechanism behind such increases (Fig. 9). Specifically, root residues act as powerful 631 

hotspots of N2O production, while diffusion of produced N2O via large pores magnifies the 632 

quantities emitted.  633 

Soil pore architecture is known to markedly affect C processing in the presence of 634 

plentiful and/or newly added C inputs (Bouckaert et al., 2013; Hailing et al., 2013; Juarez et al., 635 

2013; Salome et al., 2010), however the pore effect is often reported as negligible when such 636 

inputs are absent (Kravchenko and Guber, 2017; Negassa et al., 2015). Pore architecture 637 

influence on N processing seems to be similarly driven by the abundance of organics. For 638 

example, previous studies that investigated the interactive role of soil pores and moisture content 639 

on N2O emissions, without new C additions and/or inherent large sources of organics, found only 640 

a marginal pore effect on soil-derived N2O (Mangalassery et al., 2013; Rohe et al., 2021). Yet, in 641 



 

our study, with its large root biomass available for decomposition, pore architecture had a major 642 

influence on both root- and soil-derived N2O production and emission. 643 

In this study we worked with the soil materials built to maximize the contrasts in pore 644 

architecture characteristics. While it is a feasible approach for elucidating the role of pores as 645 

drivers of soil processes, such contrasting conditions are rare in intact field soils with their wide 646 

range of naturally occurring pore sizes and shapes. Thus, the effect of the pore architecture in the 647 

field is probably lower than what we observed in our experiment. Likewise, natural root 648 

senescence and decay occur asynchronously in field switchgrass systems, while all roots started 649 

to decay simultaneously in this study. Simultaneous decay maximized the roots’ contribution to 650 

N2O production here, while a more modest effect might be expected in the field conditions. Our 651 

experimental condition of 40% and 70% WFPS soil water content also suggest that it may be 652 

applicable particularly in upland soils where the moisture content ranges are similar to our 653 

experimental settings. 654 

 655 

4.3. Relationships between chitinase activity, root decomposition, and N2O emissions  656 

Immediately after plant termination, the activity of chitinase was similar between the 657 

large- and small-pore soils, either near the roots or in the bulk soil (Fig. 8). However, after the 658 

onset of incubation, the chitinase activity in the large-pore soil increased dramatically, in contrast 659 

to only a minor increase in small-pore soil. The high activity in the large-pore soil was 660 

maintained during 21 days of root decomposition (Fig. 8). Chitinase activity can be viewed as a 661 

curser of organic matter decomposition since it is involved in both C and N mineralization and 662 

cycling (Sinsabaugh and Moorhead, 1994; Tabatabai et al., 2010). Greater chitinase activity and 663 



 

consequently, decomposition of organic substances, took place in the large- than in the small-664 

pore soil (Fig. 9).  665 

Note that switchgrass plants grew within two contrasting soils from their germination 666 

and, subsequently, their roots were decomposed in-situ. Thus, by the time of plant termination 667 

(10 weeks after sowing), the microbial community structure in the two soils might have been 668 

already different, because dominant microbial organisms and their activity depend on pore space 669 

characteristics (Gupta and Germida, 2015). Fungi are often more abundant in sand and grow 670 

better in pores of >10 μm (Chenu and Cosentino, 2011; Kögel‐Knabner et al., 2008; Witzgall et 671 

al., 2021), while bacteria are often preferentially located in <10 μm pores (Schlüter et al., 2018). 672 

Thus, the large-pore soil might have been more favorable to fungal growth, while small-pore soil 673 

favored bacterial growth. Since switchgrass roots commonly form symbiotic relationships with 674 

arbuscular mycorrhizal fungi (Jach‐Smith and Jackson, 2020), we speculate that fungal biomass 675 

that accumulated during switchgrass growth played an important role in cycling of root-derived 676 

N; and large amounts of labeled 13C and 15N processed by living switchgrass plants might have 677 

been assimilated into fungal biomass and hyphae. Higher amounts of chitin-rich fungal 678 

necromass and its processing may explain the substantially higher chitinase activity and 679 

concomitantly greater N2O contribution from root-derived N in the large- than in small-pore soils 680 

(Fig. 3c).  681 

Microenvironmental conditions after plant termination were also more beneficial for 682 

microbial decomposers, especially fungi, in the large- than in small-pore dominated soils (Fig. 683 

9). Adequate supply of O2 (Keiluweit et al., 2017) and greater organic inputs from roots of 684 

growing plants (Quigley et al., 2018) are regarded as the main drivers of enhanced microbial 685 

activity and high microbial turnover within large pores (Kravchenko et al., 2021). Specifically, 686 



 

we surmise that a succession of fungi from mycorrhiza to saprotrophs occurred after plant 687 

termination (Herman et al., 2012), resulting in chitinase production and efficient decomposition 688 

of chitin-rich necromass from the fungal biomass and hyphae in the former rhizosphere. 689 

Saprotrophs prefer well-aerated large-pore soil and require less N compared to mycorrhiza 690 

(Leake et al., 2003), thus excess N from mycorrhizal fungal necromass might have been used for 691 

denitrification.  692 

While we did not directly measure fungal activity, it is known that fungi contribute more 693 

than bacteria to chitinase production in soil (De Boer et al., 1999; Miller et al., 1998; Yanai and 694 

Toyota, 2005), thus we assume that the chitinase activity measured in this study is indicative of 695 

fungal activity. We suggest that enhanced fungal activity was responsible for the observed 5-7-696 

fold higher chitinase activity in the bulk soil of the large- than small-pore soils that developed 697 

within just the first few days of incubation (Fig. 8c and 8f).  698 

Higher NH4
+ during the first few days of incubation (Fig. S5a) in the large-pore soil was 699 

another indicator of faster decomposition and N mineralization. A positive correlation between 700 

the chitinase activity measured directly on the decomposing roots (i.e., root chitinase activity) 701 

and the rate of emission of root-derived N2O (R2 = 0.22) supports the link between 702 

decomposition of chitin contained in/around roots and N2O production (Fig. S4a). We speculate 703 

that the rapid decomposition of roots in the large-pore soils contributed to a great supply of 704 

inorganic N. Nitrate from decomposed organic substances (e.g., chitin) can be immediately 705 

utilized by denitrifying microbes (Fan et al., 2014), adding to the more pronounced root-derived 706 

N2O production in the large-pore soils (Fig. 4). 707 

 708 



 

4.4. Longevity of high N2O emissions  709 

High N2O emissions from the large-pore soil were maintained over 21 days of root 710 

decomposition and only slightly decreased by day 39. In contrast, in the small-pore soil the N2O 711 

emissions decreased much faster (Fig. 3a and b), accompanied by a decrease in the proportion of 712 

root-derived N2O (Fig. 3c). Apparently, the switchgrass root-based hotspots of N2O production 713 

in the soil dominated by large pores can last longer and contribute substantially to the total 714 

emissions for more than a month after plant termination. This finding contradicts our previous 715 

results where N2O reached its base level in 7-14 days after the start of incubation with leaf 716 

residues (Kravchenko et al., 2017; 2018) and with switchgrass root residues (Kim et al., 2021). 717 

Similarly, short-termed flashes of N2O emissions were reported in other plant residue 718 

decomposition studies, where N2O emission rates reached base levels within 14-32 days (Begum 719 

et al., 2014; Fan et al., 2014; Köbke et al., 2018; Li et al., 2016). It should be noted that in our 720 

previous work, as in most other studies, plant residues were incorporated into sieved soil.  721 

We attribute the longevity of N2O emissions in the current experiment to the rhizosphere 722 

legacy, that is, to roots being decomposed in-situ. Rhizosphere represents an ideal 723 

microenvironment for microorganisms (Chau et al., 2011; Vieira et al., 2020); and in this study 724 

for almost 10 weeks the rhizosphere soil continuously received root exudates and other 725 

rhizodeposits such as lysates, dead fine roots, and mucilage (Lynch and Whipps, 1990; Nguyen, 726 

2003). Upon plant termination, not only the decaying roots but also the previously deposited 727 

organic inputs and the necromass of the organisms assimilating root exudates in the former 728 

rhizosphere's soil were the subjects of intense decomposition by abundant microbial 729 

communities, especially active in the optimal microenvironment of large pores (Kravchenko et 730 

al., 2021). Other root-mediated changes in the rhizosphere (Blossfeld et al., 2013; Hinsinger et 731 



 

al., 2003) can also change pathways and magnitudes of N2O production. For instance, decreased 732 

pH can stimulate heterotrophic denitrification as the main N2O production pathway during 733 

decomposition (Duan et al., 2019). Our results suggest that micro- and mesocosm experiments 734 

that use root residues removed from their original soil locations and mix them with either sieved 735 

or even intact soil might substantially underestimate the durations and intensities of N2O 736 

emissions.  737 

 738 

4.5. Decoupled N2O and CO2 production in large-pore dominated soils 739 

Emission of CO2 is one of the general indicators of microbial activity, and since many 740 

soil processes – including residue decomposition, nitrification, and denitrification – are mediated 741 

by soil microbes, in residue amended soils CO2 and N2O emissions are often found to be 742 

positively correlated (Azam et al., 2002; Millar and Baggs, 2004). Yet, in this study, such 743 

correlation was present only in the small-pore (R2=0.68), but not in the large-pore (R2 =0.07) 744 

soils (Fig. 6). At the same level of CO2 emission, i.e., same general microbial activity, the large-745 

pore soil emitted 10-20 times more N2O compared to the small-pore soil (Figs. 4 and 6). This 746 

decoupling of CO2 and N2O emissions suggests that different groups of microorganisms were 747 

involved in N2O production in the large- and small-pore dominated soil, and the groups active in 748 

the large-pore soils were those that produced N2O but not CO2. Further experiments 749 

accompanied by analyses of microbial community compositions are needed to further explore the 750 

observed differences. 751 

 752 

4.6. N2O priming  753 



 

Roots, in-situ decomposing in the large-pore soil, were not only a major source of N2O; 754 

they also stimulated N2O production from decomposition of intrinsic SOM via positive N2O 755 

priming (Fig. 4a and b, Fig. 9). The phenomenon of positive N2O priming has been only recently 756 

brought to attention of scientific community (Roman‐Perez and Hernandez‐Ramirez, 2020) and 757 

its exact mechanisms are still poorly understood. Roman-Perez and Hernandez-Ramirez (2020) 758 

reported that high SOM-C and SOM-N availability generated a positive N2O priming effects; the 759 

authors suggested a successional shift in priming mechanisms from stoichiometry to N-mining. 760 

Since the availability of SOM in the rhizosphere can increase due to root exudates during plant 761 

growth (Li et al., 2021), the rhizosphere legacy might have maximized the magnitude of N2O 762 

priming. 763 

Our N2O and CO2 priming results further support the notion of decoupling of N2O and 764 

CO2 production in presence of in-situ decomposing switchgrass roots, the effect especially 765 

pronounced in the large-pore soils, but present in the small-pore soil as well. Positive N2O 766 

priming coincided with negative or negligible CO2 priming (Fig. 4). Negative C priming is 767 

typically observed when the newly added organic inputs are recalcitrant (Guenet et al., 2010; 768 

Zhang et al., 2019), but additions of highly labile substrate also were reported to cause 769 

preferential substrate utilization leading to negative priming (Kuzyakov and Bol, 2006). Since 770 

C:N ratios of the studied young switchgrass roots were relatively low (~15), it is possible that 771 

they were the preferred source of C to soil microorganisms over SOM, resulting in reduced SOM 772 

decomposition. Yet, some microorganisms, specifically those responsible for N2O production 773 

from both root and soil N sources were apparently strongly stimulated during root 774 

decomposition.  775 



 

Such joint stimulation took place on the root surfaces and in their close proximity, 776 

probably in the former rhizosphere, rather than in the bulk soil. Notably, the temporal patterns of 777 

N2O priming (Fig. 5) closely followed those of the chitinase activity on the decomposing roots 778 

(Fig. 8b and e), while there were no similarities with the chitinase activity patterns in bulk soil 779 

(Fig. 8c and f). Also, soil chitinase activity and soil-derived N2O emission were not related to 780 

each other (Fig. S4c), while the chitinase activity on the root surfaces and the plant-derived N2O 781 

emission were positively correlated (Fig. S4a). Previous reports suggest that the extracellular 782 

enzymes produced in response to newly added organic inputs can also be efficient at 783 

decomposing inherent SOM and, hence, can promote positive priming (Fontaine et al., 2003; Wu 784 

et al., 1993). Thus, the greater extent of N2O priming in the soil dominated by large pores (Fig 785 

4a, b, and Fig. 5) is likely driven by higher enzyme activity near decomposing roots there (Fig. 786 

8), which stimulated the decomposition of not only the roots but also of the N-containing SOM, 787 

resulting in higher contents of mineral N in the large-pore soil (Fig. S5). Strategical procurement 788 

of N but not C from SOM by microorganisms involved in N2O production apparently can take 789 

place in the former rhizosphere soil during root residue decomposition.  790 

 791 

5. Concluding remarks  792 

 The effect of soil pore architecture on N2O production from soil with in-situ 793 

decomposing switchgrass roots was 6 times higher than that of the soil moisture. Markedly 794 

greater quantities of N2O were emitted from the soil dominated by the large (>30 µm) pores than 795 

from the soil dominated by small (<10 µm) pores, while only modestly higher emissions were 796 

observed in incubations at 70% as compared to 40% WFPS. Longevity of N2O emission hotspots 797 

in the large-pore soils exceeded that of the small-pore soils, as well as that of previously 798 



 

published comparable incubation studies. Greater and prolonged N2O emissions in the large-pore 799 

soils resulted from greater N2O production, and not from the lower N2O to N2 conversion, as 800 

previously expected. The enhanced emissions were driven by higher microbial activity, possibly 801 

fungi, as attested by marked surge in chitinase activity. Chitinase activity in the large-pore soils 802 

increased at a greater rate and remained higher than in the small-pore soil, suggesting that the 803 

high N2O emissions were related to faster root decomposition and microbial turnover in the 804 

former rhizosphere. Root-derived N was the main source of N2O, especially in the large-pore 805 

soils; however, in-situ root decomposition also accelerated mining of SOM-N for N2O and N2O 806 

priming. Apparently, the location for such priming was the former rhizosphere soil in close 807 

proximity to the decaying roots. Microbial processes leading to N2O production in the soil 808 

dominated by large pores become decoupled from the CO2 generating microbial activities, 809 

suggesting a different group of microbes being involved in N2O production, possibly, 810 

strategically procuring N from the root residues and the soil. 811 

We demonstrated that the rhizosphere soil carries a strong legacy effect as it turns into a 812 

detritusphere after plant death and decomposition. Ignoring this effect by mixing root residues 813 

with destructed soil may underestimate the durations and intensities of N2O emissions. Our study 814 

emphasized the pore architecture as a crucial factor that determines the magnitude and longevity 815 

of N2O emission hotspots. It revealed that the role of pores in pathways of climate change can be 816 

more important than previously perceived.  817 
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Figure 1. Switchgrass 15N and 13C labeling procedure. (a) Rhizoboxes placed on a rack tilted at 50⁰ to 

induce root growth on the surface of the box for subsequent zymography. (b) Rhizobox placed on the 

beaker containing 15N Hoagland solution to label the plant without directly adding 15N to the soil. (c) 

Rhizoboxes and beakers sealed with aluminum foil to avoid evaporation. (d) Rhizoboxes and beakers 

placed in the chambers for pulse labeling the plants with 13CO2. 

 

 

 

 

 

 



 

 

 

 

Figure 2. Illustration of zymography procedures. (a) Example of a raw image that captures the 

florescence developed from enzyme-substrate reaction. The white dashed box in (a) represents the region 

of interest used for further zymography analysis. (b) A map of enzyme activity calculated from the set of 

raw images taken every 5 minutes. (c) A final reference image in which black and white indicates the root 

and soil, respectively. (d) Chitinase activity on the surface of decomposing roots. (e) Chitinase activity on 

the surface of soil. In images (d) and (e), brown color represents the area of interest, and no enzyme 

activity was presented transparently. 

 

  

 

 



 

Figure 3. Dynamics of N2O emission during the incubation: (a) total N2O emission rate at 40% WFPS 

and (b) 70% WFPS; and (c) the fraction of root-derived N2O across both WFPS treatments. Error bars are 

standard errors of the mean. ‘Large’ and ‘Small’ in the legends indicate the soils dominated by large (> 30 

m Ø) and small (< 10 m Ø) pores, respectively. Controls are the rhizoboxes that were not planted and 

did not contain switchgrass roots. The gray box presents significant results of the factors and their 

interactions. Red asterisks * and *** mark statistical significance (p< 0.10 and 0.01). P-values of the 

factors and their interactions were presented in Table S1 (supplementary material).  

 



 

Figure 4. Cumulative N2O emissions from the (a) large- and (b) small-pore soil; and cumulative CO2 

emission from the (c) large- and (d) small-pore soil after 21 days of incubating the rhizoboxes with in-

grown switchgrass roots. Control refers to unplanted soil boxes incubated under each WFPS. Differences 

between soil-derived gas emission and the control gas emission (priming effect) are presented as red 

arrows. Red asterisks ** and *** mark the cases where the priming effect was significantly different from 

0 (p< 0.05 and 0.01). NS stands for ‘Not Significant’. Letters indicate the significant differences between 

root-derived cumulative gas emissions (white, p < 0.05) and priming effect (red, p < 0.10) at a given 

moisture level. Error bars are standard errors of the mean. Note the different y-axis scales between (a) and 

(b). 



 

 

Figure 5. Dynamics of the N2O priming effect at (a) 40% WFPS and (b) 70% WFPS in the large- and 

small-pore dominated soils. Red asterisks ** and *** indicate significant differences between large- and 

small-pores (p< 0.05 and 0.01). Letters indicate the significant differences between moisture levels at 

given soil materials and time (p < 0.05). 

 

 

 

 

 

 

 

 



 

Figure 6. Relationship between total CO2 and total N2O emission rates in the two studied soils and 

moisture levels. Regression line of small-pore dominated soils was presented in green. Blue plots present 

the average emission rates of the unplanted controls. R2 was reported separately for large-pore and small-

pore soils (p< 0.01). Regression slope from the large pores was not presented due to low R2.  

 

 

 

 

 

 



 

 

 

 

 

Figure 7. Dynamics of N2 emission during the root decomposition in (a) large-pore soils and (b) small-

pore soils. Shown are the differences between the planted soil and soil without plants (control). Asterisks 

** mark the cases where the difference between the treatment and the control were greater than zero (p< 

0.05). Error bars are standard errors of the mean. Gray lines show the actual N2 emission (average of the 

two moisture levels) from planted soils. 

 



 

 

Figure 8. Dynamics of chitinase activity on root and soil surfaces in the large- and small-pore dominated 

soils at the two studied soil moisture levels. Example zymograms are shown in (a) and (d); root chitinase 

activity in (b) and (e), and soil chitinase activity in (c) and (f) for 40% and 70% WFPS, respectively. 

Asterisks *, **, and *** indicate the significant differences between the two soils at a given day of 

incubation and moisture content, at significance levels of 0.1, 0.05, and 0.01, respectively. The letters 

mark differences between time (incubation day) within given soil and moisture. Error bars are standard 

errors of the mean.  

 

 

 

 



 

 

 

 

Figure 9. Conceptual model of N2O emission drivers in the microenvironments around decaying plant 

roots in the soils dominated by large (>30 µm) (left) and small (<10 µm) (right) pores. The large-pore 

dominated soil has higher fungal growth, enzyme activity, and microbial activity near the decomposing 

roots. This leads to faster root decomposition and positive priming of inherent SOM, followed by greater 

amounts of both root-driven and soil-driven organic materials becoming available as substrates for N2O 

production. The sponge effect (water absorption by decaying roots) is also more prominent in the large-

pore dominated soil because of its lower water retention. Anoxic conditions within the decaying roots and 

in immediate detritusphere are optimal for denitrification increasing both root-derived and soil-derived 

N2O production. The produced N2O is the subject of fast emission due to atmosphere-connected large 

pores in close proximity to decomposing roots. The small-pore dominated soil has relatively lower fungal 

growth, enzyme activity, and microbial activity near the decomposing roots. Along with a less 

pronounced sponge effect, it creates less favorable condition for denitrification, and thus, has lower less 

root-derived and soil-derived N2O production. 

 



 Table 1. C and N characteristics of soil and roots after plant growth and labeling 

 

 

 

 

 

 

 

 

 

 

 

 

 

• Standard deviations in parenthesis. 

• Letters indicate significant differences between large- and small-pore soils (p< 0.05). 

Switchgrass roots Large-pore Small-pore 

Total C (mg C kg-1 dry matter) 446 (26.5) 444 (24.7) 

Total N (mg N kg-1 dry matter) 29.7 (10.3) 28.8 (9.7) 

Atom%13C 1.61 (0.31) 1.63 (0.29) 

Atom%15N 8.83 (1.04) 9.10 (0.74) 

   

Soil after plant growth Large-pore Small-pore 

Total C (mg C kg-1 soil) 11.1 (0.4) 11.2 (0.02) 

Total N (mg N kg-1 soil) 1.16 (0.03) 1.17 (0.03) 

NH4
+ (mg N kg -1 soil) 5.36 (1.08) 3.68 (1.46) 

NO3
- (mg N kg -1 soil) 0.23 (0.10) 0.43 (0.25) 

Atom%13C 1.09 (0.00) 1.09 (0.00) 

Atom%15N 0.43 (0.02) 0.42 (0.03) 

Microbial Biomass C (mg C kg-1 soil) 384a (45) 571b (44) 
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