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ABSTRACT

Mechanical loads from physiologic activities such as walking and running generate bioelectricity
in bones. By mimicking bioelectricity, external electrical stimulations have also been used
therapeutically to stimulate bone-forming cells and, thus, to promote bone regeneration. However,
little is known about the physicochemical mechanism(s) by which electrical stimulations drives
calcium phosphate mineralization of collagen. Here, we showed that, during in vitro collagen
mineralization in the absence of cells, applying pulsed electrical stimulation significantly enhanced
the transport of ionic body fluid components through a micrometer-scale channel (~100-200 pm
gap space between the inner surfaces of tube-like collagen scaffolds and a cathode placed inside
the collagen scaffolds). The enhanced transport of ionic precursors increased diffusion of the
charged precursors from the channel to the inner collagen surface, where bone mineralization was
otherwise restricted. The results indicate that pulsed electrical signals can locally accelerate the
nucleation of calcium phosphate nanocrystals in/fon collagen, allowing us to better control the
spatial distribution of the nanocrystals at the microscale. The findings from this study provide
insights into the utilization of electrical stimulation for applications such as facilitating bone-

fracture healing and designing better bone-specific biomaterials.
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Introduction

Bone is a hierarchical structure made of an organic collagen matrix with inorganic apatite
mineral inclusions.® The triple-helix type I collagen molecule is the major extracellular protein of
the matrix. Collagen molecules are assembled to form a fibrillar structure and serve as the skeletal
template.?® The deposition of the nanoscale calcium phosphate (CaP) nanocrystals, known as
bioapatite (a biologically produced analog of hydroxyapatite, HA),* increases the mechanical
strength of bone, while the collagen provides toughness.® During their development and
maintenance, bones continuously respond to their mechanical loading environments.® Because
bone is a piezoelectric material,” mechanical loading results in millivolt-scale bioelectricity for
short durations, as seen in many animal tissues, including human tibia bones.®® These pulsed
electrical signals have been considered an important factor in controlling bone mineralization by
stimulating the activity of bone-forming cells. Indeed, several in vitro studies have reported
increased osteoblastic differentiation, and consequently more collagen synthesis and bone mineral
formation, through the use of the pulsed electrical signals to stimulate cellular activities.**6

Despite the positive outcomes from in vitro studies showing enhanced cellular activities
for bone regeneration, such as accelerated growth of osteoblast-like cells,**"*® the clinical
application of pulsed stimulation has been limited owing to uncertainties about the underlying
undiscovered mechanism(s).!” In particular, the physicochemical responses of collagen to pulsed
electrical stimulation, which are distinct from cellular responses, have not been defined. Recent
findings about collagen biomineralization have emphasized the electrostatic interactions between
charged amino acid residues in collagen and precursor molecules in the mineralization solution.®

20 Hence, the electrostatic interactions between collagen surfaces and charged precursor molecules,



such as Ca®* or HPO4?, could influence collagen mineralization more significantly under pulsed
electrical stimulation than without considering such bioelectricity.

In fabricating biomaterials at the tissue-level or facilitating bone-fracture healing, the
diffusion of nucleation precursor molecules into the deeper portions of the collagen matrix remains
challenging.?* The slow diffusion is a significant problem for aligned collagen scaffolds with high
collagen fibrillar density, such as those extracted from native bones or tendons.??2 Dense collagen
structures require a longer time for diffusion of precursors than loosely-packed collagen matrices
or single collagen fibrils, and an exterior mineral formation on collagen structures can act as an
additional diffusion barrier.?*

Here we investigated how pulsed electrical stimulation affects mineralization of collagen
scaffolds from chicken fibular bones. The pulsed electrical condition used in this study mimicked
bioelectrical conditions of moderate frequency and moderate magnitude, such as would be
generated by common mechanical loading resulting from walking or running.?® Using in situ
small-angle X-ray scattering (SAXS) and wide-angle X-ray diffraction (WAXD), we identified
the morphology and crystalline structure of the nuclei and quantified the extent of nucleated CaP
nanocrystals under the pulsed electrical conditions. By successfully controlling the microscale
distribution of CaP nanocrystals in dense collagen scaffolds, this study provides new insight into
using pulsed electrical stimulation for enhanced bone fracture healing and development of better

bone biomaterials.



Results and Discussion

Application of pulsed electrical stimulation through electrodes within collagen scaffolds.
Pulsed electrical stimulation was applied to tube-like collagen scaffolds that were prepared by
demineralizing chicken fibula bones. The obtained scaffolds represented the dense and well-
organized fibrillar collagen structure seen in cortical bones.?® Collagens in the demineralized
chicken fibula bones were mineralized in a modified simulated body (SBF) fluid with 2.5 times
higher Ca and P concentrations than body plasma (2.5xSBF, Table S1)?"?° in a flow-through
reaction system (Figure 1a). The scaffolds were threaded on either side of the cathode or anode,
which penetrated inside the scaffolds (Figure la—d). Pulsed stimulation (40 mV peak-to-peak
amplitude, 1 Hz frequency, and 100 ms pulse width) was then applied to the electrodes. The
electrical condition was chosen to simulate the bioelectricity condition generated by a human
walking motion. The frequency of 1 Hz per sample (or per leg) equivalent to 120 steps per min.*°
A similar range of electric potential (amplitude) was measured by electrodes in contact with skin
over human bones (from -20.1 to +27.8 mV from tibia diaphysis and -39.1 to -3.0 from femoral
metaphysis®), implying there would be higher electrical potential in vicinity of bone surfaces.
Because of the shapes and sizes of the tube-like collagen scaffolds (approximately 500 um inner
diameter) and electrodes (a twist of two stainless steel wires of ~200 um in diameter), the inner
surfaces were exposed to SBF only through a micrometer-scale channel (~100-200 um, Figure
1d). The size of this channel was comparable to the diameter of a central Haversian canal (~30 um)
in native bone, where blood travels through vessels.3* Unlike the inner surfaces, the outer surfaces

of the collagen were fully exposed to the mineralizing solution, allowing CaP precursor molecules

to diffuse freely into the collagen.



During pulsed electrical stimulation, the pulse generator supplied electrons to the cathode
(pulse on), negatively charging the vicinity of the cathode for a short duration and attracting
cationic precursors, including Ca?*. It is expected that these attracted ions diffused back into the
bulk solution when the cathode lost its negative charge (pulse off) (Figure 1b). During this process,
anionic precursors, such as HPO4%, moved in the opposite direction. Therefore, the repetition of
these processes by pulsed stimulation throughout the entire reaction time led to enhanced transport
of these active ionic precursor molecules into the channel between the cathode and the inner
surface of the collagen (Figure 1f).

In typical electrolysis cells operated at >1.5 V, electron transfer at the anode occurs by the
oxidation of metal components of the electrodes or other electrolyte components.3 However, the
oxidation reactions at the anode were highly restricted at the low voltage condition (40 mV) in our
experimental systems, leading to negligible changes of the anode surface (Figure 1c). The anode
remained its chemical stability during the entire set of mineralization experiments at 40 mV,
without significantly damaging the collagen or releasing metal components into the system.
Therefore, the consequent transport of precursor molecules at the anode through the channel was
less significant than the transport at the cathode at 40 mV, leading to minimal inner surface
mineralization of the collagen (Figure 1g). Note that no Fe and Cr were dissolved, based on an
inductively coupled plasma optical emission spectroscopy analysis, in phosphate buffered saline
under the pulsed electrical conditions used in this study (40-200 mV, 48 hr). This electrical
amplitude is far below the condition where potential dissolution of anode became significant,
forming secondary precipitates containing Fe and Cr (such as a 3 V of amplitude in 2 hr, Figure

s1).



Enhanced inner surface mineralization of collagen at the cathode. Figures 1e—g show optical
images of cross-sections of the collagen matrices after 48 hr of mineralization (additional images
are shown in Figure S2, comparing fresh fibular and fully demineralized bones). The sections were
stained with von Kossa’s and Goldner’s trichrome methods to visualize mineralized (in grey) and
unmineralized collagen (in pink) regions, respectively.®® As illustrated in Figure 1b, inner surface
mineralization by pulsed stimulation was achieved only when collagen scaffolds were placed at
the cathode (Figure 1f). Without pulsed electrical stimulation, the inner surfaces were rarely
mineralized before 48 hr (Figure 1le), and placing the anode inside caused even lower
mineralization of the inner surface (Figure 1g). On the other hand, at the outer surfaces, where the
required CaP precursors for mineralization were sufficiently derived from the bulk solution
without any physical restriction, a similar level of mineralization was observed for all three
samples. The results indicate that restricted transport of precursors into the channels between
electrodes and the inner surfaces limits CaP mineralization despite the addition of polyaspartic
acid (pAsp) in the SBF to chemically promote the precursor diffusion into the collagen and
intrafibrillar mineralization.?% 2224 However, this limitation was effectively overcome by applying
pulsed electrical stimulation through the cathode, improving microscale CaP distribution into the
deeper side of collagen scaffolds.

To evaluate the spatial distribution of CaP minerals after 16 hr of electrical stimulation,
scanning electron microscopy with energy dispersive X-ray spectroscopy (SEM-EDX) analyses
were conducted. At this relatively early stage, the overall mineral content was low (< 3 atomic %)
except at the outermost surfaces. EDX spectra were collected at five discrete positions from the
innermost to the outermost surfaces (positions A to E, Figure 2a). Ca and P signals at position B

(30 um from A position) were detected only in samples mineralized at the cathode (green arrows
6



in Figures 2b—c), confirming our hypothesis described in Figure 1b that only the cathode can attract
more precursors for deeper inner surface mineralization. For samples mineralized without pulsed
stimulation (control), Ca and P signals at the innermost surface were lost just beyond the surface
(position A). Near the anode application, the innermost surface mineralization was most inhibited.
A similar inhibition of CaP nucleation was previously observed from positively charged collagen
under tensile stress.3* Possibly, the slight positive charge on the anode, although not sufficient to
induce active transport of ionic molecules in the solution, further inhibited the inner surface
mineralization by preventing initial Ca attachment at the nucleation sites on the collagen surface.
Because the influence of pulsed stimulation would be limited to local area near the electrode, there
was no significant difference in mineralization degree at positions at D and E where nucleation
precursor molecules were continuously supplied by bulk SBF solutions. For all conditions, the

mineralization depths were not reached at the center position C.

Morphology and crystalline structure of CaP nuclei. The differences in total CaP formation by
the type of electrode are clearer in SAXS/WAXD analyses, which sufficiently sensitive to
quantitatively evaluate nanocrystals embedded in organic templates without destroying the
structure of the templates and nuclei.?* 35-% Figure 3a shows examples of SAXS patterns of
collagen after 48 hr of mineralization under pulsed electrical stimulation (details of data analysis
protocols are described in the Supporting Information, Note S1 and Figure S3). With
mineralization, SAXS patterns show increased intensities compared to unmineralized collagen, at
a scattering vector, g, range from 0.01 to 0.3 AL In general, higher intensities were observed from
samples on the cathode than those from the other two groups (Figure 3a), indicating more CaP

minerals nucleated within those scaffolds. The SAXS intensities from samples mineralized at the



anode and without pulsed stimulation (control) were within approximately the same range, thus
two SAXS patterns mostly overlap in Figure 3a. By subtracting the unmineralized collagen SAXS
pattern from each condition pattern, we can better evaluate the morphology of CaP nuclei formed
within the collagen (Figure S4). After subtraction, all the SAXS patterns fit well within a disc ~1.7
nm thick and ~34 nm in diameter, which is comparable to the dimension of bioapatite plates
observed in in vitro mineralization?* 3-8 or to natural bone apatite crystals (~2 x 30 x 40 nm).% -
40 Collagen background-subtracted WAXD patterns showed that the crystalline structure of nuclei
formed in collagen scaffolds were, regardless of the location of the electrodes, all poorly crystalline
hydroxyapatite (Figure 3b), which is typical of bioapatite from most animal bones.? ** Therefore,
we concluded that bioapatite-like CaP crystals (in terms of nanoscale morphology and crystalline
structure) formed in the collagen scaffolds regardless of the pulsed electrical stimulation. This
observation is contrary to our microscale observation showing significant changes in CaP
distribution by the cathode application (Figures 1e—g and 2), emphasizing that multiscale analyses
are necessary to understand biomineralization of bone-like hierarchical scaffolds.3" 4?

With the given morphology (from SAXS fitting) and crystalline structure (from WAXD),
the volume fractions of newly formed CaP minerals, fv, (Figure 3c) can be quantified.?* 35 43-44
Compared to the values for the control and anode groups, fv increased by about 38% and 57%
from pulsed stimulation applied through the cathode, respectively (p < 0.1, Tukey HSD post-hoc
test to one-way ANOVA). The fv of samples at the anode were reduced (~14%) from the control
group value, but the difference was within the error range. The increased fv by the cathode became
clearer at the later time period (48 hr) than the increase in Ca and P contents by the cathode in the
SEM-EDX analysis at the earlier time period (16 hr, Figure 2b—c). A possible reason for the similar

nucleation rates at the early stage is that the total amounts of precursors available in the reactors
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were the same for all conditions. However, for samples on the cathode, both the inner and outer
surfaces could be mineralized, providing about twice as many nucleation sites as under other
conditions. Therefore, the increase in fv with cathode application at 48 hr mostly came from inner
surface mineralization (Figure 1f) after the mineralization sites on the outer surfaces had become

almost saturated around 16 hr (Figure 5a).

Enhanced transport of CaP precursors by pulsed electrical stimulation. In Figure 1b, a
mechanism was suggested for active transport by pulsed electrical stimulation of precursor
molecules within the channel between the cathode and the inner collagen surface. To evaluate the
actual transport of molecules into the channel, and their consequent diffusion into collagen
matrices under different electric conditions, we traced the diffusion of Sirius Red (molecular
weight (MW) is 1,373 g mol™?) in phosphate buffered saline (PBS) solution at pH 7.4. While
identifying the exact species and structure of prenucleation precursor from experimental
observation is still challenging,*>“® it is clear that the basic units of precursors are ionic Ca and P
species as listed in Table 1. These species would either transform to CaP nanocrystals or move
freely in their ionic states, thus it would be very difficult to measure their diffusion within collagen
matrix under pulsed stimulation. For this reason, we evaluated the diffusion of Sirius Red dye to
infer the behaviors of ionic species within the matrix. Sirius Red staining of the inner surface of
the collagen was seen only with pulsed electrical application through the cathode, despite the net
negative charge of Sirius Red in the experimental solution (Figure 4). The staining pattern under
pulsed stimulation was almost identical to the mineralization pattern shown in Figures 1e—g, which
supports our hypothesis that the increased transport of charged precursors by pulsed stimulation,

not the permanent surface charge, was responsible for the enhanced inner surface mineralization



of collagen matrix. In addition, the diffusion of Sirius Red from the innermost surface was not
significant under continuous electrical stimulation (40 £ 0.5 mV). Continuous stimulation resulted
in a permanent net negative surface charge at the cathode (Figure S5a). It is thought that the low
amplitude of the stimulation had little influence on the charge distribution at the anode under
continuous stimulation (Figure S5b). Consequently, almost no differences in fv (Figure S5c) and
crystallinity (Figure S5d) among different electrodes were observed for continuous stimulation.
These findings highlight that a pulsed electrical application successfully enhanced the
transport of CaP nucleation precursor molecules through the channel between the inner surfaces
of tube-like collagen scaffolds and a cathode placed inside the scaffold, without the aid of any
bone-forming cell activity. This enhanced transport consequently led to increased CaP
mineralization of the inner collagen surface. As summarized in Table 1, most of the Ca and P
species, which are important precursor molecules for CaP crystals, existed as divalent ions (91%
Ca?* and 43% HPO.%) in our experimental conditions. Only a small fraction of Ca was complexed
with pAsp (MW is ~5,000 g mol™?). Because the majority of the ionic precursors in the SBF have
smaller sizes for a given charge of ionic compounds than the Sirius Red molecule, these small
ionic precursors would be attracted and repelled to the cathode more actively by pulsed stimulation
in physiologically relevant conditions than we observed experimentally from the diffusion of

Sirius Red, as shown in Figure 4.

Increasing pulse amplitude and collagen stability. To better characterize pulsed electrical
stimulation through the cathode, we evaluated the influence of pulse amplitude (between 0-200
mV) on collagen mineralization. An increasing trend in fv with increasing amplitude was shown

until 16 hr of mineralization (Figure 5a). However, only the application of 40 mV amplitude led
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to an increase in fyv compared to control at 48 hr. Collagen may have been damaged at higher
amplitudes with a longer stimulation period, limiting mineralization. The inner surface of the
collagen stored in PBS for 16 hr without stimulation clearly showed individual fibers a few
micrometers in diameter (Figure 5c¢). With 40 mV pulsed stimulation, the rough surface was mostly
maintained (Figure 5d). However, after 200 mV of pulsed stimulation was applied for 16 hr, the
surface was mostly smooth and showed residues of broken fibers (zoomed-in image of Figure 5e),
indicating that the fibers at the outer surface were degraded (Figure 5e). Similar damage was
observed in a previous study of skin collagen under photoirradiation,*” suggesting the possibility
that some portions of the mineralized inner surfaces were lost by pulsed stimulation at the 100 and
200 mV amplitudes. However, there was no discernable change in the molecular-level structure,
as observed in Fourier-transform infrared spectroscopy (FTIR, Figure 5b) spectra after 16 hr, so it
remains unclear whether electrical stimulation can affect the collagen directly. Nevertheless, these
results indicate that, compared to collagen samples without pulsed stimulation or with too high
electrical stimulation, 40 mV pulses increased nucleation rates without causing significant

collagen damage.

Conclusions and Implications

In this study, we showed how pulsed electrical stimulation enhances in vitro collagen
mineralization kinetics while maintaining the physical stability of the collagen scaffold. By
controlling the transport of ionic precursor molecules through the micrometer-scale channel
between the inner surface of a tube-like collagen scaffold and a cathode placed inside the scaffold,
we were able to promote deeper penetration of CaP into the scaffold. These results provide new

insights into the application of pulsed electrical signals, indirectly but practically utilizing
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piezoelectric properties of bones, for bone fracture healing and fabricating new biomaterials. In
particular, the results demonstrate that localized application of pulsed stimulation can enhance
mineralization in narrow spaces, where diffusion of precursor molecules is highly restricted. It is
noteworthy that the electrical stimulation mostly influenced the microscale CaP distribution in the
collagen scaffolds (Figures 1 and 2), but there were no significant differences in crystalline
structure based on WAXD pattern (Figure 3b) and nanoscale morphology of CaP based on fitting
of SAXS patterns (Figure S4). These findings emphasize the importance of multiscale analyses
(from subnano to macroscale) to fully understand the factors affecting biomineralization.3! 42
Recent advances in biomedical engineering and nanotechnology may allow for this
improved understanding of electrically-stimulated biomineralization to lead to less-invasive
treatment options for tissue regeneration, while contributing to the development of better
mineralized biomaterials. For example, application of medical microbots may accurately control
electrical stimulation in the targeted area at the microscale.®® Installing small piezoelectric or
triboelectric devices!® 4°-2 and injecting a conductive bio-scaffold®*%® are also future options to
utilize biologically-generated pulsed electricity for bone regeneration. Photo-activated materials
can be alternatively used with pulsed irradiation to stimulate osteogenic differentiation by
simulating bio-generated electric conditions in physiologic systems.>® On the basis of the
principles governing mineral arrangements within the fibrillar matrix, pulsed electrical stimulation
can be used to synthesize highly compatible biomaterials, mimicking structural and compositional
details of human mineralized tissues.®’®® For example, generating a gradient in mineral density

along a matrix may be valuable in the synthesis of tendon-to-bone insertion replacements.5% 80-61
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Methods

Preparation of collagen samples. Fibular bones were separated from chicken legs purchased from
local grocery stores. The ends of the bones, all connective tissues, and the blood marrow were
removed. The remaining tubular bones were thoroughly demineralized in
ethylenediaminetetraacetic acid (EDTA) solution (0.1 M, pH 7.4) for 2 days under magnetic
stirring (130 rpm) at room temperature. After demineralization, the resulting tube-shaped collagen

matrices were cut into 0.5 cm long pieces for subsequent biomineralization experiments.

Preparation of mineralization solution. Deionized water (> 18.2 MQ-cm) obtained from a
Barnstead Ultrapure Water System (D11931, Thermo Scientific) and American Chemical Society
grade chemicals were used to prepare a modified simulated body fluid (SBF) that mimics major
ionic compounds in human body plasma.? 262° To facilitate the reaction being conducted within a
reasonable time period for in situ beamtime experiments, an SBF solution with 2.5 times higher
concentrations of Ca and P than human blood plasma was used (2.5xSBF, Table 1). To prevent
any precipitation prior to the experiment, we prepared two separate SBF solutions containing either
Ca or P sources, and these two solutions were separately fed to a reactor for mineralization (Figure
S1). The pH of the solutions was adjusted to 7.4 using tris buffer and hydrochloric acid. In addition,
pAsp (10 mg L%, sodium salt, Mw: 5,000 Da, LANXES) was added to promote intrafibrillar
mineralization while minimizing the formation of undesirable extrafibrillar mineralization or

homogeneous calcium phosphate nucleation in solution.?*

In situ X-ray data collection during collagen mineralization. Two separate SBF solutions were
mixed in a flow-through reactor whose temperature was maintained at 37°C using a hot plate

during mineralization. Once the temperature and flow rates of the solutions (~10 ml hr for each
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solution) in the reactor were stabilized, a custom-designed sample holder containing two collagen
tubes was placed in the reactor. The holder was designed to position two electrodes, each created
by twisting together ~200 um diameter 304 stainless steel wires (purchased from McMaster-Carr,
major non-iron constituents of a typical 304 stainless steel are 18-20% Cr and 8-11% Ni), with
one electrode penetrating the collagen tubes to apply electrical stimulation to the inner surface
(Figure 1). The electrode, penetrating two collagen samples, was connected to a pulse generator
(Siglent Technologies SDG800) as either the cathode or anode. An additional electrode without
samples was used as a counterpart. This mineralization process was conducted at the Advanced
Photon Source (APS) at Argonne National Laboratory (Argonne, IL, USA) for in situ X-ray data
collection. For X-ray data collection, collagen samples were taken from the holder temporarily and
scanned with SAXS (at sector 12-1D-B) or WAXD (at sector 11-ID-B). Collagen matrices were
rinsed with phosphate buffer to exclude possible attachment of CaP crystals formed in solution
before the measurement. Then the samples were immediately returned to the reactor. The
procedures for SAXS/WAXD data collections and analyses are described in detail in the

Supporting Information, Note S1.

Ex situ analyses. Cross-sections of mineralized collagen scaffolds were imaged using an optical
microscope and SEM. For optical microscope imaging (Carl Zeiss Axio Scope Alm),
methylmethacrylate embedded samples were cut into 5 um sections, followed by von Kossa and
Goldner's trichrome staining. Embedding, sectioning, and staining were conducted at the
Musculoskeletal Research Center (Washington University in St. Louis, MO). For SEM imaging,
mineralized samples were fixed in 100 mM cacodylate buffer containing 2% paraformaldehyde

and 2.5% glutaraldehyde, followed by dehydration in successive ethanol baths (30, 50, 70, 90, and
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100 % for 15 min each). Samples were sectioned to 20 pum thickness on a freezing stage (Physitemp
BFS-30MP), using a sledge microtome (Leica 1400). EDX analyses were also conducted to
obtained elemental compositions.

To evaluate the diffusion of Sirius Red molecules into collagen, samples were reacted
under pulsed electrical stimulation in PBS containing 2% of PicroSirius Red F3BA (Polysciences,
Inc). The unreacted Sirius Red molecules were removed by rinsing samples in PBS and sucking
interstitial solution with PBS wet gauze. The rinsing and sucking processes were repeated until no
red staining molecules were visible from the gauze. For the optical microscope imaging, 20 um
thick sections were prepared using the freezing stage microtome without fixation. Based on its pKa
values (pKai-6 < 2 and pKazg >13), PicroSirius Red F3BA existed as a divalent anion in the PBS
solution of pH 7.4.%% This dye is commonly used to stain collagen, because the transport of these
molecules within the collagen matrix can be traced by optically imaging a cross-section of the

samples.®®

To evaluate potential collagen damage, collagen scaffolds subjected to pulsed electrical
stimulation in PBS for 16 hr were imaged using SEM. Samples were fixed and dehydrated as
described above, then cut lengthwise into halves and placed on SEM stubs with the inner surface
exposed for scanning. FTIR absorption spectra were collected (Nicolet iS10, Thermo Scientific)

without the fixing and dehydration processes.
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List of Tables Table 1. Aqueous Ca and P species in 2.5xSBF solution.

Charge Species Conc. (M)* Ca fraction (%) P fraction (%)
+2 Ca? 5.69 x 103 91.0 -
CaHCOgs* 1.57 x 10+ 25 -
CaOH* 3.14x10® <0.1 -
+1
CaH2PO4* 1.19 x 10° 0.2 0.5
MgH2PO4* 6.31 x 10 - 0.3
CaHPO4 3.00 x 104 4.8 12.0
MgHPO4 9.97 x 105 - 4.0
CaSO0q4 4.59 x 10 0.7 -
° CaCOs 1.37 x 10° 0.2 -
H3PO4 1.22 x 10°° - <0.1
CaHa-pAsp** 5.25 x 1027 <0.1 -
NaHPO4 6.76 x 10+ - 27.0%*
H2PO4 2.62 x10* - 10.5
CaPOxs 3.49 x 10 0.6 14
* KHPO4 2.46 x 10 - 1.0
MgPO4 1.31x 107 - <0.1
CaH-pAsp** 3.56 x 103 <0.1 -
-2 HPO4> 1.08 x 103 - 43.2
Ca-pAsp** 4.44 x 1020 <0.1 -

*Calculated by MINEQL+ (ver. 4.61).

**Ca-pAsp complexes were calculated based on the amount of aspartyl residue in pAsp (10 mg L*
pAsp is equivalent to 0.072 mM aspartyl residue). Dissociation and calcium binding constants

of pAsp were obtained from literature.>®

*** The fraction of NaHPO, among Na species is only 0.5%, while 99.4% is Na".
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Figure 1. Collagen mineralization under pulsed electrical stimulation. (a) Photos of

experimental setup of the flow-through reactor and the frame with two
electrodes. Two collagen scaffolds were threaded on each of the electrodes.
(b—c) Schematic illustration of collagen mineralization under pulsed electrical
stimulation applied on the (b) cathode or the (c) anode. Oxidation of electrode
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(M — M* + e, M represents the metal components) is limited at the anode due
to the low pulse amplitude. (d) SEM images of cross-section of collagen. Two
orange circles represent the electrode, which consists of two stainless steel
wires, each 200 um in diameter). (e—g) After 48 hours of mineralization under
pulsed stimulation, 5 pm cross-sections of samples were imaged with an
optical microscope (e, control with no stimulation; f, cathode; g, anode). At
least 7 sections were imaged from two different samples for each condition.
More selected images are shown in Figure S2. Dotted lines indicate where
electrodes were located. Yellow scale bars are 100 um.

23



Figure 2.

(=2

9
)
< —e— Control
8 6 ..... [ Calhode
‘5 —-a— Anode
2
®
o3
£
§el
<
0

(2]

Atomic ratio of P(%)

[e]

—e— Control

6. T Cathode

Spatial distribution of CaP minerals along the cross-section of collagen.
(a) SEM image of a collagen cross-section indicating Positions A—E, from the
inner to outer surfaces of matrices, for EDX spectral analyses. (b—c) Atomic
ratio of Ca (b) and P (c) based on the results from SEM-EDX spectral analysis
of collagen mineralized after 16 hr. Scanning area of each position is ~8 pm x
8 um. Error bars are standard errors from 3 different samples. The increased
mineralization depth from the inner surface by cathode is mostly clearly
appeared at position B as indicated by green arrows.
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Figure 3. SAXS/WAXD data analysis. (a) Sector averaged 1-dimentional SAXS
patterns of collagen mineralized for 48 hr. (b) WAXD patterns of collagen
mineralized for 48 hr. (c) Volume fraction of minerals in collagen, fv, after 48 hr
CaP mineralization. Error bars are standard errors. Number of samples n = 18
for control and 6 for cathode and anode. * indicates a statistically significant
difference (p < 0.1, one-way ANOVA with the Tukey HSD post-hoc test) for
comparison under the bar.
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Figure 4. Optical microscope images of cross-sections of collagen after staining
with Sirius Red. OS and IS indicate the outer and inner surfaces of collagen.
Samples were reacted in PBS for 16 hr under different electrical stimulation
conditions. Scale bars 50 um.
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Figure 5. Influence of pulse amplitude on the mineralization kinetics and stability
of collagen at the cathode. (a) Changes in volume fraction (fv) of minerals in
collagen evaluated from SAXS measurements. Up to 16 hr, the same samples
were measured repeatedly (n = 8 for 0 mV, n = 4 for 40—-200 mV), while 48 hr
samples were measured just once at the end of the experiments (n = 18 for O
mV, n =6 for 100—200 mV). Error bars are standard errors. (b) FTIR absorption
spectra of collagen under pulsed stimulation for 16 hr in PBS. (c—e) SEM
images of inner surface of collagen for 16 hr in PBS with (c) 0, (d) 40, and (e)
200 mV pulse amplitudes.
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