
Buckley Daniel (Orcid ID: 0000-0003-1654-2907) 
 
 

 

 

Factors governing extracellular DNA (eDNA) degradation dynamics in soil 

 

 

Sara Hope Sirois, Daniel H. Buckley* 

Cornell University, Section of Soil and Crop Sciences, Ithaca, NY USA 

 

 

 

 

 

 

KEYWORDS:  extracellular DNA, eDNA, soil, microbial community, high-throughput 

sequencing, relic DNA, 16S rRNA 

 

RUNNING TITLE:  Dynamics of eDNA in soils 

 

* Corresponding author.  

Cornell University, Section of Soil and Crop Sciences 

This article is protected by copyright. All rights reserved.

This is the author manuscript accepted for publication and has undergone full peer review but
has not been through the copyediting, typesetting, pagination and proofreading process, which
may lead to differences between this version and the Version of Record. Please cite this article
as doi: 10.1111/1758-2229.12725

http://orcid.org/0000-0003-1654-2907
http://dx.doi.org/10.1111/1758-2229.12725
http://dx.doi.org/10.1111/1758-2229.12725


306 Tower Rd., Ithaca, NY 14850, USA.  

Email address: dbuckley@cornell.edu  

Tel.: +1 607 255 1716. 

ORIGINALITY-SIGNIFICANCE STATEMENT: 

The problem of eDNA and its potential to bias microbial community analysis in soils has come 

to the forefront in recent publications. We use a novel synthetic DNA construct to quantify 

eDNA degradation dynamics by both qPCR and DNA sequencing. These results on eDNA 

degradation and stabilization in soils will be of considerable interest to those performing DNA 

based analysis of microbial communities. 

 

SUMMARY: 

We examined the impacts of soil moisture, temperature, agricultural management, and habitat 

type on the degradation dynamics of eDNA in soils. Synthetic eDNA was added to soil 

microcosms, and its disappearance over time was measured using both high-throughput 

sequencing and qPCR. The synthetic eDNA was degraded rapidly, but a small fraction remained 

detectable throughout the experiments (39-80 days). The eDNA degradation rate was positively 

correlated with moisture and temperature, but negatively correlated with soil organic carbon 

content. End-point stabilization of eDNA was highest at low moisture and temperature, but 

exhibited no relationship with soil organic carbon. Tilled soils had higher rates of degradation 

and less stabilization than no-till soils. Among different habitats we observed that forest soils had 
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the slowest degradation rate, and meadow soils had the greatest stabilization of eDNA. While 

eDNA was detectable by qPCR in all treatments across all time-points, it became inconsistently 

detectable with high-throughput gene sequencing in less than one week. We conclude that eDNA 

degradation and stabilization dynamics vary with moisture, temperature, and habitat 

characteristics, that small amounts of eDNA may persist in soils indefinitely, and that the ability 

of persistent eDNA to impact microbial community estimates depends on method sensitivity and 

experimental objectives. 

INTRODUCTION: 

 Extracellular DNA (eDNA) is any DNA not contained within a cell. Cells release DNA 

into the environment through secretion or upon cell death and lysis (reviewed in (Pietramellara et 

al., 2009). This eDNA is ubiquitous in soils, and can reach levels of 2 ug g-1 soil (Niemeyer and 

Gessler, 2002) and compose a major portion of the sequenceable soil DNA pool (Carini et al., 

2017; Lennon et al., 2018). Because relatively intact eDNA may persist for months or years 

(Gebhard and Smalla, 2006), eDNA has the potential to confound microbial community 

estimates obtained through culture-independent methods. Because high-throughput sequencing 

as a method to estimate microbial communities has expanded greatly in recent years, the 

potential impacts of eDNA on apparent community structure have come under increasing 

scrutiny. 

 It is widely accepted that eDNA is present in most environmental systems, but there is 

disagreement about how much bias eDNA introduces to soil community data. Carini, et al. 
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(2017) concluded that eDNA profoundly impacted apparent microbial community structure and 

richness. In contrast, Lennon et al. (2017) found that even when eDNA was present in large 

quantities, it did not significantly affect bacterial community structure, richness, evenness, or 

diversity. Based on simulated data, they also demonstrated that the proportion of the total DNA 

pool composed of eDNA did not control the degree to which bias was introduced to community 

estimates (Lennon et al., 2018). Rather, differences between the degradation rates of eDNA and 

intracellular DNA (iDNA) controlled the potential for bias (Lennon et al., 2018). These 

observations indicate that the degradation dynamics of eDNA in soils may regulate the extent to 

which estimates of microbial community composition are potentially biased by eDNA. For this 

reason, it is important to understand the degradation and stabilization dynamics of eDNA in 

soils, and to elucidate the controls on eDNA dynamics. 

Once eDNA enters the soil, its fate is controlled by both intrinsic and extrinsic properties, 

which may influence the degradation dynamics of soil eDNA. The intrinsic controls on eDNA 

dynamics include DNA source (Gulden et al., 2005; Pietramellara et al., 2009), G+C content 

(Hofreiter et al., 2001; Dell’Anno et al., 2002; Vuillemin et al., 2017), molecular purity (Nielsen 

et al., 2000), and molecular weight (Ogram et al., 1988; Ogram et al., 1994; Pietramellara et al., 

2009). Extrinsic conditions influencing eDNA degradation include soil mineralogy (Greaves and 

Wilson, 1969; Lorenz and Wackernagel, 1987; Ogram et al., 1988; Levy-Booth et al., 2007; 

Pietramellara et al., 2009; Gardner and Gunsch, 2017), organic components (Ogram et al., 1988; 

Crecchio and Stotzky, 1998; Saeki et al., 2011), pH (Levy-Booth et al., 2007), electrostatics 
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(Carini et al., 2017), temperature (Widmer et al., 1996; Gulden et al., 2005), and moisture 

(Widmer et al., 1996). 

 Although our understanding of factors affecting the fate and dynamics of eDNA is 

growing, few studies provide a quantitative understanding of the degradation dynamics of eDNA 

in natural soil systems. We performed experiments in which synthetic eDNA was added to soil 

microcosms in order to understand the dynamics of eDNA degradation and stabilization, and to 

evaluate the impacts of eDNA in soil microbial community analyses. We evaluated eDNA 

degradation dynamics with respect to environmental conditions (moisture and temperature), soil 

management (tillage and organic matter management), and habitat differences (agriculture, 

meadow, and forest). The degradation of eDNA was quantified over a period of 5-10 weeks by 

using both gene-specific qPCR and high-throughput 16S rRNA community sequencing.  

As described in previous studies (Widmer et al., 1996; Morrissey et al., 2015), we 

predicted that eDNA would be degraded rapidly after addition to soil, but that degradation rates 

would decline over time. We predicted that eDNA degradation would be largely biotic in nature, 

and that stabilization is likely a result of physical protection in the form of occlusion, adsorption, 

or diffusion limitation. Because soil conditions (mineralogy, organic matter, pH, etc.) are known 

to influence the fate of eDNA, we predicted that there would be differential eDNA degradation 

and stabilization dynamics across gradients of moisture, temperature, habitat, and soil 

management regime.  

 

 5 
This article is protected by copyright. All rights reserved.



RESULTS: 

Experimental parameters for soil microcosms: 

The degradation of eDNA standard was assayed by both qPCR and high throughput DNA 

sequencing. A total of 20 ng eDNA g-1 soil d.w. (dry weight) was added to each microcosm, and 

at the initiation of the experiment (t = 0 days) this quantity of eDNA was found by qPCR to yield 

2.1 x 1010 ± 2.7 x 1010 gene copies g-1 soil d.w., and was found by DNA sequencing to yield a 

relative abundance of 1.2 x 10-2 ± 8.9 x 10-3 within amplicon sequence libraries. The amount of 

eDNA standard observed at time zero did not vary significantly between treatment groups when 

measured either by qPCR or by DNA sequencing (see below). The limit of detection for qPCR 

was determined to be 1 x 103 gene copies per reaction (coefficient of variation = 3.47%), which 

represents 2 x 105 gene copies g-1 soil d.w..  The limit of detection for sequence data 

corresponded to a relative abundance of 1.5 x 10-4 (relative abundance is the faction of a given 

sequence in a mix of sequences). Most synthetic eDNA standard (> 99%) was degraded within 

one week in un-autoclaved soils (see below). Decay of the eDNA standard was substantially 

inhibited by autoclaving of soils (Figure S1), indicating that loss of amplifiable eDNA was 

primarily due to biological degradation.  

 

Effects of moisture on eDNA dynamics: 

Regardless of soil moisture, most of the synthetic eDNA standard (> 99 %) was degraded 

within the first week after addition, though soil moisture did have a significant impact on eDNA 
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decay rate (Figure 1A). At time 0, the fraction eDNA standard remaining did not differ with 

respect to moisture (1.00 + 0.33, ANOVA: F2, 33 = 0.1,  p = 0.906). An increase in soil moisture 

caused a significant change in the initial eDNA decay rate as indicated by the fraction of eDNA 

standard remaining at 7 days (ANOVA: F2, 33 = 44.5, p = 4.3 x 10-10). The 80% WHC treatment 

had the lowest fraction of eDNA remaining at day 7 (7.9 x 10-4 + 4.4 x 10-4), followed by the 

50% WHC treatment (1.2 x 10-3 + 7.7 x 10-4), and then by the 20% WHC treatment (6.2 x 10-3 + 

2.9 x 10-3). The 20% WHC treatment had a significantly lower initial decay rate relative to either 

the 50% or the 80% WHC treatments (Tukey HSD, p < 1.0 x 10-7 for each comparison). 

The eDNA remained detectable by qPCR in all soil moisture treatments across the entire 

11-week incubation period, and soil moisture had a significant impact on eDNA stabilization in 

soil (Figure 1A). The qPCR assay produced values for eDNA at the later time points of the 

experiment that were significantly different from those of negative controls, both before and after 

imputing non-detects (Mann-Whitney U test: p = 4.0 x 10-7, and p = 1.1 x 10-5, respectively), and 

this shows that eDNA remained detectable by qPCR throughout the entire experiment. 

Stabilization was assessed by fitting the experimental data to an exponential decay model 

(equation 1) and estimating the stabilization parameter. The fraction of added eDNA standard 

that was stabilized was higher at 20% WHC (s = 2.9 x 10-3 + 0.6 x 10-3; ave. + st. dev.) than at 

either 50% or 80% WHC (s = 4.4 x 10-4 + 1 x 10-4 and 3.2 x 10-4 + 0.7 x 10-4), and this difference 

was significant (95% confidence intervals do not overlap).  
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The results from DNA sequencing were generally consistent with the qPCR analyses, 

though DNA sequencing had lower sensitivity than qPCR for detecting eDNA. The eDNA 

standard was observed to degrade rapidly in all treatments and fell below the limit of detection 

(see experimental procedures for definition of limit of detection) for DNA sequencing within 7 

days of incubation (Figure 1B). The eDNA standard was undetectable by DNA sequencing in the 

50% and 80% WHC treatments as early as day 7 and then remained undetectable throughout the 

experiment. Trace levels of eDNA standard (< 8 x 10-5 relative abundance) were episodically 

detected in the 20% WHC treatment through these values remained well below the limit of 

detection (Figure 1B). This result suggests greater stabilization of eDNA in the 20% WHC 

treatment, consistent with qPCR results, but we did not observe a significant difference in 

stabilization between treatments as measured by DNA sequencing. 

 

Effects of temperature on eDNA dynamics 

Regardless of temperature, most of the synthetic eDNA standard (> 99 %) was degraded 

within the first week after addition, though temperature did have a significant impact on eDNA 

decay rate (Figure 2A). At time 0, the fraction eDNA standard remaining did not differ with 

respect to temperature (1.00 + 0.35, ANOVA: F2, 33 = 0.026,  p = 0.974). An increase in 

temperature caused a significant change in the initial eDNA decay rate as indicated by the 

fraction of eDNA standard remaining at 7 days (ANOVA: F2, 33 = 98.6, p = 1.2 x 10-14). The 36° 

C treatment had the lowest fraction of eDNA remaining at day 7 (2.2 x 10-3 + 7.2 x 10-4), 
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followed by the 20° C treatment (5.1 x 10-3 + 1.2 x 10-3), and the 4° C treatment (2.9 x 10-2 + 2.0 

x 10-2). The initial decay rates for all three temperature treatments differed significantly from the 

others (Tukey HSD, p < 7.6 x 10-5 for each comparison). 

The eDNA standard remained detectable by qPCR at all temperatures across the entire 6-

week incubation period, and temperature had a significant impact on eDNA stabilization in soil 

(Figure 2A). Stabilization was assessed by fitting the experimental data to an exponential decay 

model (equation 1) and estimating the stabilization parameter. The fraction of added eDNA 

standard that was stabilized was highest at 4°C (s = 2.9 x 10-2  + 2.0 x 10-2; ave. + st. dev.), 

followed by the 20°C treatment (s = 5.1 x 10-3 + 1.2 x 10-3), and the 36°C treatment (s = 2.2 x 10-

3 + 0.7 x 10-3) and these differences were significant (95% confidence intervals do not overlap). 

These results are consistent with decay rate observations in that drier soils had lower decay rates 

and greater stabilization.  

The results from DNA sequencing were generally consistent with those from qPCR, though 

DNA sequencing had lower sensitivity for detecting eDNA than qPCR. The eDNA standard was 

observed to degrade rapidly in all treatments and fell below the limit of detection for DNA 

sequencing within 7 days of incubation (Figure 2B). While below the reliable limit of detection, 

the eDNA standard was still detected in the 4°C and 20°C treatments throughout the experiment, 

though it disappeared from the 36°C treatment after week 3 (Figure 2B). This result suggests 

greater stabilization of eDNA in the colder treatments, consistent with qPCR results, but we did 
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not observe a significant difference in eDNA stabilization between treatments as measured by 

DNA sequencing. 

 

Effects of soil management on eDNA dynamics:  

Regardless of soil management, most of the synthetic eDNA standard (> 99 %) was 

degraded within the first week after addition, though soil management history did have a 

significant impact on eDNA decay rate (Figure 3A). At time 0, the fraction eDNA standard 

remaining did not differ with respect to the 4 management treatments (1.00 + 0.33, ANOVA: F3, 

43 = 0.039,  p = 0.99). Tillage caused a significant change in the eDNA decay rate as indicated by 

the fraction of eDNA standard remaining at 7 days (two-way ANOVA: F1, 44 = 18.102, p = 1.1 x 

10-4), but biomass management did not have a significant effect on the eDNA decay rate (two-

way ANOVA: F1, 44 = 2.86, p = 0.098), nor was there an interaction between tillage and biomass 

treatments (two-way ANOVA: F1, 44 = 0.91, p = 0.35) (Figure 3A, Table S1).  

The eDNA remained detectable by qPCR in all treatments across the entire incubation 

period, and soil management history had a significant impact on eDNA stabilization in soil 

(Figure 3A). Stabilization was assessed by fitting the experimental data to an exponential decay 

model (equation 1) and estimating the stabilization parameter. The fraction of stabilized eDNA 

standard was higher in no-till soils (s = 4.5 x 10-3 + 1.1 x 10-3 and 4.1 x 10-3 + 1.0 x 10-3 for NTR 

and NTH, respectively; ave. + st. dev.) than in tilled soils (s = 1.4 x 10-3 + 0.4 x 10-3 and 1.5 x 10-

3 + 0.4 x 10-3 for PTR and PTH, respectively), and these differences were significant (based on 
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95% confidence intervals). These results are consistent with decay rate observations (above) in 

that no-till soils had lower decay rates and greater stabilization than tilled soils.  

The results from DNA sequencing were generally consistent with those from qPCR. The 

eDNA standard was observed to degrade rapidly in all treatments and was beginning to fall 

below the limit of detection for DNA sequencing after 7 days of incubation (Figure 3B). While 

below the detection threshold after day 7 the eDNA standard remained detectable in all 

treatments throughout the experiment (Figure 3B). We did not observe a significant difference in 

stabilization between treatments as measured by DNA sequencing, because the DNA sequencing 

is less sensitive than qPCR to low levels of DNA (Figure 3B). 

 

Effects of habitat on eDNA dynamics: 

Most of the synthetic eDNA standard (> 99 %) was degraded within the first week after 

addition, though habitat did have a significant impact on eDNA decay rate (Figure 4A). At time 

0, the fraction eDNA standard remaining did not differ with respect to habitat (1.00 + 0.45, 

ANOVA: F2, 33 = 0.197,  p = 0.822). Habitat caused a significant change in the eDNA decay rate 

as indicated by the fraction of eDNA standard remaining at 7 days (ANOVA: F2, 33 = 32.14, p = 

1.79 x 10-8). The forest soils had the lowest decay rate and the most eDNA remaining at day 7 

(1.4 x 10-2 + 2.8 x 10-3), followed by the meadow (7.3 x 10-3 + 1.7 x 10-3), and agriculture soils 

(5.0 x 10-3 + 2.5 x 10-3), and these values differed significantly between all three habitats (Tukey 

HSD: all p < 6.0 x 10-3). 
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The eDNA remained detectable by qPCR in all treatments during the entire incubation 

period, and habitat type had a significant impact on eDNA stabilization in soil (Figure 4A). 

Stabilization was assessed by fitting the experimental data to an exponential decay model 

(equation 1) and estimating the stabilization parameter. The fraction of stabilized eDNA standard 

was higher in meadow soils (s = 6 x 10-3 + 3.6 x 10-3; ave. + st. dev.), than in forest soils (s = 5.1 

x 10-3 + 1.9 x 10-3), or agriculture soils (s = 4.9 x 10-3 + 2.1 x 10-3), and the stabilization was 

significantly higher in meadow soils than in soils from the other habitats (based on 95% 

confidence intervals). These results differed somewhat from decay rate observations (above). The 

agricultural soils had the highest decay rate and, as we might expect, they also had the lowest 

level of eDNA stabilization overall. However, meadow soils had a decay rate that was higher 

than forest soils (and similar to agricultural soils), but they stabilized significantly more eDNA 

than the other habitats. In addition, forest soils had the lowest initial decay rates but the amount 

of eDNA ultimately stabilized was similar to that observed for agricultural soils. 

The results from DNA sequencing continued to be consistent with those from qPCR. The 

eDNA standard was observed to degrade rapidly in all treatments and fell below the limit of 

detection for DNA sequencing after 7 days of incubation (Figure 4B). After day 7, the eDNA 

standard was detected only at one time point in one meadow sample (Figure 4B). We did not 

observe a significant difference in stabilization between treatments as measured by DNA 

sequencing. 
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Relationships between eDNA stabilization and soil C, N, pH, DNA yield: 

The eDNA degradation experiments described above (e.g. soil management and habitat 

experiments) included soils that varied edaphically but received the same eDNA addition and the 

same incubation conditions (room temperature and at 50 % WHC). We evaluated these data to 

determine whether initial eDNA decay rate (estimated from eDNA remaining at 7 days) or 

stabilized eDNA (estimated from eDNA remaining at final time point) were correlated with total 

soil C, total soil N, soil pH, or total DNA yield (a proxy for microbial biomass). For this 

comparison it was not appropriate to use modeled values for eDNA stabilization since model 

parameters represent an average summary statistic for a population of samples, and hence we 

used instead discrete values of eDNA remaining in each individual soil sample. Soil C, N, and 

DNA yield were all positively correlated, and soil pH was negatively correlated, with initial 

eDNA decay rate (Figure 5). In contrast, eDNA stabilization did not correlate significantly with 

any of these soil properties (Figure 5). We also observed that end-point DNA stabilization was 

not correlated with initial eDNA decay rate, indicating that eDNA stabilization is not directly 

related to initial rate of decay (Pearson’s r = -0.12, p = 0.55). 

 

DISCUSSION: 

We treated soils with a synthetic eDNA standard as part of a controlled laboratory 

experiment to test the effects of soil moisture, temperature, agricultural management (till vs no-

till, and biomass removed vs returned), and habitat type on the degradation and stabilization 
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dynamics of eDNA in soils. Across treatments, eDNA was degraded very rapidly, being reduced 

more than 99% within 7 days, though the eDNA remained detectable at low levels throughout 

the experiments (39-80 days).  Moisture, temperature, tillage, and habitat all significantly 

impacted eDNA degradation and stabilization, with the most stabilization occurring at low 

moisture, low temperature, in no-till soils, and in meadow soils. If eDNA degradation dynamics 

are rapid and uniform and across sample types then the potential for eDNA to introduce bias into 

beta diversity estimates should be minimal, as previously described (Lennon et al., 2018). 

However, the greater the difference in degradation and stabilization dynamics the greater the 

potential for eDNA to bias measurements of beta diversity. 

 It is clear that soil moisture, temperature, habitat type, and tillage all impact eDNA 

degradation and stabilization dynamics in soil. While differences in eDNA degradation dynamics 

were readily measured by qPCR, rapid degradation of eDNA indicated that we could not  

observe significant changes in eDNA degradation dynamics through high-throughput sequencing 

of DNA. This observation shows that the impact of eDNA on microbial diversity observations 

will vary depending on experimental methods and objectives. We estimate that a large bolus of 

eDNA entering soil will be functionally undetectable by high-throughput DNA sequencing  

within 0.9 - 19.4 days of entering soil (at a sequencing depth of ~20,000 amplicons per library). 

Hence, the effects of eDNA bias are likely to be greatest for studies performed at high temporal 

resolution. In addition, eDNA bias will be more apparent in measurements made using sensitive 

techniques such as qPCR and will be less apparent in DNA sequencing data. However, we note 
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that a small but detectable amount of eDNA remained in soil throughout the duration of the 

experiment (ranging from 40-80 days). While we show that the ability of DNA sequencing to 

detect a small quantity of eDNA from an individual source is low, the presence of numerous 

eDNA sources over time may result in the accumulation of rare but detectable signatures which 

could inflate measurements of alpha diversity in soil (i.e. relic DNA). Hence, given the potential 

for long term stabilization of small amounts of eDNA, conclusions based on the distribution very 

rare microbial species should be interpreted with caution. 

 Our finding that high moisture and temperature result in greater degradation and less 

stabilization of eDNA in soils is consistent with previous findings (Widmer et al., 1996). These 

relationships likely result from the predictable behavior of DNase enzymes in relation to 

temperature and water availability. Furthermore, DNases require a Mg cofactor and Mg 

availability in soil declines at low pH, which could explain the correlation between initial eDNA 

degradation rates and soil pH (Figure 5). In addition, adsorption of eDNA onto soil minerals can 

be effected by pH and this process may influence degradation rates. We also observe a 

correlation between eDNA degradation rate and soil DNA, total C, and total N (Figure 5). These 

variables are all generally positively correlated with soil organic matter (SOM). We also observe 

less eDNA degradation in no-till soils which are high in SOM relative to tilled fields which are 

low in SOM (as described in Hsu and Buckley, 2009; Koechli, 2016). Finally, it is worth noting 

that initial eDNA degradation rates (estimated by eDNA remaining at day 7) do not correlate 

with end-point stabilization of eDNA. We expect that soil structure and soil minerology exert a 

 15 
This article is protected by copyright. All rights reserved.



greater influence on eDNA end-point stabilization in soils than do initial rates of eDNA 

degradation, though future studies are needed to test this hypothesis. 

While we found relationships between eDNA stability and edaphic characteristics, 

consistent with previous observations (Carini et al., 2017), we also found that the vast majority 

of eDNA is degraded very shortly after entering the soil. Even if eDNA persists in soil it is still 

unlikely to generate bias in estimates of microbial diversity if the eDNA is produced by turnover 

of living populations of cells (Lennon et al., 2018). Our findings support this general conclusion, 

because even when environmental conditions caused differences in eDNA degradation rates (as 

observed by qPCR) we were unable to reliably detect the eDNA by DNA sequencing within one 

week of its appearance in soil. While eDNA is certainly present in the soil, and under certain 

conditions may be fairly abundant, its high rate of turnover and the fact that the majority of 

eDNA is derived from the turnover of living cells is likely to minimize the potential for eDNA 

bias in many forms of microbial community analysis; the most notable exceptions being studies 

performed at high temporal resolution or those which focus on sequences present at very low 

frequency. 

While the use of an eDNA standard is convenient for the purposes of experimental 

manipulation, it cannot completely replicate the behavior of eDNA in natural systems. The 

source of eDNA, as well as its composition, and mechanism of release, influence stabilization 

and degradation dynamics, though these relationships are not well understood (Gulden et al., 

2005; Pietramellara et al., 2009). There is evidence that eDNA from unpurified cell lysate may 

 16 
This article is protected by copyright. All rights reserved.



experience different fates in soils as compared to purified eDNA (Nielsen et al., 2000), that DNA 

fragments of different lengths experience different fates (Ogram et al., 1988; Ogram et al., 1994; 

Pietramellara et al., 2009), and that G+C content of eDNA influences degradation dynamics 

(Dell’Anno et al., 2002; Vuillemin et al., 2017). Our eDNA fragment was of uniform length (468 

bp) and G+C content (36.3%), and was unmethylated and free of proteins. Therefore we must 

expect that the degradation of this molecule may not represent the degradation and stabilization 

dynamics of all DNA molecules, though this eDNA standard is likely to represent a useful model 

for understanding the general influences of soil properties on eDNA degradation dynamics.  

Temporal dynamics are an important consideration and one limitation of our experiment 

is that we only monitored eDNA fate for 39-80 days. While our qPCR assay showed that the 

concentration of eDNA reached an asymptote that was greater than our limit of detection 

(Figures 1 – 4) we would have needed to monitor the microcosms for longer periods of time to 

determine the maximal residence time of eDNA in soils. Given our results we must conclude that 

small amounts of eDNA can persist in soils throughout the duration of the experiment (ranging 

from 40-80 days). In addition, in natural systems there is a constant flux of eDNA in soils and we 

would expect active processes of sorption and protection of eDNA onto mineral surfaces as well 

as desorption and degradation. It would be interesting to examine the effect that repeated dosing 

of eDNA has on degradation and stabilization dynamics in soils. Such experiments might be 

helpful in understanding the mechanisms of long term eDNA stabilization. 
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 A number of questions remain in regards to the significance and fate of eDNA in soils, 

including the effect of DNA composition and source (length, G+C content, purity, biological 

source) on eDNA fate in soil. For example, a relationship between G+C content and eDNA 

stability has been observed, but has not been tested experimentally in soils (Dell’Anno et al., 

2002; Vuillemin et al., 2017). Future studies should look to experimentally test this relationship, 

given that the G+C content of bacterial genomes is related to phylogeny (Gupta, 2000). Bias 

from eDNA in the analysis of microbial community composition is mostly likely to occur when 

the species distributions of the iDNA and eDNA pools are distinct (Lennon et al., 2018). In 

addition, it would be useful to have studies which focus both at time scales less than one week 

and greater than 90 days. Finally, consideration of the relationships between soil structure and 

eDNA dynamics should be explored, including special attention to aggregation, pore size, 

minerology, and spatial heterogeneity. 

 As our ability to deeply sequence DNA from soils improves, we must bear in mind the 

potential impacts of eDNA on our estimates of microbial community composition. It is widely 

accepted that eDNA exists in substantial quantities in soils, but we lack a nuanced understanding 

of the impacts of eDNA on community estimates. The current study demonstrates that eDNA 

degradation and stabilization dynamics differ across gradients of soil conditions. However, while 

some eDNA may be indefinitely stabilized in soils, we found that there is rapid and extensive 

turnover of eDNA such that a large quantity of eDNA can no longer be detected by DNA 

sequencing within a week of release into soil. 
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EXPERIMENTAL PROCEDURES: 

Development of eDNA standard: 

 A single eDNA standard was developed which was suitable for analysis with both qPCR 

and 16S rRNA gene sequencing. The sequence of a 469 bp fragment of the Streptococcus mutans 

genome, coding for the htrA gene, was synthetically altered to include the 515f/806r 16S rRNA 

gene primer sites (F:GTGCCAGCAGCCGCGGTAA, R:ATTAGATACCCGGGTAGTCC) 

(Caporaso et al., 2012) nested within the natively present S. mutans species-specific htrA primer 

sites (F: TCGCGAAAAAGATAAACAAACA, R:CTAACCAACTGTGAAGGGGC) (Chen et 

al., 2007). These nested primer sites ensured that the fragment was detectable by both 16S rRNA 

gene sequencing and by sequence-specific qPCR (see Figure S2). Care was taken to locate the 

primer sites such that amplicons produced from the 515f/806r primer sites would be equivalent 

to their native counterparts in length (312 bp) and G+C content (38.1%), as well as unlikely to 

induce self-annealing. The designed eDNA standard was ordered as a synthetic oligonucleotide 

fragment (GBlocks gene fragments, IDT), re-suspended in molecular-grade water to 10 ng uL-1, 

and applied to soils without further alteration. To verify that no S. mutans was present natively in 

our soils, which would interfere with qPCR data, each soil DNA was subjected to PCR with the 

species-specific htrA primers. No amplification occurred, indicating that our soils are natively 

free of S. mutans (unpublished data). 
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Sampling Sites:  

Soils from two sites were sampled to assess eDNA degradation dynamics. Soil samples 

from a long-term tillage trial at the Miner Institute for Agricultural Research in Chazy, NY  

(Clinton County, 44°53.13’N, 73°28.40’W; silt loam soil) were used to evaluate environmental 

(moisture and temperature) and management (tillage and organic matter management) effects. 

The long-term tillage trial, established in 1973, compares fully factorial combinations of tillage 

(no-till, or tillage with moldboard plow and disk harrow) and organic matter management 

(biomass removal or biomass return). The site is planted continuously to maize using standard 

agronomic practices for the region. Thus, there are four treatments: tilled with biomass harvested 

(PTH), tilled with biomass returned (PTR), no-till with biomass harvested (NTH), and no-till 

with biomass returned (NTR). All treatment combinations are applied to four replicate plots, 

which are arranged in a spatially randomized block, as previously described (Hsu and Buckley, 

2009; Koechli, 2016). Soil cores (2.5 cm diameter, 5 cm depth) were collected from all plots (n = 

16) on May 28, 2017. A total of 20 cores were collected from each plot, using a spatially 

distributed sampling design, with cores homogenized to represent each replicate plot..  

Soil samples from the Monkey Run Natural Area in Ithaca, NY (42°28'13.8"N 

76°25'50.8"W; silt loam or silty clay loam soils) were used to assess habitat effects. The plots 

represent a successional series of habitat types including agriculture, successional meadow, or 

secondary forest. Within each habitat type, four replicate locations were sampled (n = 12 total 
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samples) on November 8, 2017. A total of 9 cores were collected from each plot, using a 

spatially distributed design, with cores homogenized to represent each replicate plot.  

  Soils were transported on ice, homogenized, sieved (2 mm), and air-dried at room 

temperature. Samples were stored at room temperature after drying. 

 

Determination of soil properties: 

 The water-holding capacity of each air-dried soil was determined per the Keen-

Raczkowski box method (Keen and Raczkowski, 1921). Perforated aluminum weigh boats were 

used in lieu of copper boxes, and rather than allow soils to absorb water overnight, boats were 

removed from water after soil water uptake had ceased (~10 minutes). Water-holding capacity 

was determined gravimetrically. For these experiments, the water-holding capacity of soil from 

each replicate plot was determined, and the capacities were averaged across management or 

habitat type. 

Soil pH was measured using the 1:2 soil:water method and a calibrated pH probe, and 

total soil carbon and nitrogen were determined by the Cornell Nutrient Analysis Lab on air-dried 

and ground samples using a LECO Treu Mac CN-2000 analyzer (LECO Instruments, Lansing, 

MI) as previously described (Berthrong et al., 2013). See Table S2 for soil characteristics. 

 

Microcosm Experimental Design: 
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Each microcosm consisted of 0.5 g soil dry weight (d.w.) in a 1.5 ml tube. At the 

initiation of the experiment soils received 10 ng synthetic eDNA standard. Microcosms were 

incubated open to the air in a humidified, constant temperature chamber. Microcosms were 

weighed every one to three days to monitor moisture loss and moisture was added as needed 

(detail below). Microcosms were sampled destructively over time. Upon collection, samples 

were frozen at -20°C until DNA extraction and downstream analysis. Initial samples (time = 0) 

were collected destructively immediately after addition of eDNA standard to soil. 

 To determine the effect of moisture and temperature on eDNA degradation dynamics we 

used soils from the Chazy NTH treatment (4 replicate plots). For moisture experiments 

microcosms (n = 12) were incubated at room temperature at three levels of moisture 20 % WHC, 

50 % WHC, and 80 % WHC, and samples were collected destructively at 0, 1, 2, 3, 4, 6, 8, and 

11 weeks. Moisture did not vary significantly from target levels during the moisture experiment 

(17.4 ± 3.1 %, 46.9 ± 3.5 %, 78.1 ± 3.2 %; respectively). For temperature experiments, 

microcosms (n = 12) were incubated at 50 % WHC at three levels of temperature 4 °C, 20 °C, or 

36 °C, and samples were collected destructively at 0, 1, 2, 3, 4, and 6 weeks. Moisture did not 

vary significantly from target levels during the temperature experiment (48.7 ± 1.8 %, 45.8 ± 5.7 

%, 45.4 ± 6.5 %; respectively). 

To evaluate the effect of soil management on eDNA degradation dynamic we used soils 

from the Chazy site long-term tillage trial (PTH, PTR, NTH, NTR). Microcosms (n = 16) were 

maintained at room temperature and 50 % WHC, and samples were collected destructively at 0, 
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1, 2, 3, 4, and 5.5 weeks. Moisture did not vary significantly from target levels during the 

temperature experiment (48.3 ± 1.7 %, 48.8 ± 1.5 %, 48.5 ± 1.6 %, 48.4 ± 1.5 %; respectively). 

To evaluate the effect of habitat type on eDNA degradation dynamic we used soils from 

the Monkey Run (Agriculture, Forest, Meadow). Microcosms (n = 12) were maintained at room 

temperature and 50 % WHC, and samples were collected destructively at 0, 1, 2, 3, 4, 6, and 8 

weeks. Moisture did not vary significantly from target levels during the temperature experiment 

(48.8 ± 1.8 %, 48.5 ± 2.0 %, 48.9 ± 1.4 %; respectively). 

 To evaluate the biotic nature of eDNA degradation we used soils from the Chazy site 

long-term tillage trial (PTR, NTH). Soils were divided and, prior to the initiation of the 

experiment, half were subjected to three 90 minute cycles of autoclaving. These microcosms 

received 3.4 ng eDNA standard at the initiation of the experiment. Microcosms (n = 16) were 

maintained at room temperature and 50 % WHC, and samples were collected destructively at 0, 

1, 2, 3 weeks. 

 

Detection of eDNA standard by qPCR 

 DNA was extracted from soil using the PowerSoil kit (Mo Bio/Qiagen). DNA 

concentration was quantified using the PicoGreen quantification system (Invitrogen, Carlsbad, 

CA, USA). To quantify the number of eDNA molecules present in soil DNA, qPCR was 

performed using eDNA specific primers (as described above). Each 25 µL qPCR reaction 

contained 1x High-fidelity HotStart PCR Master Mix (New England Biolabs), 1 µL each primer 
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(100 uM, Integrated DNA Technologies), and 0.625 µL 200x Picogreen reagent (Invitrogen), as 

well as 1 µL template DNA (diluted 1:10 in water). Thermal cycling (Bio Rad CFX Connect) 

consisted of the following: denaturation at 95°C for 2 minutes, 40 cycles of amplification (95°C 

for 30s, 63°C for 30s, 72°C for 60s), a melt curve from 55°C - 95°C for quality assurance of 

amplicons, and final elongation at 72°C for 5 minutes. Standard curves were produced by 

replacing the template DNA in the reaction with 1 µL of serially diluted eDNA standard, with 

standard concentrations from 1 x 108 through 1 x 102. To determine eDNA standard copy 

numbers in samples, the cycle threshold (Cq) at which each sample reached sufficient 

amplification to produce 50 RFU (baseline fluorescence) was compared against the standard 

curve made by plotting Cq of each standard against its known concentration.  All qPCR non-

detects were handled by replacing the cycle threshold (Ct) value with that of 40, the maximum 

cycle, as previously described (Goni et al., 2009; Mar et al., 2009). Negative controls were 

always used and resulted in undetectable amounts of the eDNA standard. 

 The limit of detection (LoD) and limit of quantification (LoQ) for qPCR were determined 

as previously outlined (Forootan et al., 2017). In short, 24 replicate qPCR standard curves with 

concentrations of synthetic eDNA standard ranging from 0 copies/reaction to 1000 copies per 

reaction were prepared and cycled as described above. The LoD is the lowest DNA 

concentration at which > 95 % of reactions are positive, and the LoQ is the lowest DNA 

concentration at which all reactions are positive and the coefficient of variance (CV) is below 
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35% (Forootan et al., 2017). We determined the LoD and LoQ for the eDNA qPCR assay to be 

1000 copies per reaction. 

 

Detection of eDNA standard by DNA sequencing 

 Community analysis was performed by amplifying 16S rRNA genes using universal 

bacterial V4 region 515f/806r primers, barcoded with dual-indexing tags as previously described 

(Kozich et al., 2013). The synthetic eDNA standard was designed to produce an amplicon of the 

expected size using these 16S rRNA targeted primers (as described above). PCR reactions were 

as described above except that thermal cycling consisted of the following: denaturation at 95°C 

for 2 minutes, 30 cycles of amplification (95°C for 30s, 55°C for 15s, 72°C for 10s), a melt curve 

from 55°C-95°C for quality assurance of amplicons, and final elongation at 72°C for 5 minutes. 

Each sample was amplified in triplicate, triplicate reactions were pooled, and PCR products were 

purified and normalized using the SequalPrep kit (Invitrogen), per the manufacturer’s protocol. 

Normalized samples were combined, concentrated via vacuum centrifugation down to 200 uL, 

and size-selected using agarose gel excision. Purified PCR product was obtained using the 

Wizard SV Gel and PCR Clean-Up System (Promega), the concentration was adjusted to 5 ng 

uL-1, and the product was submitted to the Cornell (Ithaca, NY) Core Facility for sequencing on 

the Illumina MiSeq platform, using V2 chemistry with 2 x 250 bp reads. 

Amplicon sequence libraries were quality filtered and processed using QIIME2 (v.11) 

according to a general workflow (https://github.com/Roli-
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Wilhelm/Buckley_Lab_SIP_project_protocols/blob/master/sequence_analysis_walkthrough/QII

ME2_Processing_Pipeline.ipynb; accessed January 2018). DADA2 was used to error-correct and 

cluster 16S rRNA gene libraries into operational taxonomic units (OTUs) at 1%. Classification 

of taxonomy was carried out with the QIIME2 feature classifier, trained with the 16S rRNA 

Greengenes database. Data were computationally rarefied by experiment (moisture experiment = 

23,252 reads/sample, temperature experiment = 23,210 reads/sample, management experiment = 

14,874 reads/sample, habitat experiment = 22795 reads/sample) using phyloseq features in R 

(McMurdie and Holmes, 2013). Synthetic eDNA standard sequence counts are presented as 

relative abundance. Raw sequencing data can be retrieved from the European Sequence Archive 

under the study accessions: PRJEB27717. All metadata used in analyses can be found embedded 

in phyloseq objects (McMurdie and Holmes, 2013) available as Supplementary Data. 

 The limit of detection (LoD) for sequence data was determined in silico, using a Monte 

Carlo simulation (n = 1000) whereby 2 x 104 sequences (representative of our sequencing depth) 

were selected from a pool of 1 x 109 sequences (representative of cell counts from 0.25 gram of 

soil). The LoD was defined as the relative abundance at which a sequence was detectable in 95% 

of samples (Forootan et al., 2017). The eDNA standard could not be detected in sequencing 

libraries generated from soil samples not spiked with eDNA. 

  

Statistical Analysis: 
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 Both ANOVA and model fitting were used to evaluate the dynamics of eDNA 

degradation as observed in qPCR and sequencing data. One-way ANOVA was used to evaluate 

comparisons between treatments within time, and Tukey’s “Honest Significant Difference” test 

(Tukey HSD) was used to perform post-hoc analyses. Pearson’s product-moment test was used 

to evaluation correlations. Model fitting was used to analyze qPCR data. Specifically, for qPCR 

data an exponential decay model (Equation 1) was fit to log-transformed data using nonlinear 

least-squares regression. The model had four variables: initial eDNA amount (I0), a decay 

parameter (d), an asymptote parameter (s), and time (t). The general equation for the model is:   

 

Equation 1:  s + (I0 – s) * e(-t * ed)  

 

The parameter I0 indicates the amount of eDNA present at the initiation of the experiment 

(0 days), and this value was held constant across all experiments and models. The parameter d is 

the natural logarithm of the decay rate. The parameter s indicates the fraction of eDNA stabilized 

by the end of the experiment. Three versions of this model were evaluated (as described in Table 

S3). In the null model, values for d and s were held constant between treatment groups. In the 

second model, model A, both d and s were free to vary between treatment groups. While in the 

final model, model B, d was held constant but s was free to vary (Table S3). Model testing was 

performed using experimental data and model fit was evaluated using both the Akaike 

Information Criterion (AIC)  and the Bayesian Information Criterion (BIC) (Schwarz, 1978). 
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Models which failed to converge were rejected (Table S4). Models were fit and confidence 

intervals for parameter estimates were obtained using the nlstools package in R (Baty et al., 

2015). Confidence intervals were corrected to 95% by using the Bonferroni correction. All 

statistical analyses were performed in R, and code is available upon request. 

Unless otherwise noted, all values throughout the text are expressed as the average + 

standard deviation. 
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TABLE AND FIGURE LEGENDS: 

 

Figure 1: Moisture has a significant impact on eDNA decay rate and stabilization in soil. The 

eDNA standard was added in equal amounts to all soils at time 0 and it was quantified in soils 

over time using both qPCR (A) and high-throughput DNA sequencing (B). Soils were incubated 

at room temperature with different levels of moisture as follows: 20 % WHC (□), 50 % WHC 

(○), and 80 % WHC (Δ). Values are treatment averages (n = 4) for each time point. Solid lines in 

panel A indicate the best fitting exponential decay models for the data. The horizontal line in 

panel B indicates the limit of detection (LoD) estimated for DNA sequencing in this assay. The 

LoD for qPCR is not shown in panel A because it was 1000 gene copies per reaction and it falls 

below the x-axis. 

 

Figure 2: Temperature has a significant impact on eDNA decay rate and stabilization in soil. The 

eDNA standard was added in equal amounts to all soils at time 0 and it was quantified in soils 

over time using both qPCR (A) and high-throughput DNA sequencing (B). Soils were incubated 

at 50 % WHC with different levels of temperature as follows: 4° C (□), 20° C (○), and 36° C (Δ). 

Values are treatment averages (n = 4) for each time point. Solid lines in panel A indicate the best 

fitting exponential decay models for the data. The horizontal line in panel B indicates the limit of 

detection (LoD) estimated for DNA sequencing in this assay. The LoD for qPCR is not shown in 

panel A because it was 1000 gene copies per reaction and it falls below the x-axis. 
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Figure 3: Soil management has a significant impact on eDNA decay rate and stabilization in 

soil. The eDNA standard was added in equal amounts to all soils at time 0 and it was quantified 

in soils over time using both qPCR (A) and high-throughput DNA sequencing (B). Soils of 

different soil management history: no till – biomass returned (NTR, □), no till – biomass 

removed (NTH, ○), plow till – biomass returned (PTR, Δ), and plow till – biomass removed 

(PTH, +), were incubated at 50 % WHC and at room temperature. Values are treatment averages 

(n = 4) for each time point. Solid lines in panel A indicate the best fitting exponential decay 

models for the data. The horizontal line in panel B indicates the limit of detection (LoD) 

estimated for DNA sequencing in this assay.  The LoD for qPCR is not shown in panel A 

because it was 1000 gene copies per reaction and it falls below the x-axis. 

 

Figure 4: Habitat has a significant impact on eDNA decay rate and stabilization in soil. The 

eDNA standard was added in equal amounts to all soils at time 0 and it was quantified in soils 

over time using both qPCR (A) and high-throughput DNA sequencing (B). Soils from different 

habitats: agricultural (□), meadow (○), and forest (Δ) were incubated at 50 % WHC and at room 

temperature. Values are treatment averages (n = 4) for each time point. Solid lines in panel A 

indicate the best fitting exponential decay models for the data. The horizontal line in panel B 

indicates the limit of detection (LoD) estimated for DNA sequencing in this assay.  The LoD for 
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qPCR is not shown in panel A because it was 1000 gene copies per reaction and it falls below the 

x-axis. 

 

Figure 5: The initial decay rate of eDNA correlated with soil properties such as total soil C (A), 

total soil N (C), total soil DNA (E), and soil pH (G), but end-point stabilization of eDNA did not 

correlate with any of these soil properties (B, D, F, H; respectively). Symbols are defined in the 

legend provided. Pearson’s correlation coefficient (r) and corresponding p-values are provided. 
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