
LLNL-JRNL-738829

Soil Oxygen Limits Microbial Phosphorus
Utilization in Humid Tropical Forest Soils

A. Gross, J. Pett-Ridge, W. Silver

September 21, 2017

Soil Systems



Disclaimer 
 

This document was prepared as an account of work sponsored by an agency of the United States 
government. Neither the United States government nor Lawrence Livermore National Security, LLC, 
nor any of their employees makes any warranty, expressed or implied, or assumes any legal liability or 
responsibility for the accuracy, completeness, or usefulness of any information, apparatus, product, or 
process disclosed, or represents that its use would not infringe privately owned rights. Reference herein 
to any specific commercial product, process, or service by trade name, trademark, manufacturer, or 
otherwise does not necessarily constitute or imply its endorsement, recommendation, or favoring by the 
United States government or Lawrence Livermore National Security, LLC. The views and opinions of 
authors expressed herein do not necessarily state or reflect those of the United States government or 
Lawrence Livermore National Security, LLC, and shall not be used for advertising or product 
endorsement purposes. 
 



  

  

LLNL-JRNL-738829 

Article 

Soil Oxygen Limits Microbial Phosphorus Utilization 

in Humid Tropical Forest Soils 

Avner Gross 1,3*, Jennifer Pett-Ridge2 and Whendee L. Silver 1 

1 Department of Environmental Science, Policy, and Management, University of California, Berkeley,  

CA94720, USA; wsilver@berkeley.edu 
2 Physical and Life Sciences Directorate, Lawrence Livermore National Laboratory, Livermore, CA94550, 

USA; pettridge2@llnl.gov 
3 Department for Geography and Environmental Development, Ben Gurion University of the Negev,             

Beer-Sheva, 8410501Israel. 

* Correspondence: avner.gross@bgu.ac.il 

Received: date; Accepted: date; Published: date  

Abstract: Soil phosphorus (P) availability is of special interest in many humid tropical forests, 

especially those on highly weathered, iron (Fe)- and aluminum (Al)-rich soils where P often limits 

net primary productivity. P cycling is partly dependent on the ability of microbes to compete for P 

with Fe and Al minerals, which strongly bind P. Soil P availability is indirectly affected by soil 

redox conditions due to its effects on microbial activity and reductive dissolution of Fe oxides that 

may weaken Fe-O-P sorption strength. Here, we explored P sorption, soil Fe (II) concentrations, soil 

CO2 production, organic and inorganic P pools, , , and microbial biomass P in soils that typically 

experience frequent low redox (valley soils), or fluctuating redox conditions (slope soils). Soils from 

both topographic positions were pre-incubated under oxic or anoxic headspaces and then amended 

with a mixture of P (as orthophosphate) and carbon (C, as acetate, to maintain microbial activity) 

and incubated in the dark for 24 h. P sorption to the mineral phase occurred on a time scale of 

seconds to minutes in valley and slope soils, reflecting strong abiotic P sorption capacity. Valley 

soils were characterized by inherently higher Fe(II) concentrations and lower respiration rates. 

Under anoxic headspaces, Fe(II) concentrations increased 3-to 5-fold in the both soils. Soil 

respiration and microbial P utilization declined significantly in both soils under anoxic conditions, 

regardless of Fe(II) concentrations. Microbial P concentrations were highest when slope soils were 

incubated under an oxic headspace, despite the high P sorption under these conditions. Our results 

suggest that microbial P utilization is indirectly limited by low O2 availability and that microbes are 

able to effectively compete with minerals for P under Fe-oxidizing conditions. These results 

emphasize the central role of soil microorganisms in regulating P availability, even in the presence 

of strong abiotic sorption capacity. 

Keywords: phosphorus availability; microbial biomass; tropical soils; iron reduction; anoxic 

conditions 

 

1. Introduction 

P is thought to constrain net primary productivity (NPP) in humid tropical forests growing on 

highly weathered soils rich in Fe and Al minerals [1, 2]. P serves as a key regulator of plant growth, 

organic matter turnover, heterotrophic respiration and microbial activity in these ecosystems [1-6]. 

Because tropical forests store about a quarter of the global terrestrial C stock [7, 8], understanding 

controls on P availability can improve our capacity to model how tropical ecosystems will respond 

to global change [9]. One of the primary reasons for the low biological availability of P in these 
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ecosystems is the high concentration of Fe (hydr)oxides, which can strongly sorb P [10, 11]. In humid 

tropical forests and other soils with high Psorption, soil microorganisms must compete for P with 

the mineral phase to sustain their growth and activity [12, 13]. However, our understanding of the 

factors that shape competition for P between the biological and geochemical components of humid 

tropical soils is limited. 

Theory dictates that sorption dynamics of P are regulated in part by soil redox conditions 

(Figure 1). In tropical forest soils rich in Fe-(hyd)oxides, Fe(III) becomes the dominant terminal 

electron acceptor when O2 becomes depleted [14], a relatively common occurrence in fine-textured 

humid tropical forest soils [15, 16]. The reductive dissolution of Fe minerals may release sorbed P 

and decrease P-sorption strength, thus increasing the biological availability of P [17-20]. In turn, 

when soils become aerated, soluble Fe species are reoxidized. Iron oxidation increases P-sorption 

potential to the soil mineral phase [21], which may decrease P availability to microorganisms. The 

effects of changing redox conditions on microbial activity in humid tropical soils is often overlooked 

in relation to soil P dynamics. Anoxic conditions may slow microbial respiration and activity [14, 15, 

22], decreasing the ability of microbes to utilize P or compete with the mineral phase for soluble P. 

Soil aeration can stimulate microbial activity, and thus may drive an increase in microbial P 

requirements and assimilation potential [23] (Figure 1). 

 

Figure 1. Schematic illustration of the expected effects of redox conditions on Fe oxidation state,         

P sorption and microbial activity. 

Soil redox conditions can fluctuate on time scales of hours to days in humid tropical forest soils, 

where warm perhumid conditions and ample labile C drive high microbial activity and biological O2 

demand, and warm, moist, finely textured soils slow O2 diffusion [15, 16]. In such systems, soil redox 

tends to vary with topography; valley soils experience more frequent low redox conditions due to 

higher soil moisture content in lower topographic zones [14, 15, 24]. Thus, local topography may 

induce indirect controls on the soil P cycle and its biological availability through effects of redox on 

Fe and microbial activity.  

Here we investigated how the relative redox sensitivity of microbial activity and Fe minerals 

regulate P distribution among the microbial, organic and mineral P pools in two highly weathered 

humid tropical forest soils incubated under different redox regimes. Valley and slope soils, that 

naturally have different redox dynamics and histories, were incubated under oxic and anoxic 

headspaces and amended with P (as orthophosphate) and C (as acetate, to maintain microbial 

activity). We tested the hypothesis that microbial biomass P is higher under anoxic versus oxic 

conditions due to decreased Fe-O-P sorption in frequently reduced soils. 
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2. Methods 

2.1. Site Description 

Soils were collected from a humid tropical forest near the El Verde field station in the Luquillo 

Experimental Forest (LEF), Puerto Rico (Lat. 18°18′ N; Long. 65°50′ W). The site is part of the 

NSF-sponsored Long-Term Ecological Research program, a Critical Zone Observatory and part of 

the DOE-sponsored Next Generation Experiment in the Tropics. The mean annual temperature at 

the site is 23 °C and the mean annual rainfall is approximately 3500 mm with low seasonality [25]. 

The forest composition is relatively diverse, with approximately 168 tree species [26]. The soils are 

derived from basaltic to andesitic volcanoclastic sediments and classified as Ultisols. The landscape 

is highly dissected and characterized by short catenas (land surface distance of 10 to 30 m from ridge 

to valley); the short distances lead to similar clay-rich soil texture along catenas [27]. Soils are acidic 

(average pH is 5.0 and 5.2 in valley and slope soils, respectively, Table S1) and contain high 

concentrations of Fe and Al oxides [14]. Surface soils (0–10 cm) were sampled from four random 0.20 

m2 plots each in a valley and an adjacent slope location (valley and slope positions within 10 m). 

Plots within topographic zones were separated by 0.5–1 m intervals. These upland humid tropical 

forest soils experience periodic fluctuations in bulk soil O2 concentrations, oscillating from low (<3%) 

to ambient (21%) concentrations on time scales of hours to days [15, 16]. Bulk soil O2 levels are 

strongly dependent on topography; valley soils experience high magnitude fluctuations and 

frequent low (<3% O2) events while slopes are characterized by lower magnitude fluctuations, less 

frequent low redox events, and average 10–15% O2 after rainfall [15]. Soils in this ecosystem are not 

flooded; instead, low redox events are driven by an abundance of anoxic microsites that form from 

the combination of finely textured soils with low diffusion, high biological activity driven by 

abundant C availability and high microbial activity, and warm, perhumid conditions [15, 16, 28]. 

Microbial function in these soils is highly dependent on bulk soil redox state and responds rapidly 

(minutes to hours) to changes in redox conditions [22, 29-32]. Iron reduction rates and Fe(II) 

concentrations in valley soils are typically more than two orders of magnitude higher than in slopes 

[14]. In addition, reducible short-range order (oxy)hydroxides and organo-Fe complexes (measured 

as citrate/ascorbate-extractable Fe) and chelatable short-range order (oxy)hydroxides (measured as 

oxalate-extractable Fe) decline significantly from slope to valley positions, reflecting inherent 

differences in O2 concentrations [14]. 

2.2. Incubation Experiment 

The soils were shipped to the University of California, Berkeley,  immediately after sampling 

and kept at field moisture and room temperature (approximately 23 °C) during shipping and after 

arrival. Soils were gently homogenized by hand, and visible plant debris, rocks, and soil macrofauna 

were removed. To set up our incubations, we used a factorial experimental design that included soils 

from the four valley and four slope plots, incubated under oxic or anoxic conditions, and amended 

with either a P-plus-C solution (C was added to facilitate utilization of the added P and maintain 

microbial activity similar to field-levels [17]) or distilled deionized (DI) H2O as a control (total 

sample size: n = 32). Approximately 130 g of fresh soil from each plot of the slope soil and 150 g from 

each plot of the valley soil (oven dry weight equivalent (ODW) to 100 g dry soil, see soil moisture 

content in Table S1) were placed in a 487 mL air tight jar within 72 h after collection in the field. Bulk 

oxic and anoxic conditions were created by flushing the jar headspace with either CO2-free air (oxic 

treatment) or N2 gas (anoxic treatment) for 15 min [30, 33]; jars were maintained under these 

headspace conditions for 10 days prior to the addition of solutions to reach oxic or anoxic conditions 

before the addition of the substrate. Anoxic incubation of 10 days was shown to be enough to 

remove most of the oxygen from the microsites in the soil and create large differences in the oxygen 

levels between the oxic and anoxic treatments [33]. After this pre-incubation period, 4 oxic and 

anoxic valley soils and 4 oxic and anoxic slope soils (a total of 16 jars) were amended with a mixture 

of P and C (80 µg P g soil−1 + 100 µg C g soil−1 ODW dissolved in 100 mL DI H2O) in the form of 

potassium phosphate (KH2PO4, Sigma Aldrich St. Louis, MO, USA)) and acetate (an easily 
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fermentable substrate [17]). For the controls, 100 mL of DI H2O was added to samples from the same 

topographic and headspace treatment combinations as described above (n = 16 jars). For the anoxic 

samples, the solutions were amended inside the glove box, after degassing with helium (He) to 

remove traces of O2. The added solutions contained similar P concentrations as is cycled through the 

microbial biomass on weekly time scales at this site [17, 18]; the C amendment was of the same order 

of magnitude as the dissolved organic C concentrations previously measured in these soils [28]. 

After the soils were amended with substrates, they were incubated in the dark, outside (for the oxic 

soils) or inside a glove box (for the anoxic soils) for 24 h at 23 °C to mimic the soil temperature at the 

field site. Samples were incubated under the same redox regime post substrate addition as they had 

experienced during the pretreatment period. After the 24-h incubation period, headspace CO2 

concentrations were analyzed and soil subsamples were collected for iron and soil organic, inorganic 

and microbial P measurements. 

2.3. Iron Measurements 

Redox-sensitive Fe concentrations were measured immediately after the pre-incubation period 

and before the substrate additions using an HCl extraction. The HCl extraction (HCl-Fe) provides an 

index of reactive, adsorbed and some solid phase Fe(II), and the reactive fraction of Fe(III) minerals 

[34], and is a good indicator of reducing conditions. For this extraction, 1 g ODW soil was shaken in 

10 mL 0.5 M HCl for 2 h and filtered through a 22-µm filter paper. Fe(II) and Fe(III) concentrations in 

the HCl extracts were determined colorimetrically using the Ferrozine method [35]. For samples 

treated with an anoxic headspace, the extraction solutions were first degassed with He to remove 

traces of O2, and added to the soils in an anoxic glove box. 

2.4. Soil CO2 Measurements 

Immediately prior to substrate additions, the pre-incubation jars were flushed with either CO2 

free air (for oxic pre-incubations) or N2 gas (for anoxic pre-incubations) to offset the CO2 that 

accumulated in the jar headspace during the pre-incubation period. Then, 24 h after the soils were 

amended with substrates and right before the soils were harvested for chemical analysis, two 

replicate 30 mL gas samples were collected from each jar headspace, and stored in pre-evacuated 

glass vials. Gas concentrations were measured on a gas chromatograph with a TCD detector 

(Shimadzu, Columbia, MD). CO2 gas with a concentration of 997 ppm (PRAXAIR, Danbury, CT, 

USA) served as a standard. Air that was CO2-free (PRAXAIR, Danbury, CT) served as the blank. CO2 

flux rate was calculated based on a two point linear interpretation of the two points over 24 h using 

the CO2 concentration in CO2-free air or N2 as a To, and our measured values at the end of the 

incubation as Tf. Measured CO2 concentrations were corrected for dissolution based on the water 

content of the two soils. 

2.5. P Measurements 

At the end of the 24-h incubation period, soil subsamples were collected for P analysis. The 

extraction solutions used for samples treated with an anoxic headspace were first degassed with He 

to remove traces of O2 and added to the soils in an anoxic glove box. For each incubation jar, two 

different inorganic P pools were extracted sequentially from 5 g (ODW) of soil. In the first step, the 

soil resin P fraction (considered the P fraction that is most immediately available for uptake by 

microorganisms in soils [36, 37]) was extracted by shaking the soil on an orbital shaker with 4 

squares of anion exchange resin membranes (4 × 1 cm, BDH-55164) in 50 mL of DI-H2O for 24 h. The 

P was later eluted from the resin by shaking the membranes for 12 h with 5 mL of 0.2 M HNO3 [38]. 

In the second step, P was extracted using 40 mL of 0.25 M NaOH and 50 mM Na2 EDTA from the 

same soil sample [39]. The NaOH P fraction is thought to represent organic and inorganic P that is 

sorbed to secondary Fe and Al oxides and thus less immediately bioavailable to microorganisms 

(relative to resin P). The NaOH extract was then digested in an autoclave with ammonium persulfate 

((NH4)2S2O8) [40] to determine the total P (organic plus inorganic). To calculate the amount of 
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organic P in the NaOH extract, the concentration of P measured before digestion (assumed to be 

dominantly inorganic NaOH-P) was subtracted from the total P concentration measured after 

digestion. 

We determined microbial P on separate soil subsamples following the method of Kouno et al. 

[41], which is thought to be suitable for soils with high sorption capacity for P. Briefly, 5 g of soil 

(ODW) was shaken for 24 h with 40 mL DI H2O and 4 resin strips (see above) and fumigated (or not) 

with 1 mL hexanol. P was eluted from the resin stripes as explained above. Microbial P was 

determined using the difference between the fumigated and unfumigated soils. Values were 

corrected for microbial P that was not recovered during the fumigation because of incomplete lysis 

(using the common Kp correction factor of 0.4) [42]. To correct microbial P for the proportion of P 

that is sorbed by soil minerals and was not recovered by the resin stripes, (which is an important 

step in soils with high P sorption capacity [43]), 10 g of valley and slope soil subsamples were spiked 

with 50 µg P g−1 soil (as KH2PO4). We found that an average of 35 and 55% of the added P was 

recovered by the resin in valley and slope soils, respectively. These soil-specific corrections were 

included in the microbial P calculation together with the Kp factor. Inorganic P concentrations in 

each of the extracts were determined colorimetrically [44] in duplicate, with an average difference 

between duplicates of 1.3%. We used the ratio of the resin-P, microbial P, NaOH inorganic P and 

NaOH organic P to the sum of the P pools to calculate relative P partitioning. 

2.6. Single Point Sorption Test 

To assess the maximum potential sorption rate of P to the mineral phase, we used a single point 

P sorption test [45]. Briefly, 500 mL of solution containing 50 mg P L−1 (as KH2PO4), 0.002 M CaCl2, 

and 30 drops of toluene (to inhibit microbial activity) were added to 20 g of air-dried soil from 3 of 

the 4 plots sampled from both the valley and slope locations (n = 6, no anoxic or oxic pretreatment) 

and shaken on an orbital shaker. Four replicate of 5 mL subsamples were collected after 5 min, and 

again after 1, 3, 6, 12, 24, and 48 h. The subsamples were centrifuged for 10 min and filtered through 

a grade 42 (2.5 µm) ashless Whatman’s filter paper. The P in these soil extracts was determined 

colorimetrically [44]. The percentage of P sorbed to the mineral phase was calculated as the amount 

of P lost from the soil solution as a percentage of the total P added. 

2.7. Statistical Analysis 

Effects of hillslope position (slope, valley), substrate addition (PC, control), and redox 

treatments (oxic, anoxic) on P, Fe, and soil CO2 production were determined by three-way analysis 

of variance (ANOVA) followed by Tukey’s tests for pairwise comparisons. Data were checked and 

met the assumptions for ANOVA. We used linear regression analyses to explore the relationship 

between microbial P and soil CO2 flux rates. All statistical analyses were conducted in R (version 

3.3.3). Values reported in the text are means plus or minus standard errors unless otherwise noted. 

Statistical significance was determined as p < 0.05 unless otherwise noted. 

3. Results 

3.1. Iron Species 

Initial Fe(II) concentrations, measured on field-fresh soils, were significantly higher in the 

valley than in the slope soils, ranging from 340 ± 10 µg Fe(II) g soil−1 to 53 ± 9 µg Fe(II) g soil−1, 

respectively (Table S1, p < 0.01). Initial Fe(III) concentrations were two orders of magnitude higher 

than Fe(II) at both sites and were significantly higher in valley (5700 ± 190 µg Fe g soil−1) than in the 

slope (1100 ± 70 µg Fe g soil−1, p < 0.01, Table S1). At the end of the oxic incubation, HCl-Fe(II) 

concentrations were significantly higher in the valley soils than in the slope soils (200 ± 9 µg Fe g 

soil−1 and 45 ± 20 µg Fe g soil−1, respectively, p < 0.01, Figure S1). In the valley soils, the HCl-Fe(II) 

concentrations were 5-times higher after incubating under anoxic conditions than under oxic, 

reaching values of 1100 ± 70 µg Fe g soil−1. In slope soils, HCl-Fe(II) was a factor of 4 greater in the 
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anoxic treatment compared to the oxic treatment, reaching values of 210 ± 20 µg Fe g soil−1 (Figure 

S1). Both effects were statistically significant (p < 0.01). 

3.2. Soil CO2 Production 

Soil CO2 production 24-h after the substrates were added was significantly lower in valley soils 

than slope soils for all treatments (Figure 2a,b, Table S2, p < 0.001). In both the valley and slope soil, 

CO2 production was significantly higher with P+C under the oxic headspace in comparison to the 

anoxic headspace (p < 0.05), and in soils that received P+C amendments relative to the controls (p < 

0.001). For the slope soils, the equivalent amount of added acetate C respired after 24 h of incubation 

was 89.9 ± 8.4% in the oxic incubation, as compared to only 55.4 ± 6.1% in the anoxic incubation. In 

the valley, the equivalent amount of added substrate C respired was 6.3 ± 1.6% and 3.6 ± 0.3% in the 

oxic and anoxic incubation, respectively. 

 

Figure 2. CO2 respiration (µg C g soil−1 day−1), microbial and resin P concentrations (µg P g soil−1), and 

partition of P between soil pools (expressed in %) of humid tropical forest soils. (a,c,e) Valley soils. 

(b,d,f) Slope soils. Soils were pre-incubated under either an oxic (O+) or anoxic (O−) headspace and 

amended with P (KH2PO4) and C (acetate) or DI only (control). Note that the range of the Y-axis is 

different for the valley and slope in panels a b and c and d. An asterisk (*) designates statistically 

significant differences between oxic and anoxic treatments (p < 0.01). n = 4 per treatment, per site. 

3.3. PPools 

Microbial P concentrations were significantly higher in slope soils in comparison to valley soils 

in all treatments (Figure 2c,d and Table S2). In valley soils, the P distributions between the resin 

extractable, microbial, NaOH-organic, and -inorganic pools were not significantly affected by 

headspace treatment (Figure 2e and Table S2). Microbial P concentrations were significantly lower 

under an anoxic headspace in comparison to the oxic headspace (p < 0.01) in the slope soil (Figure 
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2d), decreasing from 133.4 ± 10.0 µg P g soil−1 to 102.0 ± 7.0 µg P g soil−1 in the P+C amended soils and 

from 82.1 ± 4.0 µg P g soil−1 to 49.2 ± 7.0 µg P g soil−1 in the control. In slope soils, the P distribution 

between the different P pools was significantly affected by headspace treatment (Figure 2f and Table 

S2). The NaOH-organic P was significantly higher under anoxic conditions in comparison to oxic 

conditions in both the amended soils and the control (p < 0.01, Figure 2f and Table S2). In the slope, 

values increased from 59.1 ± 11.2 µg P g soil−1 to 188.3 ± 24.7 µg P g soil−1 and from 44.6 ± 7.2 µg P g 

soil−1 to 119.8 ± 39.1 µg P g soil−1 under oxic and anoxic conditions, respectively. In contrast, 

NaOH-inorganic P was significantly lower under anoxic conditions in both the amended soils and 

the control, decreasing from 148.4 ± 20.2 µg P g soil−1 to 73.9 ± 30.5 µg P g soil−1 and from 52.2 ± 9.6 µg 

P g soil−1 to 31.0± 2.2 µg P g soil−1 in valley and slope soils, respectively (p < 0.01, Figure 2f and Table 

S2). 

3.4. Single Point P Sorption Test 

The single point sorption test (expressed in percentage) showed that after 5 min of incubation, 

77 ± 12% of the added P had been removed from solution in valley soils (Figure 3a) and P 

concentrations in the soil solution remained constant thereafter, from 5 min to 48 h. In slope soils, the 

added P in solution declined by 45 ± 3% after 5 min, by 88 ± 3% after 24 h, and by 94 ± 5% after 48 h 

(Figure 3b). 

 
(a) (b) 

Figure 3. Single point sorption test for wet tropical forest soils from a valley (a) and slope location (b) 

in the Luquillo Experimental Forest, Puerto Rico. Plots shows the percent of added P (50 mg P L−1) 

remaining in the soil solution over the course of 48 h. 

4. Discussion 

We sought to explore how the redox sensitivity of Fe pools and microbial biomass and activity 

affected soil P availability in humid tropical forest soils with different redox histories. It is generally 

assumed that Fe(II) has lower bonding strength for P than Fe(III), thus soils with greater potential to 

reduce Fe were expected to increase the biological availability of P. We found significantly higher 

HCl-extractable Fe(II) concentrations in valley soils than in slope soils (where bulk redox conditions 

tend to oscillate between more/less oxic), and this effect persisted throughout our incubation 

experiment. Anoxic incubation increased Fe(II) concentrations from soils of both topographic 

positions, but concentrations reached the highest levels in the valley soils. The greater capacity for 

Fe(II) production during anoxic conditions in valley soils suggests a geochemical legacy effect for the 

soils in this topographic position. The higher Fe(III) in valley soils is probably due to the 

accumulation of Fe transported in dissolved form and reprecipitated in valleys during short-term 

oxic events or due to the generation of Fe(III) minerals under anoxic events [46]. Repeated reduction 

of Fe-rich soils can increase the proportion of short-range order, reactive Fe minerals [47], which 

likely contributed to it responsiveness here. 

Short-term soil respiration data provided evidence that anoxic conditions inhibited microbial 

activity and/or overall biomass size. Soil CO2 production after 24 h was an order of magnitude lower 

in the valley soils relative to the slope soils, and the respired C (as a proportion of the acetate-C 

added or as a result of a priming effect) was also significantly lower in the valley soils. It is possible 

that persistence of anoxic microsites in these well-aggregated soils inhibited microbial activity, even 
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when soils were exposed to an oxic headspace [48]. An anoxic headspace significantly lowered 

microbial respiration in both valley and slope soils when P+C were added, but the decrease was 

much greater in the slope soils, supporting the anoxic microsite hypothesis mentioned above. The 

significantly higher Fe(II) concentrations and significantly lower CO2 production rates that we 

measured in the valley soils under both oxic and anoxic headspaces relative to slope soils follows the 

widely accepted hypothesis that anoxic environments favor Fe reduction [46, 49], but at the same 

time likely constrain aerobic respiration of CO2, at least in the short term [14, 22]. 

We have found higher microbial P in oxic conditions in contrast to the common hypothesis that 

microbial biomass P will be higher under anoxic conditions due to decreased Fe-O-P sorption in 

frequently reduced soils. Both valley and slope soils had very high P sorption potential under oxic 

conditions. This implies that microbes may have a relatively short window to assimilate any P 

released during anoxic events before it becomes chemically sorbed to Fe or Al oxides (or potentially 

to soil organic matter) under oxic conditions. If P sorption/desorption was the primary control on 

biological P uptake, then microbial P assimilation should be higher in anoxic soils, assuming the 

microbial biomass size is equal. This is because low redox conditions are generally assumed to result 

in a decrease in Fe-O-P sorption strength and an increase in available P (Figure 1) [17, 18, 20]. As a 

result, the NaOH-Pi (which is indicative to inorganic P that is bound to Fe) is expected to decline 

concurrently with an increase in the resin and microbial P pools. While we measured lower overall P 

sorption in valley soils where low redox events are common, we found significantly lower microbial 

P concentrations than in the slope soils, despite lower sorption potential. Furthermore, an anoxic 

headspace led to lower microbial P in slope soils, even when the soils were amended with P and C. 

The lower microbial P under anoxic conditions may also reflect, in part, a decline in the overall 

microbial biomass size which is expected under O2 stress. In the slope soils, NaOH Pi declined 

significantly under anoxic conditions, probably reflecting the release of Fe-bound P. However, the 

decrease in sorbed Pi was not matched by an increase in microbial P, indicating that microbes were 

unable to utilize the liberated P under low O2 availability. Under more aerated conditions, microbes 

were better able to compete for P even though Fe-O-P sorption strength generally increases under 

oxidized conditions [10, 21]. This explains the higher microbial P that we measured under the oxic 

headspace in slope soils (and in the slope in general) when compared to the valley soils. 

The increased concentrations of NaOH-organic P found in slope soils under anoxic conditions 

were close to the values in the highly reduced valley soils. The high NaOH organic-P under anoxic 

conditions likely reflects the accumulation of NaOH-organic P compounds in the soil, as was 

reported previously in a nearby site [19]. This could be the result of (1) a downregulation in the 

synthesis of extracellular phosphatases under anoxic conditions [50], (2) an increase in microbial 

death that drove the release of cell-internal organic P compounds to the soil [10], or (3) a reduction in 

the ability of soil microbes to mine P from organic matter, which reflects lower microbial activity or 

lower overall biomass. A combination of these factors likely contributed to the higher NaOH-organic 

P measured under anoxic conditions. The control of soil redox conditions on microbial biomass P 

affected the general distribution of P between the soluble, NaOH-organic and NaOH-inorganic P 

pools in the slope soils between oxic and anoxic headspace treatments and between the oxic slope 

treatment and valley in both treatments. This is evidence for the key role played by microbes in 

mobilizing P in highly weathered, Fe oxide-rich humid tropical forest soils [13, 38, 51-53]. Apart for 

microbially-mediated processes, inorganic reactions such as liberation of organic P compounds that 

were occluded or sorbed to oxidized Fe minerals [17, 20, 21] may also contributed to the observed 

accumulation of organic P in the soils. 

In summary, we found lower overall microbial P in soils that have a legacy of low redox 

conditions, and less sensitivity of valley soils to anoxic headspace conditions relative to the more 

aerated slope soils. Microbial P declined under anoxic conditions on slopes. The lower soil 

respiration of the valley than slope soils overall, and the decline of soil respiration under anoxic 

conditions on slopes suggests that the size or activity of the microbial biomass P pool may be limited 

by O2 availability in this ecosystem, at least in the short-term. However, further investigation is 

needed to understand the exact mechanisms. Our results suggest that low redox conditions, whether 
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chronic (as in the valley) or periodic (on slopes) influences the soil P cycle through biological 

constraints imposed on the amounts of P cycled through the microbial biomass. 

Supplementary Materials: The following are available online at www.mdpi.com/link, Figure S1: Soil Fe (II) 

concentrations, Table S1:  Soil properties, Table S2: P concentrations and soil CO2 production 
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