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Abstract: 

Introduction: Castor (Ricinus communis L.) seeds are valued for their production of oils which can 

comprise up to 90% hydroxy-fatty acids (ricinoleic acid). Castor oil contains mono-, di- and tri- ricinoleic 

acid containing triacylglycerols (TAGs). Although the enzymatic synthesis of ricinoleic acid is well 

described, the differential compartmentalization of these TAG molecular species has remained 

undefined.  

Objectives: To examine the distribution of hydroxy fatty acid accumulation within the endosperm and 

embryo tissues of castor seeds.  

Methods: Matrix assisted laser desorption/ionization mass spectrometry imaging (MALDI-MSI) was used 

to map the distribution of triacylglycerols in tissue sections of castor seeds. In addition, the endosperm 

and embryo (cotyledons and embryonic axis) tissues were dissected and extracted for quantitative 

lipidomics analysis and Illumina-based RNA deep sequencing.  

Results: This study revealed an unexpected heterogeneous tissue distribution of mono-, di- and tri- 

hydroxy-triacylglycerols in the embryo and endosperm tissues of castor seeds. Pathway analysis based 

on transcript abundance suggested that distinct embryo- and endosperm-specific mechanisms may exist 

for the shuttling of ricinoleic acid away from phosphatidylcholine (PC) and into hydroxy TAG production. 

The embryo-biased mechanism appears to favor removal of ricinoleic acid from PC through 

phophatidylcholine: diacylglycerol acylytransferase (PDAT) while the endosperm pathway appears to 
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remove ricinoleic acid from the PC pool by preferences of phospholipase A (PLA2α) and/or 

phosphatidylcholine: diacylglycerol cholinepshphotransferase  PDCT.    

Conclusions: Collectively, a combination of lipidomics and transcriptomics analyses revealed previously 

undefined spatial aspects of hydroxy fatty acid metabolism in castor seeds. These studies underscore a 

need for tissue-specific studies as a means to better understand the regulation of triacylglycerol 

accumulation in oilseeds.  
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Introduction: 

Ricinus communis L., also known as castor, is a tropical and subtropical perennial shrub widely recognized for 

production of both the unusual hydroxylated fatty acid (HFA) ricinoleic acid (18:1-OH) and the toxin ricin in its 

seeds.  In castor HFA can comprise up to 90% of its seed fatty acid composition (da Silva Ramos et al. 1984). 

The chemical properties of castor oil, including its increased oxidative-stability, high viscosity, and alcohol 

solubility (Asadauskas et al. 1997; Ogunniyi 2006), have made it a highly valued commodity with widespread 

uses in lubricants, cosmetics and even as a biodiesel fuel (Cesar and Batalha 2010; Mutlu and Meier 2010; Yao 

et al. 2010). Despite the economic value and worldwide demand for castor oil, the cultivation of castor plants is 

limited in the United States due to the presence and abundance of the toxin, ricin and other proteins that can 

elicit allergic reactions in humans (Knight 1979; Lord et al. 1994). Consequently, the US is among the world’s 

largest importers of castor oil, sourcing it primarily from China, India, and Brazil (Ogunniyi 2006). 

In castor seeds, ricinoleic acid is synthesized by hydroxylation of oleic acid (18:1) at the sn-2 position of 

phosphatidylcholine (PC) by a fatty acid hydroxylase (RcFAH), an evolutionarily-diverged variant of the fatty acid 

desaturase 2 (FAD2) (van de Loo et al. 1995a). After formation of ricinoleic acid, it is edited out of PC and 

incorporated into triacylglycerol (TAG) by either acyl-CoA- dependent or -independent mechanisms (Bates 2016; 

Bates and Browse 2012). Castor typically contains ~45-55% oil (TAG) in their seeds, of which 45-50% of the 

total oil is composed of tri-ricinolein (TAG-54:3-3OH), i.e., TAG containing a ricinoleic acid moiety at each of the 

three sn-position of the glycerol backbone (Burgal et al. 2008). In addition to tri-ricinolein, other TAG molecular 

species contain one or two ricinoleic acid moieties, yielding mono-hydroxy and di-hydroxy TAGs occur at ~10 

mol% and 40 mol%, respectively (Burgal et al. 2008). Currently, little is known about the mechanisms that 

influence the proportions of mono-, di- or tri-ricinoleic acids in castor TAGs.  
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Over the past two decades considerable efforts have sought to identify the molecular machinery involved in the 

production of hydroxy-fatty-acid-containing TAGs in castor and express these factors in other oilseed crops. In 

castor, many of the enzymes in the Kennedy (Kennedy and Weiss 1956) and Lands (Lands 1958) pathways 

have been shown to have some specificity toward ricinoleic acid, ricinoleoyl-CoA, or a ricinoleate-related 

metabolites. These enzymes include a phospholipase A2 α (RcPLA2α; (Bayon et al. 2015)), lysophosphatidic 

acid-acyltransferase (RcLPAT2; (Arroyo-Caro et al. 2013)), phosphatidylcholine: diacylglycerol 

cholinephosphotransferase (RcPDCT; (Hu et al. 2012)), phospholipid:diacylglycerol acyltransferase (RcPDAT; 

(Kim et al. 2011; van Erp et al. 2011)), and a diacylglycerol acyltransferase 2 (RcDGAT2; (Burgal et al. 2008; He 

et al. 2004)). Open reading frames for many of these enzymes, either individually or in combination, have been 

expressed in Arabidopsis seeds in conjunction with RcFAH in an attempt to boost HFA content in its seed oil. As 

a result, HFA content in Arabidopsis transgenic seeds has ranged from ~17% with expression of RcFAH alone 

(Broun and Somerville 1997) to ~31% in Arabidopsis transgenic lines co-expressing RcDGAT2 and RcPDAT1a 

with a reduced expression of the corresponding endogenous Arabidopsis orthologues (van Erp et al. 2015; Lunn 

et al. 2018). Despite the steady progress in HFA accumulation in heterologous systems such as Arabidopsis, 

the amounts accumulated are still well below the 75-90% HFA content found in castor seeds, suggesting 

additional strategies are needed to reach higher levels that are desirable for industrial feedstocks.  

Recently, analytical techniques such as matrix assisted laser desorption/ionization-mass spectrometry imaging 

(MALDI-MSI) have been used to analyze the in situ localizations of plant metabolites (Sturtevant et al. 2016). In 

seeds, including Brassica napus (S. Lu et al. 2018; Woodfield et al. 2017), Camelina sativa (Marmon et al. 2017; 

Horn et al. 2013b; Yu et al. 2018), Zea mays (Feenstra et al. 2017) and Gossypium hirsutum (Horn et al. 2012; 

Sturtevant et al. 2017b), MALDI-MSI has revealed that frequently individual TAG molecular species and other 

lipid metabolites are differentially compartmentalized within different seed tissues. Furthermore, when MALDI-

MS imaging was coupled to other omics techniques, such as RNA-Seq analysis of dissected tissues, surprising 

and formerly undocumented relationships were revealed in metabolite distributions that were suggested to be 

modulated by the underlying molecular mechanisms (S. Lu et al. 2018). The anatomy of castor seeds differs 

from most dicot oilseeds in that most of the oil is stored in the large volume of endosperm tissue that persists in 

the mature seed. The embryo proper, consisting of two thin cotyledons and an embryonic axis, is sandwiched 

between the large endosperm tissue (Fig. 1A). Here, MALDI-MSI and ESI-MS/MS analysis of developing, and 

mature castor seed revealed that mono-/di- HFA TAG molecular species were enriched in the embryo tissues 

relative to the endosperm, whereas tri-HFAs were more enriched in the endosperm tissues. Transcriptional 

analysis using RNA-Seq was conducted on mRNAs from dissected embryo and endosperm tissues to unravel 

gene expression differences that may contribute to the heterogeneous distributions of mono-/di- and tri-hydroxy 

TAG. Surprisingly, pathway analysis suggested that differences in acyl editing mechanisms between the embryo 

and endosperm contributed to the maximum accumulation of three ricinoleic acid molecules per triacylglycerol 

in the endosperm. Subtle differences in lipid-droplet packaging machinery may also contribute to a more efficient 

accumulation of ricinoleic acid into triacylglycerol in the endosperm tissue. These insights into the spatial 

differences of HFA incorporation into TAG will be important to consider in developing strategies to improve HFA 

production in other oilseed crops.  

Results: 

In-Situ Spatial Distributions of Triacylglycerols in Developing Castor Seeds 

In developing and mature castor seeds, the distributions of ricinoleic-acid-containing TAGs in situ were 

determined using MALDI-MS imaging analysis (Fig. 1). Lipid distributions from the MALDI-MS images were 

shown with corresponding bright-field images of the seed sections to show the endosperm and embryo 

(embryonic axis and cotyledons) tissues. MALDI-MS images of TAG molecular species were presented as false-

colored images, where green represents the minimum intensity and red represents the maximum intensity. The 

MALDI-MS images presented here were normalized by plotting each TAG molecular species as its mol% relative 

to the TAG lipid class. Additionally, the MALDI-MS images for each molecular species were scaled to clearly 

visualize the tissue-specific differences in distribution (Woodfield et al. 2017). 
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The MALDI-MS images revealed that there were differences in the relative tissue compartmentalization of di-

hydroxy containing TAGs (enriched in the embryo tissues), and tri-hydroxy TAGs (enriched in the endosperm). 

These distributions were exemplified for di-hydroxy TAG-54:4-2OH (18:1-OH/18:1-OH/18:2) and tri-hydroxy 

TAG-54:3-3OH (18:1-OH/18:1-OH/18:1-OH; Fig. 1B-C). It was previously reported that castor seeds accumulate 

lower amounts of di-hydroxy TAG relative to tri-hydroxy TAG (Burgal et al. 2008), however our results show that 

di-and tri-hydroxy TAGs are compartmentalized differentially between the embryo and endosperm tissues, 

respectively. 

To examine this relationship further, the distributions of these molecular species were compared through seed 

development at 20, 30, and 35 DAF as well as in mature (60 DAF) seeds to determine when these distributions 

were established. The MALDI-MS images revealed that the distributions of di-hydroxy TAG-54:4-2OH (18:1-

OH/18:1-OH/18:2) and tri-hydroxy TAG-54:3-3OH (18:1-OH/18:1-OH/18:1-OH) were consistent throughout seed 

development (Fig 1). This suggests that the heterogeneous distributions of di-and tri-hydroxy containing TAGs 

were established early in development and persisted through seed maturation.  

Confirmation of Acyl-Composition of Di-and Tri-hydroxy TAGs using MALDI-MS/MS  

The high mass resolution of the Orbitrap mass spectrometer used for our MALDI-MS imaging studies allows 

assignments of lipid species identities with high confidence.  Nevertheless, we confirmed the TAG identities and 

acyl composition through MS/MS fragmentation (Fig. 2). By way of examples, the acyl compositions of TAG 

54:4-2OH and TAG 54:3-3OH were determined by MALDI-MS/MS analysis from matrix covered lipid extract 

spots of whole castor seeds. The fragment peaks used to make acyl identification represent the mass of the 

parent ion minus the mass of the respective acyl chain (e.g. linoleate (18:2), ricinoleate (18:1-OH)). These 

fragmentation breaks were illustrated in red in the TAG structure diagrams in Fig. 2. The MALDI-MS/MS spectra 

of TAG 54:4-2OH (Fig. 2A), showed three peaks, the parent ion peak at m/z 937.746 [M+Na]+, a fragment peak 

at m/z 657.505 [54:4-2OH - 18:2]+ corresponding to a loss of linoleate, and a second, and approximately 2X 

greater, fragment peak at m/z 639.495 [54:4-2OH - 18:1-OH]+ corresponding to a loss of ricinoleate. These 

results confirmed that the acyl-composition of TAG 54:4-2OH is 18:1-OH/18:1-OH/18:2. By contrast to the 

TAG54:4-2OH, the MALDI-MS/MS spectra of TAG 54:3-3OH (Fig. 2B) showed two peaks, the parent ion peak 

at m/z 955.756 [M+Na]+ and a single fragment peak at m/z [54:3-3OH - 18:1-OH]+ corresponding to the loss of 

ricinoleate. The presence of a single fragment peak confirmed that the acyl-composition of TAG 54:3-3OH is 

18:1-OH/18:1-OH/18:1-OH. This approach can confirm the composition of acyl chains with certainty, but not the 

stereospecific position of the acyl groups on the glycerol backbone.  

ESI-MS Quantification of TAGs and PCs in Lipid Extracts from Endosperm and Embryo Tissues 

Although MALDI-MS imaging is an excellent approach for determining the relative distributions of lipid molecular 

species, absolute quantification is currently not possible using MALDI-MS analysis alone due to several factors 

including in-source fragmentation and ion suppression (Sturtevant et al. 2016). Other  massspectrometry 

approaches are necessary to confirm and validate MALDI-MS imaging results. Here, total lipids were extracted 

from the embryo and endosperm tissues of mature castor seeds. The tissue extracts were analyzed for TAG 

composition and the TAG intermediate, phosphatidylcholine (PC), by direct infusion ESI-MS/MS (Li et al. 2014; 

Welti et al. 2002). The ESI-MS/MS results confirmed that the average mol% of the tri-hydroxy TAG 54:3-3OH 

was significantly lower in the embryo tissue whereas the di-hydroxy TAG 54:4-2OH was significantly higher in 

the embryo tissue at both early and late stages of seed maturation (p < 0.01). With the exception of TAGs 54:3-

2OH and 54:4-1OH, all other mono- and di-hydroxy containing TAGs were significantly higher in the embryo 

tissues compared to the endosperm, which contained greater than 45 mol% TAG 54:3-3OH at all seed stages 

examined (Fig. 3A). In addition to comparing individual hydroxyl-containing TAG molecular species, the average 

mol% values were summed for all the molecular species of the mono-, di-, and tri-hydroxy containing TAGs, 

respectively, and amounts compared between the embryo and endosperm tissues (Fig 3B). The summed 

average mol% values for mono- and di-hydroxy containing TAGs were significantly higher in the embryo tissues 

compared to the endosperm at each developmental stage (Students two tailed t-test, n=6, p < 0.01). Conversely, 
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there was a significant lower (p < 0.01) corresponding proportion in tri-hydroxy containing TAG in the embryo 

compared to the endosperm at each developmental stage.  

During ESI-MS/MS analysis, m/z peaks corresponding to dehydration products of hydroxy TAG were also formed 

in addition to their intact parent ion peaks (ammonium adducts) (Fig. S1). A TAG with one, two or three ricinoleic 

acid moieties can undergo one dehydration event per hydroxy group. These dehydration events are likely an 

effect of electrospray ionization and in source fragmentation of the hydroxy groups from ricinoleic acid moieties 

in hydroxy TAG. These peaks were identified at m/zs 880.00, 882.30, 884.39, and 898.26. Consequently, the 

relative abundances of hydroxyl-TAGs were corrected for these dehydration events as described in the methods 

and included in the total quantified distributions (Fig. 3A, B). 

Since the hydroxylation of fatty acids occur on PC, we also analyzed the PC composition of lipid extracts from 

castor embryo and endosperm tissues at early and late stages of seed maturation. We did not detect any 

hydroxy-containing PC at any stage, which is consistent with previous findings that hydroxy-fatty acids are 

removed and do not accumulate in the PC pool (van de Loo et al. 1995a). Additionally, we found no significant 

differences in the PC composition between the embryo and endosperm tissues at any developmental stage (Fig. 

3C), although there were curious, substantial overall developmental differences in PC composition between early 

and late stages of seed maturation over both seed parts. Coupled with the MALDI-MS imaging results, these 

ESI-MS analyses of dissected tissues, further support a previously unrecognized difference in the TAG 

composition between the embryo and endosperm tissues of castor seeds.   

RNA-Seq Analysis of Endosperm and Embryo Tissues 

The finding that mono-/di-hydroxy and tri-hydroxy TAGs were differentially enriched in embryo and endosperm 

tissues, respectively, warranted further investigation into the transcriptional differences that might be responsible 

for these metabolite differences. Embryo and endosperm tissues from mature seeds were dissected, and 

mRNAs were isolated and subjected to sequencing and whole transcriptome profiling and analysis (n=6 per seed 

part; Illumina Nextseq, 2x75bp reads). Transcript abundance  was quantified by mapping RNA-Seq reads onto 

Ricinus communis transcriptome using Salmon software (Patro et al. 2017), followed by differential gene 

expression analysis using DESeq2 (Love et al. 2014). Gene expression levels were calculated and reported in 

terms of normalized counts. 

Principal components analysis (PCA) of the 10,000 most variant transcripts at a confidence interval of 0.99 

clearly separated the embryo and endosperm tissues in their first (47.8% variance) and second principal 

components (14.1% variance; Fig. S2). A total of 22,444 transcripts were identified in the castor seed tissues 

(embryo + endosperm), and 7,788 of these were found differentially expressed between the two seed parts 

(FDR-adjusted p-value, *q < 0.05). Of the 7,788 differentially expressed genes, 3,660 were differentially 

expressed in the embryo, and 4,128 were differentially expressed in the endosperm tissues. The transcript data 

for the genes involved in TAG synthesis and in lipid droplet packaging were selected for more detailed 

investigation. 

Figure 4 shows the steps and corresponding genes in castor seeds for the Kennedy and Lands pathways leading 

to TAG accumulation. Gene names are labeled with a colored box that indicates the fold-difference (Log2) in 

transcript abundance between the embryo and endosperm tissues, and whether the differences in the transcript 

abundance were significant (n=6, * q < 0.05, ** q < 0.01). Fold changes are illustrated on a green to red scale, 

where green shades represent fold differences biased towards the embryo, red shades represent fold differences 

biased towards the endosperm, and yellow shades represent no/negligible differences. In addition to the fold 

changes in Figure 4, the absolute levels of selected gene transcripts involved in the Kennedy and Lands pathway 

are plotted as box plots in Figure S3 (n=6, *q < 0.05, **q < 0.01). 

Based on transcript abundance, the capacity for hydroxylation seems unlikely to account for the differences in 

relative amounts of ricinoleic acid incorporated into TAG in the seed tissues. Transcripts for the RcFAH, which 

hydroxylates oleic acid to ricinoleic acid at the sn-2 position of PC, were biased significantly towards the embryo 

tissues (*q < 0.05), yet embryo tissues were less enriched in tri-ricinoleic acid containing TAGs relative to the 
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endosperm. In both tissues, transcripts for RcGPAT9, RcPAP2/3, RcPLDα, and RcLPCAT were similar in 

distribution between endosperm and embryo, and so these steps also were unlikely to contribute to differences 

in distributions of mono-/di-hydroxy and tri-hydroxy TAGs. On the other hand, several LPATs, which incorporate 

an acyl-CoA to the sn-2 position on the glycerol backbone, were differentially expressed between the seed 

tissues (Fig. 4, S3).  

The RcLPAT2, RcLPAT4 and RcLPAT5 isoforms were significantly expressed, and their transcript abundances 

were elevated in the endosperm tissue. In addition, RcPLA2α (**q < 0.01) and RcPDCT (*q < 0.05) were 

significantly differentially expressed in endosperm tissue relative to the embryo. Together, these steps are likely 

to contribute to the efficient removal of ricinoleic acid from PC for its incorporation into TAG, and likely contribute 

to the enhanced accumulation of tri-hydroxy TAG in the endosperm relative to the embryo. Interestingly, and in 

contrast to the RcLPAT2/RcPLA2α/RcPDCT transcript abundances, the transcripts encoding both RcPDAT1 

and RcPDAT2 were enriched preferentially in the embryo tissues (**q < 0.01), suggesting that in embryos, the 

efficient removal of ricinoleic acid from the PC pool may be contributed more by PDAT activity than PLA2α or 

PDCT. Additionally, transcripts of RcFAD2 were similarly enriched in the embryo, consistent with the metabolite 

distribution data showing that TAG 54:4-2OH (18:1-OH/18-1-OH/18:2), containing a linoleic acid moiety, was 

preferentially localized to the embryo. Taken together, tissue-specific transcript differences for several TAG 

biosynthetic enzymes offered metabolic explanations and insights for the observed heterogeneity of TAG 

molecular species.  

Ultimately, mono-, di-, and tri-hydroxy TAGs are stored in cytoplasmic lipid droplets in the seed tissues. We 

therefore asked whether genes involved with neutral lipid packaging and storage were differentially expressed 

in embryos relative to the endosperm. In Figure 5, the cartoon image depicts the major lipid droplet proteins on 

a forming lipid droplet as well as with their corresponding fold-differences (Log2) and gene expression 

significance. In addition to the fold-differences shown in Figure 5, the absolute levels of select gene transcripts 

involved in neutral lipid packaging and storage are plotted as box plots in Figure S4 (n=6,  *q < 0.05, **q < 0.01). 

Genes encoding most lipid droplet proteins were highly significantly expressed (**q < 0.01) in the endosperm 

tissues relative to the embryo, including RcOleosin1, RcOleosin2, RcSteroleosin-Like-5, RcCaleosin1, 

RcLDAP1, and RcSeipin1. Generally, these expression differences likely reflect the endosperm’s large capacity 

to store neutral lipid. Of the genes encoding lipid-droplet packaging proteins, only RcSeipin2 was significantly 

expressed and biased towards the embryo tissues. Little is known about the selectivity of Seipins for neutral lipid 

species, but the differential expression of the two Seipin isoforms here could perhaps be associated with the 

differences in TAG composition between the embryo and the endosperm tissues. 

Several of the above genes in TAG metabolism and compartmentalization were evaluated by real-time 

quantitative (RT-q)PCR in seed tissues earlier in development-- in 30 DAA seeds (Fig. S5). Transcript levels 

were normalized to elongation factor 1 b, EF1b, and were plotted relative to expression in embryo tissues. 

Expression levels of FAH, GPAT9 and PDAT1 genes in endosperm showed no significant difference from their 

expression in the embryo (P > 0.05), whereas PDAT2 showed a significant difference between the embryo and 

endosperm (P < 0.0001).  Although not calculated to be significant, trends similar to those in mature seeds (Fig. 

4, 5, S3, S4) for higher transcript levels of LDAP1, LPAT4 and PLA2 were observed in endosperm relative to 

the embryo tissues (Fig S5).  

 

Discussion 

Heterogeneous Distributions of HFA TAGs in Castor Seed Sections 

Castor seeds comprise a large endosperm that surrounds a smaller embryo consisting of two thin cotyledons 

and an embryonic axis (Fig. 1A). As the embryo develops the cotyledons elongate to line the interior of the 

endosperm (compare Fig. 1A 20, 30, 35 DAF). In experiments in this study the embryo weight averaged between 

10-18 mg, which was approximately 5% of the total seed weight of mature seeds. The rates of total lipid synthesis 

of castor (cv. Hale) endosperm and embryo were previously determined, where the endosperm began lipid 
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accumulation ~5 days earlier than the embryo, and at the peak stage of lipid synthesis, the endosperm 

accumulated  6X greater lipid amount (mg/embryo part; (Greenwood et al. 1984)) . Outside of the aforementioned 

study little attention has been paid to the lipid content or composition of the castor embryo, especially in regard 

to differences in metabolites or enzymatic pathways leading to TAG synthesis.  

Here, MALDI-MS imaging of castor seed sections revealed striking and intriguing differences in the distribution 

patterns of HFA containing TAGs. This was especially evident when comparing the distributions of di- and tri-

HFA containing TAGs, which were enriched in the embryo and endosperm tissues, respectively (Fig. 1B-C). 

These differential accumulations of di- and tri-HFA TAGs would be obscured using more common solvent-based 

extraction and analysis methods in whole seeds, highlighting the utility of MALDI-MS imaging for demonstrating 

the heterogeneity and complexity of lipid distributions in situ. Heterogeneity of lipid metabolites appears to be a 

prevalent feature in oilseeds (Sturtevant et al. 2018) that can now be extended to castor seeds. In castor seeds, 

these differences in HFA TAG distributions appeared to be established early in development and persist 

throughout seed maturation (Figs. 1, 3), suggesting that tissue-specific expression of enzymes involved in these 

distributions also were established early in development. These results with developing castor seeds were 

consistent with previous findings in Brassica napus (cv. Westar seeds) where heterogeneous distributions of 

TAG and PC metabolites were set early in seed development and persisted to later stages of maturation 

(Woodfield et al. 2017). 

The complexity of HFA-TAG distributions in castor was confirmed using ESI-MS/MS analysis to analyze lipid 

extracts of individual endosperm and embryo tissues. Complementary to the MALDI-MS imaging results, the 

total mol% of the mono- and di-HFA TAGs were all significantly enriched in the tissues of the embryo, whereas 

tri-HFA TAG was significantly enriched in the endosperm tissues (Student’s two tailed t-test, p < 0.01). Validation 

of MALDI-MS imaging experiments is critical for confirming metabolite heterogeneity in tissue sections since 

several factors can influence perceived metabolite distributions in sections. Poor tissue section handling, 

incorrect location of section, artifacts of MALDI matrices, and in-source fragmentation by MALDI-MS imaging, all 

can lead to incorrect assignments of metabolites and low-quality MALDI-MS images that can easily be mis-

interpreted. In our MALDI-MS experiments, we have taken care to compare conclusions derived from MS 

imaging in situ with more quantitative MS approaches in tissue extracts of dissected tissues. 

In addition to ESI-MS analysis of TAGs, the PC content and composition also were analyzed since PC is an 

important intermediary metabolite in TAG synthesis. In seeds of castor, the PC acyl composition is comprised of 

non-hydroxyl fatty acids primarily 16:0, 18:0, 18:1, 18:2 and 18:3, as ricinoleic acid appears to be selectively 

removed from PC to protect membrane of integrity from oxidative damage (van de Loo et al. 1995a). In other 

oilseeds including Arabidopsis thaliana (Sturtevant et al. 2017a), Camelina sativa (Marmon et al. 2017), and 

Brassica napus (Woodfield et al. 2017; S. Lu et al. 2018), PC distributions are highly heterogeneous, with distinct 

metabolite distributions existing for the endosperm, embryonic axis, inner cotyledon, and outer cotyledons. 

Surprisingly in castor, there were no significant differences detected in the composition/distribution PC molecular 

species between the embryo and endosperm analyzed by either ESI-MS/MS (Fig. 3C) or MALDI-MSI (not 

shown). One possible hypothesis for the homogeneous composition and distribution of PC is that as the primary 

fatty acid in TAG in castor is ricinoleic acid, so perhaps the machinery for TAG metabolism is largely focused on 

removal of ricinoleic acid from the PC pool. Therefore, there may be less acyl editing of non-hydroxlyated fatty 

acids out of the PC pool and into TAG, leaving PC species that contribute to membrane homeostasis in both 

seed parts. However, experimental evidence to support or refute such a hypothesis is mostly lacking, except that 

substrate biases toward ricinoleic acid for several PC utilizing enzymes have been reported (described below).   

Embryo and Endosperm Mechanisms for Removal of Ricinoleic Acid from PC 

Analysis of transcriptome data in the context of the pathways leading to TAG accumulation suggested metabolic 

explanations for the heterogeneity of HFA-TAG species (Fig. 4; Fig. S3).  Transcripts of RcLPAT, RcPLA2α and 

RcPDCT were differentially abundant in the endosperm/embryo tissues, and all were significantly greater in the 

endosperm. The RcLPAT2 isoform was previously shown to have specificity towards ricinoleoyl-CoA in vitro 

(Arroyo-Caro et al. 2013), when ricinoleoyl-LPA was used as the acyl-acceptor. Although RcLPAT4/5 were not 
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tested in these studies, phylogenetically they were shown to be more closely related to the LPAT2/3 family than 

the LPAT1 family of LPATs. Furthermore, castor RcLPAT2 expression in Physaria fendleri, increased the 

production of ricinoleic acid incorporation from 2% to 14-17% and increased tri-hydroxy fatty acid TAGs from 5% 

to 13-14% (Chen et al. 2016). The enrichment of transcripts for several LPAT isoforms in the endosperm 

therefore, especially one with demonstrated preference for ricinoleoyl-CoA, offered a mechanism for enriching 

ricinoleic acid at the sn-2 position of TAG in the endosperm. Conversely, the reduced expression in the embryo 

of the LPATs with preference for ricinoleic acid likely accounted for a lack of enrichment of ricinoleic acid in TAG. 

Moreover, like RcLPAT2, the recombinant castor RcPLA2α was shown previously to have high specificity for 

ricinoleic acid in yeast microsome activity assays (Bayon et al. 2015). Our transcriptome results showed that 

castor RcPLA2α  was differentially expressed in endosperm tissues compared to the tissues of the embryo (**q 

< 0.01). This result would support that after oleic acid is hydroxylated to ricinoleic acid on PC, it is edited out by 

RcPLA2α and is available to enter the acyl-CoA pool for incorporation into any acyl position of TAG by acyl-CoA-

dependent acyltransferases.  In this way the endosperm, more so than the embryo, has a ricinoleic acid- enriched 

acyl-CoA pool for TAG assembly.  

Another possible mechanism for enriching ricinoleic acid in TAG in endosperm is through PDCT (also known as 

Reduced Oleate Desaturation1 -ROD1); (C. Lu et al. 2009)), a bidirectional enzyme which catalyzes the transfer 

of the phosphocholine head group between PC and diacylglycerol (DAG). Transcripts for RcPDCT were elevated 

at significantly higher levels (*q < 0.05) in the endosperm tissues compared with the embryo. Hu et al., (2012) 

previously showed that PDCT from castor could efficiently direct ricinoleic acid into TAG (Hu et al. 2012). In 

conclusion, the transcriptomes of endosperm and embryos supported several mechanisms for enriching 

ricinoleic acid in TAG, and together are likely to be responsible for the differential distributions of mono-, di-, and 

tri- HFA containing TAG molecular species in castor seeds.  

It is notable that while RcLPAT2,4,5, RcPLA2α, and RcPDCT were expressed at higher relative levels in the 

endosperm, RcPDAT1 and RcPDAT2 transcripts were significantly higher in embryos (Fig. 4; Fig. S3). These 

trends for LPAT4, PLA2, and PDAT2 also were evident earlier in development (Fig. S5). The PDAT enzymes, 

catalyze the acyl-CoA independent formation of TAG by transferring the acyl-group from the sn-1 or -2 position 

of PC to the sn-3 position of DAG. Like RcLPAT2 and RcPLA2α, castor RcPDAT1 was previously demonstrated 

to have specificity for ricinoleic acid (Kim et al. 2011; van Erp et al. 2011). Based on these and previous findings, 

the castor embryo may rely more on PDAT activity over PLA2α activity for preferentially removing ricinoleic acid 

from the PC pool for incorporation into TAG.  

Our results suggest that the embryo and endosperm of castor seeds have two spatially distinct ways to remove 

ricinoleic acid from PC. In the endosperm PLA2α and PDCT are likely the preferred mechanisms, whereas, in 

the embryo this editing function is contributed largely through the PDATs. These different editing activities also 

help to explain the differences in distributions of the mono-/di- and tri-hydroxy TAGs.  

Packaging and Storage of Hydroxy-TAGs  

Recently, renewed attention has been focused on the mechanisms of lipid droplet packaging as an important 

contributor to seed oil accumulation (Pyc et al. 2017). Hence, we examined transcript differences for lipid droplet 

packaging/storage proteins among the castor endosperm and embryo (Fig. 5; Fig. S4). Transcript abundances 

were significantly higher in endosperm compared to embryo for many lipid droplet packaging proteins including 

two oleosins, a steroleosin-like protein, caleosin, two lipid droplet associated proteins LDAPs (Horn et al. 

2013a)), and Seipin1 (Cai et al. 2015). These increased transcript abundances likely reflect a higher general 

capacity for oil accumulation in the endosperm compared with the embryo. Oleosins, caleosins and seipins were 

recently shown to be expressed at a higher level in seed tissues of a high-oil, Brassica napus genotype compared 

with corresponding tissues in a low oil genotype (S. Lu et al. 2018). Additionally, overexpression of Arabidopsis 

Seipin1 (AtSeipin1) in RcFAH expressing Arabidopsis seeds increased the amount of HFA in total oil by 62%, 

largely through an increase in overall seed oil content (34). On the other hand, these packaging proteins may 

have subtle preferences for HFA-containing TAGs. For example, expression of a castor oleosin in Arabidopsis 

RcFAH12/fae transgenics boosted the HFA content from 17% to 21% when compared to transgenics with 
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RcFAH12/fae alone (C. Lu et al. 2006). The Seipin family of endoplasmic reticulum (ER) localized proteins, in 

part, is thought to stabilize the ER and lipid droplet junction while also channeling lipid droplet proteins and 

neutral lipids into the lipid droplet (Cai et al. 2015). Due to their role in funneling neutral lipid into forming lipid 

droplets, it is possible the differences in expression between Seipin 1 and Seipin 2, could contribute to the 

differences in packaging of mono-/di- and tri-hyrdoxy TAGs in the embryo and endosperm, respectively, but this 

remains to be determined experimentally. In any case, there were tissue-biased differences in lipid droplet 

packaging proteins which likely contributes to overall oil accumulation and may provide subtle contributions to 

heterogeneity of TAG molecular species.  

Overall, our studies provide a better-resolved picture of hydroxy fatty acid accumulation in castor seeds, one 

that includes a spatial context and tissue-specific differences in ricinoleic acid metabolism. With a growing list 

of examples for tissue heterogeneity of storage lipid metabolism in oilseeds (Sturtevant et al. 2018), a more 

directed and detailed examination of lipid metabolism at the tissue-specific level likely will be required to gain a 

complete understanding of the precise biochemical mechanisms that regulate lipid accumulation in seeds. 

 

Methods:  

Castor Plant Germination and Growth Conditions 

Castor (Ricinus communis L.) seeds (van de Loo et al. 1995b) were soaked in water and incubated at 37°C for 

one day. The soaked seeds were then germinated in pot soil BM2 Germinating Mix (Berger, Watsonville, CA). 

Plantlets were transferred to larger pots and grown under 22°C and supplemented light to provide 16 h light / 8 

h dark period in the green house.  

Developing seeds were collected at 20, 30, and 35 days after flowering and the seed coats were removed. 

Immediately after collection, seeds were vacuum infiltrated with 4.0% paraformaldehyde in 50 mM PIPES NaOH 

pH 7.2 for 12 hours. Fixed seeds were washed three times in 50 mM PIPES NaOH pH 7.2 for 20 minutes under 

vacuum. Seeds were stored in final wash until embedded for MALDI-MS imaging, less than 48 hours.  

Sectioning and MALDI-MS Imaging of Castor Seeds 

A 10% solution of gelatin (Porcine, 300 Bloom, Sigma Aldrich) was prepared for embedding by dissolving gelatin 

and water in a microwave for approximately 2 minutes. The gelatin solution was covered and put into a 40 °C 

water bath for 2 hours to dissipate any bubbles and equilibrate the gelatin to 40°C. 

The fixed developing seeds in 50mM PIPES NaOH pH 7.2 were removed from the buffer and any excess 

moisture was removed. Mature seeds were de-coated prior to embedding. All seeds were embedded in the 

prepared 10% gelatin solution. The gelatin-embedded seeds were frozen at -80 °C for 12 hours, then transferred 

to -20 °C for 4-7 days prior to sectioning (Sturtevant et al. 2017a).  

Seeds were sectioned in a Leica Cryo-microtome (CM1950, Leica Biosystems) at 40 µm thickness, collected 

with CryoJane collection tape (Leica Biosystems) and placed on Superfrost Plus glass slides coated with double 

stick tape (Fisher Scientific). Tissue sections were lyophilized for 12 hours, then stored in a benchtop desiccator 

under vacuum. 

Tissue sections used for MALDI-MS imaging were coated with 2,5- dihydroxybenzoic acid (DHB) by sublimation 

in a protocol adapted from Hankin et al. (Hankin et al. 2007). Matrix-coated tissues were subjected to MALDI-

MS imaging on a high resolution MALDI-LTQ-Orbitrap-XL mass spectrometer (ThermoScientific) and the 

conditions for imaging were as follows: Laser energy 12uJ/pulse, 10 laser shots per step, 1 sweep shot per step, 

and at a raster step size of 40 µm. 

MALDI-MS imaging data were processed using open source software, Metabolite Imager (Horn and Chapman 

2014) and plotted as mol% on a green to red color scale, with red representing the highest intensity. Images of 

TAG molecular species are sums of the intensities of the [M+K]+ and [M+Na]+ adducts. 
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MALDI-MS/MS Analysis of Castor Lipid Extracts 

For confirmation of compositions, castor seed lipids were extracted and analyzed by MALDI-MS/MS by spotting 

5 μl of 1:10 diluted total lipid extract on a Superfrost Plus slide (Fisherbrand), dried under a stream of nitrogen 

gas, and coated with 2,5-DHB matrix by sublimation. MS2 spectra were determined for hydroxyTAGs, including 

TAG-54:3-3OH and 54:4-2OH (Fig. 2). The mass spectrometric conditions used for the fragmentation of 54:3-

3OH (tri-ricinolein) included: laser energy 12 μJ/pulse, 10 laser shots per step, normalized collision energy of 28, 

and an activation time of 30 ms, selecting for the sodiated parent ion mass of m/z 955.80 for 50 steps and 

collected across an m/z range of 260-1000. The conditions for the fragmentation of 54:4-2OH were identical with 

the following exceptions: normalized collision energy of 31 and selecting for the parent ion mass of m/z 937.70 

across an m/z range of 255-1000. Data were averaged across the 50 steps and exported from Xcalibur software 

(ThermoScientific) for further analyses. 

Tissue Preparation for Lipid Extracts and RNA Extraction 

Castor seeds were de-coated and imbibed in ice-cold water and stored on an ice-bath for 12 hours, at 4 °C. After 

imbibition seeds were briefly, < 2.0 minutes, infiltrated with ice-cold water under vacuum. The seed tissues of 

the embryo and endosperm were dissected on ice then flash frozen in liquid nitrogen for RNA extraction, or used 

directly for lipid extraction. 

Lipid extraction from Ricinus communis seeds 

Two seeds, or tissues of seeds, of R. communis were used per replicate for a total of six replicates. Lipids from 

dissected tissues (endosperm, embryo, and whole seed) were extracted as previously described (Chapman and 

Moore 1993) . Each sample received 1.0 ml of 70 °C isopropanol with 0.01% butylated hydroxytoluene (BHT, 

w/v) with glass beads prior to homogenization by bead beating for 40 sec (Biospec Mini-Bead-Beater-16, 

Bartlesville, OK, USA). Tubes were washed with an additional 1.0 ml of 70°C isopropanol.  Then extracts were 

incubated at 70 °C for 30 min to inactivate any endogenous phospholipase activity. After incubation, 1.0 ml of 

chloroform and 0.45 ml of distilled water were added along with a standards mix containing 10.0 μg of 

triheptadecanoin (Sigma-Aldrich, ca. no. T2151) and 40 μg of dimyristoyl phosphatidylcholine (Avanti Polar 

Lipids, ca. no. 850345) per sample. Samples were extracted overnight at 4°C. Extracted samples were 

partitioned with the addition of 1.0 ml of chloroform and 2.0 ml of 1.0 M KCl. The organic layer was washed three 

times with 2.0 ml of 1 M KCl, aspirating off the KCl after each wash. The organic layer was evaporated to dryness 

under a stream of nitrogen gas. Dried samples were resuspended in 1.0 ml of chloroform until prepared for 

analysis by ESI-MS. 

ESI-MS Analysis of Total Lipids Extracts 

Lipid extracts were diluted 1:100 in chloroform/methanol/500 mM ammonium acetate (1:1:0.02, v/v/v). Samples 

were analyzed by direct infusion ESI-MS using an API 3000 triple quadrupole mass spectrometer (Applied 

Biosystems). The following parameters were set during analysis: injection rate of 10 μl/min, source temperature 

of 100°C, curtain gas of 10, nebulizing gas of 8, ionspray voltage of +5500 V, declustering potential of 100 V, 

with other parameters left at default setting. Triacylglycerols were analyzed as [M + NH4]+ and quantified from 

Q1 scans from a mass range between 650 to 1000 m/z with a scan time of 1.0 sec. Each peak was further 

confirmed by MS2 scans with the following additional parameters: collisional energy of 35 V and collisional cell 

exit potential of 14 V. Additionally, neutral loss scans for loss of neutral ammoniated fatty acid fragments were 

used to further confirm peak identities from Q1 and MS2 scans (Li et al. 2014). Phosphotidylcholines were 

analyzed and quantified as [M + H]+ using precursor ion scans for the loss of the choline headgroup of mass 184 

m/z (Welti et al. 2002). Precursor ion scan parameters were the same used as described above with the 

exception of collisional energy set to 40 V and scanned between a mass range of 650 to 850 m/z. Data were 

collected using Analyst software, exported as individual text files, and then analyzed and quantified using mMass 

software (Strohalm et al. 2010). 

Quantification of ESI-MS/MS Results 
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To account for each possible dehydration event for each TAG species, the protonated dehydrated TAG masses 

were calculated and assigned to the peaks determined to be dehydrated TAGs. For the peak at m/z 880.00, 

three hydroxy-TAG were capable of producing this same m/z including, 54:3-3OH with a loss of 3 H2O, 54:4-

2OH with a loss of 2 H2O, and 54:5-1OH with a loss of a single H2O. The peak at m/z 882.30 corresponds to 

54:3-2OH with a loss of 2 H2O and 54:4-1OH with a loss of one H2O. The peak at m/z 884.39 corresponds to 

54:2-2OH with a loss of 2 H2O and 54:4-1OH with a loss of one H2O. And finally, the m/z peak at 898.26 

corresponds to 54:3-3OH with a loss of 2 H2O and 54:4-2OH with a loss of one H2O. No other peaks predicted 

to be dehydrated TAGs had overlapping isobaric masses. 

In order to account for intensities from the dehydrated m/z peaks, the intensities of dehydrated peaks were 

divided proportionally, and this proportion was determined by the fractional value calculated from the intact parent 

ion mass intensity of each overlapping TAG species. For example, the peak at 880.00 corresponded to three 

possible hydroxy TAG (54:3-3OH, 54:4-2OH, 54:5-1OH) with varying degrees of dehydration. First the sum total 

of the intensity (I) for each peak was calculated using the intact parent ion mass intensity that corresponded to 

the ammoniated adduct. 

Isum = I54:3-3OH + I54:4-2OH + I54:5-1OH 

Then the proportion of that sum was calculated for each participating TAG species by dividing each individual 

TAG species parent ion mass intensity by the sum value of all the intensities. 

a = I54:3-3OH / Isum 

b = I54:4-2OH / Isum 

c = I54:5-1OH / Isum 

This fractional value was then multiplied by the m/z peak intensity corresponding to the dehydrated TAG to 

calculate the amount of the intensity from that peak estimated to come from the overlapping TAG species by the 

number of dehydration events. The resulting value was added back to the intensity for each individual TAG 

species that corresponded to the ammonium adduct parent ion. 

 

[54:3-3OH] = I54:3-3OH + (a * I880) 

[54:4-2OH] = I54:4-2OH + (b * I880) 

[54:5-1OH] = I54:5-1OH + (c * I880) 

 

This calculation was repeated for each m/z peak corresponding to a protonated dehydrated hydroxy TAG mass. 

Note that the differentiation between a dehydrated hydroxy TAG and an intact hydroxy TAG (e.g. 54:3-3OH with 

the loss of one H2O vs. 54:4-2OH) was whether the mass is protonated, indicating a dehydration event, or 

ammoniated, indicating an intact parent ion. Mol percent values were calculated for each TAG species by using 

the adjusted intensity values that included both intact and dehydrated TAG, as described above, divided by the 

sum of all TAG intensities. 

RNA Extraction, Sequencing and Bioinformatics Analysis 

Total RNA was extracted from separated endosperm and embryos from six seeds (n=6, of each seed part) using 

a combined hot borate and Qiagen Kit RNA extraction method  adapted from Wu et al. (Wu et al. 2002). RNA 

was assessed for quality and quantity using a Bioanalyzer 2100 (Agilent Genomics) and Qubit (ThermoFisher 

Scientific), respectively. Prior to RNA sequencing, mRNAs were selected by Oligo d(t) magnetic beads (Illumina),  
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fragmented to ~300bp, then used to create a cDNA library using the TrueSeq library preparation kit (Illumina). 

Sequencing was performed using an Illumina Next-Seq 500 on a paired end 2 X 75bp Mid-Output cassette.  

Trimmomatic (v0.32) software was used to trim tail regions of raw reads matching the adapter sequence, and 

employed a 4-base sliding window to scan and cut reads when the average Phred score dropped below 20, 

keeping only the reads that were 25 bases or more post-modification (Bolger et al. 2014). Read qualities and 

read lengths were assessed by FastQC prior to gene expression analysis. Average read length was 60 bp and 

read counts are listed in Supplementary Table 1. Gene expression analyses of transcripts were done using 

Salmon (v0.11.3; (Patro et al. 2017)), using the default settings with the exception of calling --validateMappings, 

--rangeFactorizationBins (4), and --numbootstraps (100). The reference transcriptome used for mapping was the 

NCBI Ricinus communis Annotation Release 100. Differential gene expression analysis was conducted using 

DESeq2 (v3.7; (Love et al. 2014)). Gene expression significance was calculated as q-value (*q < 0.05, **q < 

0.01), which is a modified p-value accounting for false discovery rate rather than false positive rate (Storey and 

Tibshirani 2003). The DESeq2 package pcaExplorer was used to generate the PCA plot. 

RNA extraction and RT-qPCR   

RNA from endosperm and embryo of 30 DFA castor seeds was extracted as described (Wu et al., 2002). RNA 

quality and concentration were assessed with NanoDrop ND-1000 and cDNA was prepared from the RNA using 

SuperScript IV VILO MasterMix (with ezDNase exzyme; Invitrogen). RT-qPCR reactions were prepared with 

SsoAdvanced Universal SYBR Green Supermix (Bio-Rad) reaction mix and carried out on a CFX96 Real-time 

PCR Detection System (Bio-Rad).  EF1B/elongation factor 1-beta was used as the internal control.  Primers for 

FAH and other genes are listed in Supplementary Table 2. RT-qPCR values are presented relative to each genes 

expression in the embryo.  All data are means SD (n = 3 independent biological replicates), and p values were 

calculated using mean crossing point deviation analysis computed by the relative expression (REST) software 

algorithm (Pfaffl et al., 2002). 
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Figure Legends: 
 
Figure 1. MALDI-MS imaging of medial longitudinal castor seed sections. 
A) Bright field microscopy images of castor seed sections with arrows indicating endosperm and embryo 
tissues. Sections are of castor seeds at 20, 30, and 35 days after flowering (DAF) and of mature seed (60 
DAF). MALDI-MS images of castor seeds for di-hydroxy TAG-54:4-2OH at m/zs 937.7473 [M+Na]+ and 
953.720 [M+K]+  (B) from 0 to 30, and tri-hydroxy TAG-54:3-3OH m/zs 955.757 [M+Na]+ and 953.720 [M+K]+ 
(C) from 0 to 150 on a green to red color scale. 

 
 
Figure 2. MALDI-MS/MS of hydroxy TAG-54:4-2OH and 54:3-3OH. 
(A) MS2 spectrum of hydroxy TAG-54:4-2OH [M + Na]+ with structure depiction indicating fragmentation of 
ricinoleate (m/z 639.495) and linoleate (m/z  657.505), and (B) hydroxy TAG-54:3-3OH [M + Na]+ (ricinolein) 
indicating fragmentation of ricinoleate (m/z 657.505). 
 
 
Figure 3. ESI-MS of hydroxy TAG and PC from Castor seed endosperm and embryo tissues. 
Mol% of hydroxy TAG (A) and PC (B), and combined mono-, di-, and tri-hydroxy TAG (C) from castor seed 
endosperm and embryo tissues. (n = 6, ± S.D.) 
 
 
Figure 4. Gene expression differences between castor seed tissues in Kennedy and Lands metabolic 
pathways. 
Depiction of metabolic pathways and genes leading to TAG biosynthesis in castor. Color scale indicates 
expression bias towards embryo tissues (green) or towards endosperm tissues (red) and represent a Log2 fold 
change of expression levels. (n=6, *q < 0.05, **q < 0.01). G3P, glycerol-3-phosphate; LPA, lyso phosphatidic 
acid; PA, phosphatidic acid; DAG, diacylglycerol; TAG, triacylglycerol; FFA, free fatty acid; LPC, lyso 
phosphatidylcholine; PC, phosphatidylcholine; GPAT, glycerol-3-phosphate acyltransferase; LPAT, lyso 
phosphatidic acid acyltransferase; PAP, phosphatidic acid phosphatase; DGAT, diacylglycerol acyltransferase; 
PDAT, phospholipid: diacylglycerol acyltransferase; FAH, fatty acid hydroxylase; FAD, fatty acid desaturase; 

LPCAT; lyso  phoshphatidylcholine acyltransferase; PLA2, phospholipase A2; PLD, phospholipase D 
 
 
Figure 5. Differences in gene expression of lipid packaging proteins 
Cartoon representation of forming lipid droplet in the ER membrane with attached lipid droplet proteins. Color 
scale indicates expression bias towards embryo tissues (green) or towards endosperm tissues (red) for select 
genes of lipid droplet proteins and represent a Log2 fold change of expression levels. (n=6, *q < 0.05, **q < 
0.01) 
 
 
Supplementary Figure 1. ESI-MS spectrum of extracted castor oil and overlapping dehydrated m/z 
peaks. 
Mass spectrum of directly infused extracted castor oil from m/z 875 to 960 indicating peaks of protonated 
dehydrated hydroxy-TAG and their respective corresponding ammoniated parent ions. 
 
 
Supplementary Figure 2. Principal components analysis (PCA) of variant genes between castor 
endosperm and embryo tissues. 
PCA of endosperm (blue) and embryo (red) tissues at first (47.82% variance) and second (14.08% variance) 
principal components. 
 
 
Supplementary Figure 3. Absolute gene transcript levels from select genes of Kennedy and Lands 
pathways. 
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Box and whisker plots of normalized counts for transcripts of genes in the Kennedy or Lands pathways 
significantly greater (A) or lower (B) in endosperm tissues (gray) relative to embryo tissues (white). (n=6, *q < 
0.05, **q < 0.01) 
 
 
Supplementary Figure 4. Absolute gene transcript levels from select genes of lipid droplet packaging 
proteins. 
Box and whisker plots of normalized counts for transcripts significantly greater (A) or lower (B, Seipin2) in 
endosperm tissues (gray) relative to embryo tissues (white). (n=6, *q < 0.05, **q < 0.01) 
 
Supplementary Figure 5. Relative transcript levels of select genes in the endosperm and embryos of 30 
DAF seeds determined by RT-qPCR. Expression levels of FAH, GPAT9 and PDAT1 genes in endosperm 
showed no significant difference from their expression in the embryo (P > 0.05), whereas PDAT2 showed a 
significant difference between the embryo and endosperm (P < 0.0001). RT-qPCR values are presented 
relative to the expression of each gene in the embryo.  All data are means SD (n = 3 independent biological 
replicates), and p values were calculated using mean crossing point deviation analysis computed by the 
relative expression (REST) software algorithm (Pfaffl et al., 2002). 
 
 

Supplementary Table 1: 

Tissue Type and 
Replicate 

Number of Paired 
End Read 

Sequences 

Embryo_1 14,534,152 
Embryo_2 13,491,698 
Embryo_3 13,431,992 
Embryo_4 12,491,446 
Embryo_5 11,712,741 
Embryo_6 12,221,613 
Endosperm_1 8,314,953 
Endosperm_2 8,435,431 
Endosperm_3 9,794,136 
Endosperm_4 10,009,306 
Endosperm_5 14,352,719 
Endosperm_6 8,830,683 

 

 

Supplementary Table 2:  Sequences of primers used for RT-qPCR 

FAH-qF TGCTGACCTCGGAATCTTTG 

FAH-qR GATGAGCCATAGCGTGGAATAG 

GPAT9-qF  GGCCTAGCATTCGACCTAAA  

GPAT9-qR ACCAGATACAACCAACACTCTC 

LPAT4-qF GGGTTCATTGGATGCAGTTTATG 

LPAT4-qR CAAGTAGCAGCCTCACTATCAG 

PLA2a-qF  GGCCTTGATGCTTGTTGTATG  
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PLA2a-qR  CTTGGCATTTGCTTCCTTTGA  

LDAP1-qF CAGTCTGTGAAGGTGTGGATTA 

LDAP1-qR CCACAGGAACCAAAGGAAGA 

PDAT1-qF GATTGACTCGGACATGGGATT 

PDAT1-qR ACCTGCAGTCTGGGTATTATTG 

PDAT2-qF GATACCTCGGTTGGTGATAGTG 

PDAT2-qR  GTGCGAATACCGGATGGATTA  

EF1B-qF AGCTGTTGGAGTGAGAGTTG 

EF1B-qR  CTCCTCTGCTGCCTTCTTATC  

EF1a-qF ATGGTGATGCTGGGTTTGT  

EF1a-qR  GTCCTTCTTCTCAACGCTCTT  
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